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SUMMARY 
Utilization of non-edible biomass as a source of renewable carbon can assist the 

transition to a sustainable bioeconomy. Such biomass includes non-edible plant 

materials commonly referred to as lignocellulose. Lignocellulose is a complex material 

mainly composed of cellulose, a variety of additional polysaccharides collectively 

referred to as hemicellulose, and lignin, which evolved in plants to confer rigidity and 

durability against mechanical and biological damage. The resistance to degradation can 

be overcome by employing specialized biocatalysts (enzymes) produced by 

microorganisms that exploit the biomass as a source of energy. Biocatalysts acting on 

the polysaccharides include hydrolytic enzymes (glycoside hydrolases; GHs), such as 

endoglucanases, cellobiohydrolases and hemicellulases, and oxidative enzymes called 

lytic polysaccharide monooxygenases (LPMOs). The catalytic modules of the enzymes 

are often attached to carbohydrate-binding modules (CBMs) that adhere to the 

substrate. Some lignocellulose-degrading organisms thrive in harsh environments that 

may resemble desired conditions in industrial bioprocessing, and bioprospecting of 

such organisms can provide enzymes with traits that are suitable for industrial 

applications. The performance of enzymes at industrially relevant conditions and other 

parameters such as substrate preference may be enhanced by enzyme engineering. This 

thesis describes three studies aimed at finding novel enzymes for processing of 

lignocellulosic biomass and one study aimed at engineering enzyme properties. 

 

Paper I describes a GH6-CBM2 endoglucanase (mgCel6A) discovered through 

metagenome mining of a bacterial community isolated from rice straw inoculated with 

compost and incubated at high temperature. The characteristics of the enzyme did 

indeed reflect the high temperature of its origin, including an apparent melting 

temperature (Tm) of approximately 76 °C, optimal activity in overnight reactions at 60 

°C, and retention of 90% residual activity after exposure to 65 °C for 24 hours. The 

crystal structure of the catalytic domain was solved and showed a catalytic cleft 

consistent with an endoglucanase mode of action. Removal of the CBM2 proved to be 

beneficial at high substrate concentrations (i.e. industrially relevant conditions), 

showing that the presence of CBMs needs consideration when optimizing enzymes for 

industrial use. 
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Paper II describes a novel hemicellulase, namely a GH10 xylanase (AMOR_GH10A), 

identified from a metagenome collected from hot sediments near the deep-sea vents of 

the Arctic Mid-Ocean Ridge. The enzyme was clearly thermostable with an apparent Tm 

of 85 °C and optimal activity at 80 °C, but was also dependent on NaCl at levels roughly 

equivalent to seawater.  In the absence of salt, thermal stability decreased and catalytic 

activity was virtually abolished. AMOR_GH10A displayed an unusually broad substrate 

specificity and high activity towards cellulosic substrates. The enzyme contains an 

additional domain the function of which could not be predicted. Binding studies with 

various polysaccharides showed that this domain is a novel type of CBM, and the domain 

became the founding member of the CBM85 family.  

 

Paper III describes the characterization of an LPMO (mgLPMO10A) derived from a rice 

straw/compost metagenome and with oxidative activity on cellulosic substrates at high 

temperatures (at least up to 80 °C) and an apparent Tm of 83 °C. The enzyme displayed 

a clear synergistic relationship with two cellobiohydrolases and a commercial cellulase 

cocktail. LPMOs are copper dependent enzymes that can only oxidize the substrate 

when they coordinate a copper ion in the active site. Interestingly, the experiments 

showed that, while the non copper-saturated LPMO sample was about 20-fold less active 

compared to the copper-saturated sample, the two samples provided similar synergistic 

effects when combined with cellulases. This observation may have implications for 

optimizing the amount of LPMOs used in industrial bioprocessing of biomass. 

 

Paper IV describes the engineering and characterization of chitin-active mutants of a 

naturally cellulose-active LPMO. Tuning of the substrate specificity was achieved 

through the design of a rational mutant library consisting of 4320 mutants that were 

screened for chitinolytic activity using a high-throughput MS-based method. The chitin-

active mutants displayed high activity in the initial phase of chitin-degradation, but they 

seemed to be more rapidly inactivated compared to naturally chitin-active LPMOs. 

While the selected mutants showed reduced thermal stability, activity studies led to the 

conclusion that the low operational stability of the mutants is due to self-inactivation by 

oxidative damage. This sensitivity to oxidative damage may reflect non-optimized 

binding to chitin, which could lead to imprecise coordination of the oxidizing reactive 

oxygen species, thus increasing the risk for non-productive LPMO reactions. 
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SAMMENDRAG 
Anvendelse av ikke-spiselig biomasse som en kilde til fornybart karbon kan bidra til å 

etablere en bærekraftig bioøkonomi. Disse karbonkildene omfatter plantebasert 

biomasse som ofte betegnes som lignocellulose. Lignocellulose er et komplekst 

materiale som hovedsakelig består av cellulose, hemicellulose, og lignin. Planter utviklet 

disse komponentene for å skaffe seg strukturell styrke og motstandsdyktighet i møte 

med mekaniske og biologiske trusler. Spesialiserte biokatalysatorer (enzymer) som 

produseres av mikroorganismer som utnytter denne biomassen som en energikilde kan 

imidlertid benyttes for å overvinne denne motstandsdyktigheten. Biokatalysatorer som 

bryter ned strukturelle polysakkarider omfatter hydrolytiske enzymer (glykosid 

hydrolaser; GHer), slik som endoglukanaser, cellobiohydrolaser og diverse 

hemicellulaser, og oksidative enzymer kjent som lytiske polysakkarid-

monooksygenaser (LPMOer). Det katalytiske domenet av disse enzymene er ofte knyttet 

til en karbohydratbindende modul (CBM) som binder til substratet. Noen lignocellulose-

nedbrytende organismer trives i tøffe miljøer som ligner forholdene i industriell 

bioprosessering, og enzymer med egenskaper som er særlig egnet for industrielt bruk 

kan dermed oppdages via bioprospektering av slike organismer. Enzymenes potensiale 

ved industrielt relevante forhold og på industrielle substrater kan optimaliseres 

ytterligere ved hjelp av enzym «engineering». Denne avhandlingen inneholder tre 

studier av lignocellulose-aktive enzymer oppdaget ved hjelp av bioprospektering, samt 

et studie hvor egenskaper i et enzym ble modifisert ved hjelp av «engineering».  
 

Artikkel I beskriver en GH6-CBM2 endoglukanase (mgCel6A) som ble oppdaget i 

metagenomiske data hentet fra et bakterielt samfunn isolert fra risstrå inokulert med 

kompost og inkubert ved høy temperatur. Enzymets egenskaper gjenspeiler miljøet det 

stammer fra, med blant annet et smeltepunkt (Tm) på ca. 76 °C, optimal aktivitet i 

overnatt reaksjoner ved 60 °C, samt at det beholdt 90 % aktivitet etter å ha vært 

eksponert for 65 °C i 24 timer. Krystallstrukturen til det katalytiske domenet ble 

bestemt og viste en katalytisk kløft som samsvarer med at enzymet virker som en 

endoglukanase. Å fjerne CBMen viste seg å være fordelaktig ved høye 

substratkonsentrasjoner (dvs. industrielt relevante forhold), noe som tilsier at 

tilstedeværelsen av CBMer bør vurderes ved optimalisering av enzymer til industrielt 

bruk.  
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Artikkel II beskriver en hemicellulase (en GH10 xylanase; AMOR_GH10A), som ble 

oppdaget i et metagenom isolert fra varme sedimenter langs den arktiske 

Midthavsryggen. Enzymet hadde termostabile egenskaper, inkludert en Tm på 85 °C og 

optimal aktivitet ved 80 °C, men var samtidig avhengig av NaCl i konsentrasjoner på nivå 

med sjøvann. I fravær av salt ble stabiliteten redusert og katalytisk aktivitet nærmest 

forsvant. AMOR_GH10A viste en usedvanlig bred substratspesifisitet og høy aktivitet 

mot cellulose-baserte substrater. Enzymet inneholdt tilsynelatende ytterligere et 

domene, men dets funksjon kunne ikke predikeres på grunn av lav sekvensidentitet med 

kjente proteiner. Bindingsstudier med ulike polysakkarider viste at dette domenet er en 

ny type CBM, og dette domenet danner grunnlaget for CBM85 familien.  
 

Artikkel III beskriver karakteriseringen av en LPMO (mgLPMO10A) hentet fra et 

risstrå/kompost metagenom og med oksidativ aktivitet på cellulosesubstrater ved høye 

temperaturer (opp til minst 80 ° C), samt en Tm på 83 °C. Studier med forskjellige 

enzymkombinasjoner viste tydelige synergistiske effekter når LPMOen ble kombinert 

med to cellobiohydrolaser eller en kommersiell cellulasecocktail. LPMOer er 

kobberavhengige enzymer som kun kan oksidere substratet når et kobberion 

koordineres i det aktive setet, og en ikke-kobbermettet LPMO-prøve var omtrent 20 

ganger mindre aktiv enn en kobbermettet LPMO-prøve. Til tross for dette viste 

eksperimentelle data at ikke-kobbermettet LPMO ga like store synergieffekter med 

cellulaser som kobbermettet LPMO. Dette er en interessant observasjon som kan ha 

betydning for optimalisering av mengden LPMO i enzympreparater for bioprosessering. 
 

Artikkel IV beskriver kitinaktive mutanter konstruert med utgangpunkt i en naturlig 

celluloseaktiv LPMO. Modifisering av substratspesifisitet ble oppnådd ved å lage et 

rasjonelt mutantbibliotek for det celluloseaktive enzymet bestående av 4320 mutanter, 

som deretter ble screenet for kitinaktivitet ved bruk av en «high-throughput» metode 

basert på massespektrometri (MS). Det ble påvist relativ høy initialaktivitet for et utvalg 

av de kitinaktive mutantene, men disse viste seg å bli raskere inaktivert sammenlignet 

med en naturlig kitinaktiv LPMO. Mutantene hadde redusert termisk stabilitet, men 

aktivitetsstudiene med kitin antydet at den lave stabiliteten trolig skyldes selv-

inaktivering som følge oksidativ skade. Sensitiviteten mot oksidativ inaktivering kan 

gjenspeile ikke-optimalisert binding til kitin, ettersom dette kan føre til unøyaktig 

koordinering av den reaktive oksygenforbindelsen som dannes under katalyse, og 

dermed øke risikoen for ikke-produktive (selvdestruktive) LPMO reaksjoner. 
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1 INTRODUCTION 
 

1.1  Biomass 
The term biomass encompasses all organic matter associated with living or recently 

living organisms.  

Microfossil records and geochemical traces offer convincing evidence for the presence 

of structurally complex life on Earth that date back to 3400-3800 million years ago 

(Lowe and Tice, 2006, Awramik, 1992, Schopf, 1993, Mojzsis et al., 1996), suggesting 

that the earliest and simplest forms of life came into existence at a time point prior to 

this. Earth was formed approximately 4500 million years ago, but harsh surface 

conditions due to the absence of liquid water that first formed around 4300 million 

years ago (Mojzsis et al., 2001) and the “late heavy bombardment” era of massive meteor 

impacts that dominated the planet until approximately 3800 million years ago, could 

easily have hampered the establishment of permanent life (Nisbet and Fowler, 1996, 

Nisbet and Sleep, 2001, Sleep, 2010). However, recent carbon isotopic measurements 

indeed suggest that a biosphere harbouring ancient life existed 4100 million years ago 

(Bell et al., 2015) and putative fossilised microorganisms from seafloor hydrothermal 

vents could be as old as 4290 million years (Dodd et al., 2017).  

The earliest living organisms likely were single-celled anaerobes that inhabited aquatic 

environments (Martin and Sousa, 2016, Canfield et al., 2006). Some hypothesize that the 

ancestral organisms were thermophiles originating from deep-sea hydrothermal vents 

where volcanic activity supplied organic molecules, because such environments were 

most likely to survive “hot ocean bottlenecks” caused by meteor impacts (Nisbet and 

Fowler, 1996, Nisbet and Sleep, 2001).  

Marine cyanobacterium-like microorganisms had acquired a complex metabolic 

pathway known as anoxic photosynthesis by 3500 million years ago (Tice and Lowe, 

2004, William Schopf, 2011), which gave them the ability to exploit the unlimited energy 

of sunlight to reduce inorganic compounds into organic compounds (i.e. biomass). 

Photosynthesis revolutionized life on Earth and the course of evolution when 

phototrophic microbes gained the ability to use water as an electron donor for reduction 

of carbon dioxide, an evolutionary event that turned photosynthesis into an oxygenic  
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process with molecular oxygen as the by-product of biomass formation. In essence, 

oxygenic photosynthesis employs solar energy and water to fixate carbon dioxide into 

organic molecules known as carbohydrates, where the initial splitting of water 

molecules delivers reducing power and simultaneously releases oxygen (Nowicka and 

Kruk, 2016, Janssen et al., 2014, Barber, 2017). Over hundreds of millions of years, the 

phototrophs changed the composition of the Earth’s atmosphere by accumulating 

molecular oxygen through photosynthesis (Buick, 2008, Dietrich et al., 2006), which in 

turn enabled highly efficient aerobic metabolisms to develop and accelerated the 

evolution of advanced multicellular organisms (Dismukes et al., 2001). 

Complex organisms that arose in the wake of these events included the ancestors of land 

plants, fungi, insects, and crustaceans, which were all exposed to a selection pressure 

for developing structural components that could provide resilience to mechanical (e.g. 

the forces of gravity and wind) and biological challenges (e.g. invading organisms) in 

their environment (Duchesne and Larson, 1989). In multicellular land plants, which 

arose around 500 million years ago (Morris et al., 2018), the ability to stretch vertically 

towards the sunlight in the competition for energy provided an evolutionary advantage. 

This advantage drove the evolution of complex plant cell walls, including cell-wall 

embedded carbohydrates known as cellulose and hemicellulose (Duchesne and Larson, 

1989). In parallel evolutionary events (the oldest known fossil being 505 million years 

old; Ehrlich et al., 2013), organisms such as fungi and arthropods (e.g. insects and 

crustaceans; i.e. invertebrates with an exoskeleton) underwent evolutionary processes 

where a conspicuously similar but nitrogen-containing carbohydrate called chitin was 

incorporated to provide structural integrity.  
 

1.1.1  Structural carbohydrates embedded in biomass  
Carbohydrates, initially recognized as “hydrates of carbon” with the general but not 

absolute molecular formula of Cn(H2O)n, are organic compounds also known as 

saccharides or sugars (Hon, 1994). The basic constituents are referred to as 

monosaccharides or simple sugars, which attain distinct ring-shaped configurations 

that usually consist of five carbons (pentoses) or six carbons (hexoses), as exemplified 

in Fig. 1A. Examples of monosaccharides include glucose, galactose, fructose, ribose, 

mannose, xylose, and arabinose. Monosaccharides can assemble into disaccharides  
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such as sucrose, maltose, and lactose (Fig. 1), where two sugar units are joined by a 

covalent bond known as a glycosidic linkage (Hon, 1994). Glycosidic linkages can occur 

at various positions of the sugar rings and are named according to which carbons of the 

individual sugars are adjacent to the glycosidic linkage, and according to the orientation 

of the linkage (i.e. α or β, which refers to the configuration of the anomeric carbon, C1; 

see Fig. 1). Importantly, in glucose polymers, the β-orientation generates a much more 

stable polymer than the α-orientation, as every α-glycosidic bond bends slightly and 

ultimately generates a helical (spiral-like) structure, whereas the straight β-glycosidic 

bond allows more stable packing of multiple individual chains with a linear structure 

(Winger et al., 2009). 

 

Figure 1. Carbohydrate structures and the glycosidic bond. Three common disaccharides 

are displayed with numbered carbon atoms to denote which carbons of the sugar rings are 

adjacent to the glycosidic linkage (the glycosidic oxygen is marked with a red arrow). A) Sucrose: 

an α-1,4-glycosidic linkage joins a hexose sugar (glucose) and a pentose sugar (fructose). B) 

Maltose: an α-1,4-glycosidic bond joins two glucose units. C) Lactose: a β-1,4-glycosidic linkage 

joins two hexose sugars; galactose and glucose. Note that the β-glycosidic linkages entails that 

neighbouring sugar molecules are rotated 180° relative to one another, a structural trait that is 

not observed for disaccharides with α-glycosidic linkages.   

 

Polysaccharides (i.e. carbohydrates consisting of up to several thousand 

monosaccharides) may contain α- and/or β-glycosidic bonds. Starch is a well-known 

and abundant polymer of α-linked glucose and is one of Nature’s primary compounds 

for energy storage that can be converted to monosugars relatively easily (Merino and 

Cherry, 2007). Polysaccharides that are based on β-glycosidic bonds are frequently 

found embedded in recalcitrant biomasses where they serve a structural function in the 

organism. While the intra-chain glycosidic linkages confer rigidity to individual 

polysaccharides, the chains of β-linked polysaccharides additionally tend to arrange into 

larger structures (fibrils) where multiple chains interact with one another                          

through inter-chain hydrogen bonding and van der Waals forces (Brett, 2000, Kubicki 
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et al., 2018). This phenomenon adds to the complexity and recalcitrance of structural 

carbohydrate polymers encountered in Nature, and their remarkable resistance to 

degradation makes them ideal as structural components in living organisms.  
 

1.1.1.1  Cellulose 
Cellulose is the major structural component of the plant cell wall, and the most abundant 

polysaccharide on Earth with an estimated annual production rate of 1500 billion tons 

(Klemm et al., 2005). Cellulose is a linear polysaccharide comprised of single glucose 

units rotated 180° relative to each other and connected by β-1,4-glycosidic linkages, 

making cellobiose (Glc2) the repeating unit (Cocinero et al., 2009; Fig 2).  

 

 

Figure 2. Cellobiose. The repeating unit of cellulose is cellobiose, which consists of two glucose 

molecules rotated 180° relative to one another and joined by a β-1,4-glycosidic linkage. 

 

The assembly of individual cellulose chains can be amorphous (non-ordered, loosely 

packed) although cellulose chains more often arrange into crystalline fibrils where 

multiple cellulose chains are tightly interlinked and stabilized by extensive hydrogen 

bonding (Figure 3; Somerville et al., 2004). The advantage of the fibril assembly is 

demonstrated by comparing the estimated half-life of a glycosidic bond, which is 

approximately five million years (Wolfenden et al., 1998), with the half-life of a cellulose 

fibril, which is estimated to be one hundred million years (Wilson, 2008). Crystalline 

cellulose occurs naturally as the two allomorphs Iβ and Iα. Both crystal forms have 

parallel arrangements of the individual cellulose chains, but Iβ cellulose is the more 

stable form as Iα cellulose is irreversibly converted to Iβ cellulose when exposed to heat 

(Gross and Chu, 2010). Iβ cellulose is the form commonly found in higher plants.                

Various methods exist for converting cellulose to other forms, including forms referred 

to as “amorphous” and alternative crystalline forms such as Cellulose II, where the 

cellulose chains are organized in an antiparallel fashion. One cellulose form commonly 
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used in enzyme research is phosphoric-acid swollen cellulose (PASC), which is 

considered as amorphous or as a low-crystallinity form of cellulose II (Atalla, 1993). 

The intrinsic recalcitrance of cellulose fibrils is reinforced in the plant cell wall due to 

the fibrils being intertwined with other carbohydrate polymers collectively known as 

hemicelluloses (see section 1.1.1.2 for details) and the complex aromatic polymer lignin. 

The resulting complex co-polymeric structures are commonly referred to as 

lignocellulose (Fig. 3). Lignocellulose acts as a barrier to invading organisms while 

enabling the plant body to grow vertically and bend towards the sunlight. The combined 

properties of the lignocellulose constituents make plant bodies both rigid and flexible. 

Different plant species and different plant parts have distinct ratios of each component 

that determine the appearance and properties of the plant. Generally, in woody plant 

biomass the ratio is 40-50% cellulose, ~30% hemicellulose and 20-30% lignin (Pauly 

and Keegstra, 2008). It is worth noting that there is huge variation in the chemical 

composition of hemicelluloses among plants, as outlined below. 

 

 
Figure 3. Cellulose fibrils embedded in the lignocellulosic matrix of the plant cell wall. The 

cell wall is mainly composed of lignocellulose, a complex matrix of cellulose (a glucose polymer 

where bundles of individual chains order into crystalline fibrils), hemicelluloses (amorphous 

sugar polymers that differ from cellulose), and lignin (an amorphous and aromatic polymer). 

The crystallinity of the cellulose fibrils is conferred by extensive inter-chain hydrogen bonding 

between individual chains. This image was adapted from the Genome Management Information 

System, Oak Ridge National Laboratory (public.ornl.gov/site/gallery).  

 



INTRODUCTION 
 

6 
 

1.1.1.2  Hemicellulose 
In addition to cellulose, the lignocellulose of the plant cell wall is composed of other 

carbohydrate polymers known as hemicelluloses. Hemicelluloses constitute a diverse 

group of amorphous polysaccharides where the β-1,4-linked backbone can encompass 

different monosaccharides (e.g. glucose, mannose, or xylose) and may have branching 

sugars connected through a variety of α- and β-glycosidic linkages. Additionally, 

hemicelluloses frequently have decorating groups (e.g. acetylations) attached to the 

sugars.  

Plants vary in terms of the composition of their hemicellulose fraction. The 

hemicelluloses xyloglucan, glucuronoarabinoxylan and galactoglucomannan are some 

of the most abundant hemicelluloses in the cell walls of terrestrial plants and their basic 

structure is illustrated in Fig. 4.  

Xyloglucan is an abundant hemicellulose in land-based plants and consists of β-1,4-

linked glucose units as a backbone with branching α-1,6-linked xylose units. Galactose 

and fucose units may also branch from the xyloses, and the galactose units frequently 

carry acetylations (i.e., a hydroxyl group (-OH) of the sugar ring has been converted to  

-O-CO-CH3).  

Glucuronoarabinoxylan consist of β-1,4-linked xylose units that are decorated with α-

1,2-linked glucuronosyl units (glucuronic acids) and α-1,3-linked arabinose units. 

Glucuronoarabinoxylan is one of the hemicelluloses in conifers (i.e. softwoods) and 

grasses, while a similar form without branching arabinoses (i.e. glucuronoxylan) is 

abundant in dicots (i.e. hardwoods and flowering plants).  

Galactoglucomannan is an abundant hemicellulose in softwoods and has a backbone 

consisting of β-1,4-linked mannose and β-1,4-linked glucose units at varying ratios. The 

backbone is decorated with α-1,6-linked galactose residues that are primarily attached 

to the mannose residues, and is often acetylated (Scheller and Ulvskov, 2010). Fig. 4 

shows several other types of hemicelluloses, including mixed linkage β-glucan, 

glucomannan, and galactomannan. 
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Figure 4. Common hemicelluloses in lignocellulosic biomass. The picture shows xyloglucan, 

mixed linkage β-glucan, glucomannan, galactomannan, galactoglucomannan, 

glucuronoarabinoxylan, and glucuronoxylan. The figure was adopted from Glycopedia 

(https://www.glycopedia.eu/e-chapters/the-plant-cell-walls/article/introduction), and is 

based on the Symbol Nomenclature for Graphical Representations of Glycans (Varki et al., 2015). 

Ac, acetylation; Me, methylation; Lf, feruloylated L-arabinose. 

 

1.1.1.3  Chitin 
Chitin, a polysaccharide structurally similar to cellulose, represents the second most 

abundant biomass of the biosphere, with an annual production rate estimated to 100 

billion tons (Tharanathan and Kittur, 2003). Chitin is an essential structural component 

in many organisms and occur, for example, in the fungal cell wall and the protective 

exoskeletons of arthropods (i.e. organisms such as insects and crustaceans).                        
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The structural similarity of chitin to cellulose lies in the linear homo-polymeric nature 

of the two polysaccharides, with monosaccharides being rotated 180° relative to each 

other and joined by β-1,4-glycosidic linkages. Like cellulose, chitin is insoluble and 

individual chitin chains arrange into recalcitrant fibrils. The difference lies in the 

monosaccharide composition. Chitin consists of a glucose derivative, N-acetyl 

glucosamine (GlcNAc), that has a nitrogenous group rather than a hydroxyl group at the 

C2 carbon of the sugar ring, making the disaccharide chitobiose (GlcNAc)2 the repeating 

unit of chitin (Fig. 5).  

 
Figure 5. Chitobiose. The repeating unit of chitin is chitobiose, which consists of two molecules 

of the glucose derivative N-acetyl glucosamine that are rotated 180° relative to one another and 

joined by a β-1,4-glycosidic linkage.  

 

Chitin fibrils are not embedded in a matrix equivalent to the hemicellulose and lignin 

that surround cellulose fibrils, but rather exist in complex with proteins and minerals 

such as calcium carbonate (Younes and Rinaudo, 2015). Chitin is crystalline in its native 

state, and can attain three distinct allomorphs based on the arrangement of individual 

chitin chains relative to each other (Rinaudo, 2006; Fig. 6). The most recalcitrant chitin 

allomorph is α-chitin, which is also the most abundant in Nature as it is part of the cell 

walls of fungi and the exoskeletons of insects and crustaceans. In α-chitin, the individual 

chitin chains are arranged in an antiparallel fashion and are held together by hydrogen 

bonding (Minke and Blackwell, 1978). A less abundant form of chitin is the β-chitin 

allomorph found in squid pens and the spine of some diatoms and tubeworms, in which 

the individual chitin chains are oriented in parallel to each other (Saito et al., 2000, 

Gardner and Blackwell, 1975). This arrangement lacks much of the inter-chain hydrogen 

bonding and is thus more loosely packed than α-chitin, allowing water molecules to 

enter the structure (Sawada et al., 2012). The third chitin allomorph, where two chains 

are oriented parallel to each other followed by one anti-parallel chain (Jang et al., 2004), 
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is γ-chitin, which has been identified in beetle cocoon fibres and in the stomach of 

certain squids.  

 

 
Figure 6. Chain arrangement in chitin allomorphs. Individual chitin chains can arrange into 

fibrils in three distinct manners. α-chitin is the most abundant in Nature (anti-parallel chains 

that attain the most impenetrable chitin form), followed by β-chitin (parallel chains, resulting in 

a more loosely packed structure), and the rare allomorph γ-chitin (pairs of parallel chains 

interspersed with single anti-parallel chains). The figure was taken from (Anitha et al., 2014). 

 

The tensile strength of cellulose fibrils is more than twice the tensile strength of chitin 

fibrils (Duchesne and Larson, 1989). This likely made cellulose a more appropriate cell 

wall polymer in the development of land-based plants since gravitational forces are 

higher on land compared to aquatic environments, where chitin seems to be more 

abundantly used. In addition, chitin synthesis requires large amounts of reduced 

nitrogen, which can be accessed in aquatic environments but is scarce in terrestrial 

environments. Thus, a nitrogen-dependent cell wall synthesis could be inefficient in 

terrestrial environments, as it would result in slower growth and less rigid plant bodies 

(Duchesne and Larson, 1989). 

 

1.2 Biomass degradation in Nature 
Recalcitrant polysaccharide-rich biomasses are continuously synthesized in enormous 

quantities, yet they evidently do not accumulate in the biosphere. As a counteraction to 

organisms evolving rigid structural components to protect them from mechanical and 

biological harm, other organisms evolved strategies that enabled them to overcome or 

even benefit from their presence. The interplay between producers and degraders of 
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biomass secures the crucial recycling of carbon and nitrogen. Degraders of biomass-

associated polysaccharides are particularly prominent in fungi and bacteria, which often 

exist in symbiotic relationships with higher organisms such as ruminants, insects, and 

molluscs. Some insects and crustaceans are known to degrade recalcitrant 

polysaccharides on their own (Wilson, 2008, Cragg et al., 2015, Lynd et al., 2002).  

 

1.2.1  Microbial strategies for biomass degradation 
Biomass-degrading microorganisms inhabit vastly different environments including the 

anaerobic rumen of animals, soil, seawater, cold environments, and hot environments, 

and are thus dependent on degradation machineries that are specialized not only for 

handling different substrates, but also for different conditions (e.g. temperature, pH, 

salinity, oxygen level, redox potential, pressure; Cragg et al., 2015). The key and ultimate 

step in biomass conversion by microbes is the enzymatic depolymerization of biomass 

polysaccharides to mono- or oligosaccharides that can be assimilated by the microbe, 

and Nature thus contains a plethora of enzymes and enzyme systems for this purpose. 

Additionally, multiple strategies for decreasing the recalcitrance of plant-based biomass 

have been identified (Cragg et al., 2015), including mechanical disruption in the animal 

rumen, oxidative attacks by brown rot fungi through Fenton chemistry (Arantes and 

Goodel, 2014), and deployment of oxidative enzymes (e.g. peroxidases and laccases) 

that modify or remove lignin by white rot fungi and certain ligninolytic bacteria 

(Pollegioni et al., 2015, Bugg et al., 2011). 

Key enzymatic strategies for degradation of recalcitrant biomass include the production 

of free enzymes secreted into the environment, the use of multi-enzyme complexes 

called cellulosomes that are attached to the microbial cell wall, the orchestrated 

production of dedicated degradative enzymes and transporters, encoded by so-called 

polysaccharide utilization loci that are attached to the inner and outer membrane, and 

the secretion of enzyme cocktails packed in secreted outer membrane vesicles. 

 

1.2.1.1  Free enzymes  
Aerobic bacteria and fungi express and secrete enzymes into their environment upon 

exposure to a polysaccharide carbon source. The secretion of enzymes to outside the 

cell occurs because the organisms are unable to transport insoluble material across the 
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cell membrane, and thus the polysaccharides must be depolymerized before the basic 

components can be absorbed for metabolism. Enzyme production is an energy-

consuming process, and organisms using the strategy of producing free enzymes risk 

that the sugars released by their enzymes are consumed by competing organisms. The 

free enzymes strategy is employed by both cellulolytic and chitinolytic organisms and 

has been especially well studied in the cellulolytic fungus Trichoderma reesei (Bischof et 

al., 2016), the cellulolytic bacterium Thermobfidia fusca (Gomez del Pulgar and 

Saadeddin, 2014), and the chitinolytic bacterium Serratia marsecens (Vaaje-Kolstad et 

al., 2013).  

The secreted enzymes are specialized towards targeting specific substrates (e.g. 

cellulose, hemicellulose, or chitin), and have synergistic modes of action where they 

attack different parts of the substrate to secure efficient turnover. The free enzymes 

operate independently of each other outside the producing cell and are dependent on 

locating and binding to the target substrate before depolymerization can be initiated. 

For this purpose, the enzymes often contain dedicated binding modules that direct the 

catalytic module to the proper substrate. Figure 7 shows an overview of a typical free 

enzyme system for degradation of chitin or cellulose. The general view is that endo-

acting hydrolytic enzymes and oxidative enzymes generate new chain ends within the 

most crystalline parts of the substrate, while hydrolytic exo-acting enzymes attach to 

the chain ends and release disaccharides from the substrate. Endo-acting hydrolytic 

enzymes attack randomly in amorphous regions of the substrate and are not limited to 

the chain ends for production of disaccharides or other oligomeric products. Dedicated 

hydrolytic enzymes called β-glucosidases are finally responsible for converting the 

solubilized oligomeric sugars (mainly dimers) to monomers (Horn et al., 2012). A 

detailed description of different enzyme activities relevant to free enzyme systems in 

general and the work described in this thesis in particular is provided in section 1.3. 
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Figure 7. Free enzyme system for aerobic degradation of structural polysaccharides. The 

picture shows a schematic overview of a cellulolytic machinery attacking a cellulose fibril using 

independent enzymes secreted from the host cell. Oxidative enzymes (OX) generate new chain 

ends within the crystalline parts of the polysaccharide to loosen the structure and facilitate 

easier access for endo-acting enzymes (ENDO) that attack randomly in amorphous cellulose 

regions and exo-acting enzymes (EXO) that attach to the chain ends and processively release 

disaccharides. The solubilized sugars are finally degraded to monomers by a β-glucosidase (BG). 

Note that similar enzymes with corresponding activities are used to degrade chitin. The figure 

was adapted from (Horn et al., 2012). 

 

1.2.1.2  Cellulosomes 
The use of free enzymes secreted to the environment is not a common strategy among 

microorganisms that inhabit anaerobic environments, which have rather developed 

alternative strategies where the organism remains attached to the enzymes and thus in 

proximity of any solubilized sugars. A reason for this could be that microbes living in 

anaerobic environments need to limit their energy use (e.g. production of enzymes), 

compared to aerobic producers (Bayer et al., 2004).  

The most common strategy employed by anaerobes entails the use of cellulosomes and 

has only been observed in connection to conversion of celluloses and never in 

connection to chitin degradation. Distinct for these anaerobic cellulolytic bacteria is that 

the cellulolytic enzymes are kept attached to a molecular scaffold called a scaffoldin 

subunit that is bound to the bacterial surface, which enables the enzymes to operate as 

a large multi-enzyme complex that degrades the carbohydrates in proximity of the 

producing organism (Bayer et al., 2004). The different enzymes (i.e. the catalytic 
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modules of the cellulosome) are attached to the scaffolding subunit through cohesin 

modules (Fig. 8). The scaffoldin subunit additionally holds a binding module that 

enables the cellulosome (and thus the host cell) to adhere to the appropriate substrate. 

These enzyme systems were first described in the anaerobic thermophilic soil 

bacterium Clostridium thermocellum (Lamed et al., 1983, Bayer et al., 2008). Since then, 

a wide diversity of cellulosome structures has been unravelled, including cellulosomes 

containing hemicellulases, next to cellulases (Artzi et al., 2017). The proximity of 

multiple catalytic modules that execute different tasks in the degradation process 

promotes synergistic interplay that makes polysaccharide turnover more efficient. On 

the other hand, it is likely that, compared to free enzymes, such a large protein complex 

is inefficient in terms of finding and interacting with suitable access points in the 

substrate. 

 

 

Figure 8. Arrangement of a cellulosome attached to the cell wall of an anaerobic 

cellulolytic bacterium. A type II cohesin is directly attached to the cell wall of the producer, 

and a scaffoldin subunit containing a type II dockerin is anchored to the type II cohesin module. 

The scaffoldin contains a dedicated carbohydrate-binding module (CBM) to facilitate adhesion 

of the cell to the proper substrate, and type I cohesins act as anchoring points for various 

catalytic modules that hold different roles in cellulose/hemicellulose degradation. These 

catalytic modules are anchored to the type I cohesins through type I dockerins. (Yaniv et al., 

2014). 
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1.2.1.3  Polysaccharide utilization loci  
Another strategy adopted by organisms that inhabit anaerobic environments, 

predominantly bacteria that have been identified in highly anaerobic gut environments, 

is the use of polysaccharide utilization loci (PULs). PULs contain co-localized and co-

regulated genes that encode all the enzymes and proteins the microbe needs to digest a 

specific polysaccharide (Fig. 9A). Once expressed, the enzymes are arranged onto the 

outer and inner membrane of the host, where the enzymes attached to the outer 

membrane convert the substrate to soluble oligomers that can be transported to the 

periplasm, where the remaining enzymes complete the conversion to monomeric sugars 

(Fig. 9B). PULs were first identified during studies of starch conversion by Bacteroidetes 

thetaiotaomicron  in the human gut (Bjursell et al., 2006) and have since been found in 

many Bacteroidetes species specialized towards a variety of substrates, such as 

hemicelluloses (Larsbrink et al., 2014, Cuskin et al., 2015), cellulose (Naas et al., 2014, 

Mackenzie et al., 2015), and chitin (Larsbrink et al., 2016).  

   
Figure 9. A cellulose-targeting polysaccharide Utilization Locus (PUL) of a Bacteroidetes 

bacterium present in the cow rumen. Panel A displays the gene cluster (locus) and panel B 

shows the arrangement of the various gene products on the outer membrane (OM) and inner 

membrane (IM) of the cell. Insoluble cellulose is depolymerized by enzymes (GH5 & GH9) on the 

outer membrane and transported to the periplasm (involving the Sus proteins) where enzymes 

attached to the inner membrane (GH94) convert the solubilized components to monomers, 

which are finally transported to the cytoplasm. The figure was taken from (Naas et al., 2014). 
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1.2.1.4  Outer membrane vesicles  
Bacteria may employ another strategy for cellulose-degradation that entails secretion 

of membranous compartments called outer membrane vesicles (OMVs; Figure 10). 

OMVs contain various cellular components and periplasmic proteins that can improve 

the invasive abilities of the bacterium (Jan, 2017). OMVs are spherical structures made 

from the outer membrane of Gram-negative bacterial host cells (Beveridge, 1999), and 

potentially function as long distance delivery tools (Kulp and Kuehn, 2010). This 

strategy has been described for Fibrobacter succinogenes (one of the major inhabitants 

of the herbivore rumen), which releases membranous fragments that can degrade 

cellulosic substrates (Groleau and Forsberg, 1981, Forsberg et al., 1981), and these 

OMVs have later been shown to be enriched with carbohydrate-active enzymes 

(Arntzen et al., 2017). It is still debated whether the release of OMVs is simply a 

consequence of aging cells and passive membrane disintegration, or reflects a true 

biological function. OMVs equipped with hydrolytic enzymes have also been identified 

in Bacteroides species (Elhenawy et al., 2014). 

 

Figure 10. Secretion of enzymes in outer membrane vesicles (OMVs). Periplasmic enzymes 

and other cell components are incorporated into an OMV through a budding event where part 

of the outer membrane will eventually separate from the host cell to form an independent 

spherical entity. The enzyme-enriched OMV is subsequently deployed into the extracellular 

environment. The figure was taken from (Jan, 2017). 
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1.3 Biomass-active enzymes 
The microbial strategies for cellulose, hemicellulose and chitin decomposition discussed 

in section 1.2 are based on carbohydrate-active enzymes (CAZymes) with various 

modes of action and different roles in the degradation process. CAZymes are classified 

and grouped into protein families in the CAZy database (www.cazy.org), which is based 

on sequence similarities that mainly reflect structural features and not necessarily 

substrate specificity (Lombard et al., 2014, Cantarel et al., 2009). The CAZy database 

currently comprises five classes of CAZymes and one class of non-catalytic binding 

modules that are frequently associated with the CAZymes, and together these six classes 

comprise more than 400 protein families. 

The protein class of glycosyltransferases (GTs) holds 107 families (as of June 2019) and 

comprises enzymes that catalyze biosynthesis (rather than biodegradation) of oligo- 

and polysaccharides by catalyzing the formation of glycosidic bonds. GTs employ an 

activated donor carbohydrate (i.e. a sugar molecule with a phosphate-containing leaving 

group) and an acceptor molecule that is most commonly another carbohydrate, but may 

also be one of several other biomolecules such as lipids, proteins, or nucleic acids 

(Lairson et al., 2008).  

Carbohydrate esterases (CEs) currently comprise 16 protein families that remove ester-

based decorations (e.g. acetylations) from sugars. These decorations may protect the 

plant cell wall from degradation by preventing enzymes from accessing and cleaving the 

glycosidic bonds. CEs thus assist the other CAZymes involved in polysaccharide 

depolymerisation by removing these obstacles (Biely, 2012, Sista Kameshwar and Qin, 

2018). 

The class of polysaccharide lyases (PLs) consists of 37 families that cleave glycosidic 

bonds in uronic acid-containing polysaccharides [i.e., sugars where the C6 carbon 

(CH2OH) has been oxidized to a carboxylic acid (COOH), making the polysaccharide 

acidic]. PLs employ a β-elimination mechanism that differs from the hydrolytic 

mechanisms commonly used by other CAZymes that cleave glycosidic bonds 

(Sutherland, 1995).  

This thesis includes experimental work with members of the three remaining protein 

classes of the CAZy database, namely the glycoside hydrolases (GHs), the non-catalytic 
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carbohydrate binding modules (CBMs), and oxidative enzymes classified as auxiliary 

activities (AAs) and called lytic polysaccharide monooxygenases (LPMOs). These will be 

discussed in depth in section 1.3.1-1.3.3.   

 

1.3.1  Glycoside hydrolases (GHs) 
Glycoside hydrolases (GHs), also known as glycosyl hydrolases, are enzymes that 

depolymerize carbohydrates by using a hydrolytic mechanism to cleave the glycosidic 

bond between sugar moieties (Davies and Henrissat, 1995). There are currently 165 GH 

families in the CAZy database. GHs target various substrates such as amorphous or 

crystalline cellulose, oligosaccharides, hemicelluloses, or chitin. Many GH families 

display a relatively wide substrate specificity, while others seem to be specialized 

towards a single substrate. GHs are generally named according to substrate specificity 

(e.g. cellulase, xylanase, chitinase, etc.) and their mode of action (i.e. whether they cleave 

the substrate randomly (endo-acting) or attack from the chain ends (exo-acting). 

Additionally, GHs include enzymes that convert dimers and oligomers to their 

monomeric constituents (e.g. β-glucosidases for cellobiose and chitobiases for 

chitobiose).  

Structure and mode of action 

The mode of action of GHs is reflected in the enzyme structure (Fig. 11). Tunnel-shaped 

active sites are characteristic for exo-acting enzymes that thread the polymer while 

making multiple catalytic cuts and releasing dimers, in what is referred to as processive 

action (Fig 11A). Open-cleft active sites are present in endo-acting enzymes that attach 

to random cleavage sites along the polymer and that likely detach from the substrate in 

between catalytic steps (Fig. 11B). Exo-acting GHs tend to have a preference for 

attacking the polymer from either the reducing chain end or non-reducing chain end, 

and differ in terms of the degree of processivity (i.e. how many catalytic cuts the enzyme 

generates before detaching from the substrate). β-glucosidases and chitobiases are 

recognized by a pocket-like active site (Fig. 11C) where dimers and soluble oligomers 

are converted to monomers (Davies and Henrissat, 1995).  
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Figure 11. Topology of glycoside hydrolases (GHs). A) Surface representation of the crystal 

structure of a cellobiohydrolase (exo-acting GH) from Trichoderma reesei (PDB ID: 1CB2; 

Koivula et al., 1996) showing a tunnel-shaped active site for threading individual cellulose 

chains while making consecutive catalytic cuts. B) An endoglucanase from Thermobifidia fusca 

(PDB ID: 1TML; Spezio et al., 1993) showing a catalytic cleft that allows the enzyme to attach 

and detach from the cellulose chain at random cleavage sites. C) A β-glucosidase from 

Trichoderma reesei (PDB ID: 4I8D; Karkehabadi et al., 2014) where cellobiose is converted to 

glucose. The structure has a shallow pocket colored in red and marked with an arrow. The figure 

was made using Pymol. 

 

Mechanism  

GHs attack the glycosidic bond of carbohydrates after using binding energy to force the 

substrate (sugar chain) into a conformation where the scissile bond is weakened 

(substrate distortion), which lowers the energy barrier of the hydrolytic reaction 

(Davies and Henrissat, 1995, Speciale et al., 2014, Vocadlo and Davies, 2008). A 

hydrolytic attack is then initiated, which involves two essential amino acids located on 

the enzyme surface and in proximity of the scissile bond. The cleavage results in either 

retention or inversion of the stereochemistry of the hydroxyl group of the anomeric 

center (i.e. the C1 carbon that was previously adjacent to the glycosidic bond). 

The inverting mechanism typically relies on a catalytic acid and a catalytic base located 

approximately 10 Å apart (Davies and Henrissat, 1995). Glycosidic bond cleavage 

follows a single displacement mechanism that passes through an oxocarbenium ion-like 

transition state (Fig. 12). The catalytic acid promotes leaving group departure by 

protonating the glycosidic oxygen, while the catalytic base positions and activates a 

water molecule to carry out a nucleophilic attack on the anomeric (C1) carbon. This 

results in cleavage of the glycosidic bond where the configuration of the hydroxyl group 

on the anomeric carbon attains opposite stereochemistry, relative to the starting 
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situation (Sinnott, 1990, Davies and Henrissat, 1995, Rye and Withers, 2000, Vuong and 

Wilson, 2010).  

 

Figure 12. Inverting mechanism for a glycoside hydrolase acting on a cellulosic substrate.  

The configuration of the hydroxyl group on the anomeric carbon (i.e. the C1 carbon adjacent to 

the glycosidic oxygen) is inverted when the glycosidic bond is cleaved. The catalytic acid donates 

a proton to the glycosidic oxygen while the catalytic base activates a water molecule to carry out 

a nucleophilic attack on the anomeric carbon. Consequently, an OH from this water molecule 

becomes attached to the anomeric carbon, while the glycosidic oxygen and the proton donated 

by the catalytic acid are linked to the C4 carbon of the leaving group (HOR). This image was 

taken from cazypedia.com (Consortium, 2017).  

 

In GHs that employ a retaining mechanism, a general base/acid catalyst and a 

nucleophile are located approximately 5.5 Å apart. The distance is less than in inverting 

enzymes because retaining enzymes do not need to accommodate a water molecule in 

addition to the sugar chain (Davies and Henrissat, 1995). The retaining mechanism 

rather occurs via a double displacement mechanism where each step passes through an 

oxocarbenium ion-like transition state. The general acid/base catalyst first acts as an 

acid by donating a proton to the glycosidic oxygen while the nucleophile simultaneously 

forms a covalent intermediate with the anomeric carbon as a result of nucleophilic 

attack (Fig. 13). The leaving group (ROH; i.e., the sugar that does not participate in the 

covalent intermediate with the nucleophile) is released. The deprotonated acid/base 

catalyst will in the next step act as a general base where it activates a water molecule to 

carry out a nucleophilic attack on the sugar-nucleophile (i.e. glycosyl enzyme) 

intermediate, which leads to retention of the stereochemistry at the anomeric carbon. 
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Fig 13. Retaining mechanism for a glycoside hydrolase acting on a cellulosic substrate. 

The configuration of the hydroxyl group on the anomeric carbon (i.e. the C1 carbon adjacent to 

the glycosidic oxygen) is retained when the glycosidic bond is cleaved. In the first step of the 

double displacement mechanism, the acid/base acts as an acid and donates a proton to the 

glycosidic oxygen, while the nucleophile simultaneously forms a covalent intermediate with the 

anomeric sugar carbon (glycosyl-enzyme intermediate). The leaving group (ROH) can then be 

released, followed by the acid/base acting as a base in the second step of the mechanism, where 

it activates a water molecule that goes on to initiate a nucleophilic attack on the anomeric 

carbon, thereby releasing the sugar from the glycosyl enzyme intermediate. Image from 

cazypedia.com (Consortium, 2017). 

 

GHs involved in the degradation of lignocellulose 

The enzymatic depolymerization of lignocellulosic materials involves hydrolytic 

enzymes including hemicellulases such as xylanases, mannanases, and xyloglucanases 

that degrade and remove hemicelluloses that cover the cellulose fibrils, making the 

cellulose more susceptible to attack by cellulases.  The subsequent turnover of cellulose 

is generally considered to depend on endocellulases (also known as endoglucanases, 
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e.g., members of GH5, GH6 and GH9) that attack randomly in amorphous areas of the 

cellulose fibrils to loosen the structure further and generate new chain ends. The chain 

ends are attacked from either the reducing end or non-reducing end by exocellulases 

(also known as cellobiohydrolases, e.g. GH6s from the non-reducing end and GH7s or 

GH48s from the reducing end), which release dimers (cellobiose), usually in a 

processive manner. The released dimers and oligomers are finally degraded to the 

monomeric end-product (glucose) by β-glucosidases (e.g. GH3s), that are responsible 

for cleaving carbohydrates with a low degree of polymerization (DP) (Horn et al., 2012). 

Considering the distinct activities of these various enzymes, it is not surprising that they 

show synergistic relationships when they are combined. These synergistic relationships 

are not only based on one enzyme type generating new access points for another 

enzyme type , but also  on the removal of obstacles that hinder processive action by 

other enzymes (Jalak et al., 2012, Igarashi et al., 2011).  

A thermostable GH6 endoglucanase is the topic of the first paper of this thesis, while 

paper II describes investigations of a thermostable GH10 xylanase. 

The GH6 family includes both endoglucanases and cellobiohydrolases of bacterial or 

fungal origin. GH6 enzymes employ an inverting mechanisms to hydrolyze glycosidic 

bonds, but the catalytic base that participates in bond cleavage remains elusive within 

this family (Payne et al., 2015, Mayes et al., 2016). Structurally characterized GH6 

endoglucanases display an open catalytic cleft that differ from the tunnel-shaped 

catalytic sites of the GH6 cellobiohydrolases. Shortening and displacement of two 

surface loops in the endoglucanases relative to the corresponding loops in the 

cellobiohydrolases are believed to be the reason for this structural difference, as the 

elongated loops of the cellobiohydrolases fold over the active site cleft to form a tunnel 

(Meinke et al., 1995). 

The GH10 family represents one of the major xylanase families together with the GH11 

family, and most members are of bacterial or fungal origin. Xylanases cleave xylan (i.e. 

backbones consisting of β-1,4-linked xylose units), which is the second most abundant 

polysaccharide in plant biomass after cellulose (Biely et al., 2016). The GH10 family 

holds endo-xylanases that differ from GH11 xylanases in that they tolerate higher levels 

of substitutions (Collins et al., 2005, Chakdar et al., 2016). Some GH10 xylanases exhibit 

a weak side activity toward cellulose, which is believed to be related to specific 
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structural features that distinguish cellulose-active xylanases from non-cellulose-active 

xylanases (Notenboom et al., 1998). This is discussed in more detail in Paper II, which 

describes a GH10 xylanase with remarkably high activity on glucans. 

GHs involved in the degradation of chitin 

The degradation of chitin depends on fewer enzyme activities compared to 

lignocellulose, which reflects the lower relative complexity of the substrate. Dedicated 

chitinases (GH18s and GH19s) carry out tasks that are equivalent to the tasks 

accomplished by cellulases, with endo-acting chitinases loosening the crystalline 

structure and generating new chain ends, while exo-acting chitinases can attach to 

either the reducing or non-reducing chain ends (Igarashi et al., 2014). The exo-acting 

chitinases cleave dimers (chitobiose) from the chain ends in a processive manner (Horn 

et al., 2006). Chitobiases (GH20s) finally degrade the dimers to the monomeric 

compound N-acetyl glucosamine . While GH18s employ a retaining mechanism where 

the anomeric configuration is conserved, notably through a unique substrate-assisted 

mechanism, GH19s employ an inverting mechanism (Eijsink et al., 2010).  

 

1.3.2  Carbohydrate binding modules (CBMs) 
The CAZy database also contains non-catalytic modules that interact with the substrate 

without cleaving it. These are called carbohydrate-binding modules (CBMs). To date, 85 

CBM families have been deposited in the CAZy database, including CBM85 that 

originates from the studies presented in Paper II of this thesis.  

CBMs display a variety of substrate preferences, ranging from cellulosic substrates to 

hemicelluloses and other polysaccharides such as starch and chitin. Some also bind to 

non-carbohydrate components that are present in biomass, such as lignin (e.g. Strobel 

et al., 2015). CBMs may exhibit substrate promiscuity that allows them to bind to several 

different substrates and not be hindered by e.g. decorating groups on the substrate 

(Boraston et al., 2004). The structures of CBMs show that they commonly consist of 

beta-sheets and have an abundance of aromatic amino acids on their surfaces that 

interact with the substrate. The substrate-binding surface can be either flat or contain a 

groove or sometimes even a pocket (Fig. 14). 
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Figure 14. Topology of representatives of the families CBM1-4. A) CBM1 with a shallow 

groove, PDB ID: 4QPW. B) CBM2 with a flat substrate-binding surface, PDB ID: 6F7E. C) CBM3 

with a flat substrate-binding surface, PDB ID: 1NBC. D) CBM4 with a pocket, PDB ID: 1GU3. The 

substrate-binding surface is facing upwards, and surface-located aromatic residues putatively 

involved in substrate-binding are colored in purple and shown as sticks. The figure was made 

using Pymol. 

 

CBMs are attached to GHs through linkers of varying length, ranging from a few amino 

acids to over one hundred. The linkers are often rich in proline, threonine and serine 

residues, where proline and serine may be glycosylated, which grants the linker with 

protease resistance (Sammond et al., 2012, Poon et al., 2007, Payne et al., 2013). Many 

of these linkers are extended and flexible (e.g. Courtade et al., 2018), but exceptions exist 

(e.g. van Aalten et al., 2000). CBMs function by adhering to substrates, thus placing the 

catalytic module in proximity of substrate binding sites (Fig. 15; Boraston et al., 2004). 

This creates a proximity effect on carbohydrate turnover as the CBMs increase the 

effective enzyme (catalytic module) concentration near the substrate. Such proximity 

effects are particularly important in systems with low substrate concentration. When 

the substrate is scarce, the CBMs greatly enhance the degradation rate, but studies of 

fungal enzymes containing CBM1s have shown that this effect is abolished when the 

substrate concentration is increased (Varnai et al., 2013). The substrate concentration 

will eventually reach a level where the catalytic modules are as likely to encounter 

substrate binding sites without the assistance of the CBM, and at that point the CBM will 

rather hamper the degradation efficiency as it decreases the desorption rate from the 

substrate. Similar conclusions about the substrate-dependency of the CBM effect were 

reached in the study of a bacterial GH6 described in Paper I of this thesis and in a recent 

study of a CBM-containing LPMO (Courtade et al., 2018; Fig 15B).  
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Figure 15. Carbohydrate binding modules (CBMs). The upper panel shows a CBM2 anchored 

to the surface of a cellulose fibril and attached to a catalytic module (a GH6 cellulase) through a 

flexible linker. The linker is glycosylated and the attached sugars are shown in yellow. The figure 

was taken from (Sammond et al., 2012). The lower panel shows an oxidative enzyme (LPMO; 

shown in blue) docked on the surface of crystalline cellulose through a CBM2 (orange) and a 

linker (cyan) that allows the catalytic module to move around while being kept in proximity of 

substrate binding sites. The CBM enables the catalytic LPMO domain to make random cuts on 

multiple cellulose chains in proximity of the anchoring point (within the area marked in brown). 

The figure was taken from (Courtade et al., 2018).  

 

Many catalytic modules do not have a CBM attached and must locate and bind the 

substrate on their own, which, as noted above, can be challenging if the substrate 

concentration is low. Obviously, the catalytic domains themselves also have the ability 

to interact with and bind to the substrate, and the extent to which a CBM contributes 

likely varies. Importantly, when it comes to CBMs, there are many variations in the 

world of CAZymes. Some catalytic modules may have several different CBMs attached, 

that potentially can bind different substrates. It has also been pointed out that the so-

called “proximity” effect (i.e., when a CBM brings its appended catalytic domain close to 
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the substrate), may be indirect, in the sense that the CBM binds to a non-substrate 

polysaccharide in the plant cell wall. For example, Hervé et al. 2010 showed that the 

capacity of a xylanase to degrade xylan in plant cells could be augmented by appending 

a cellulose-binding CBM.  

Some studies indicate that certain CBMs have a disruptive effect on the substrate, for 

example meaning that they open up crystalline structures to make them more accessible 

to the action of cellulases (Hall et al., 2011, Eijsink et al., 2008, Bernardes et al., 2019). 

Such CBMs, and other potentially disruptive proteins with no known catalytic function, 

such as swollenins and expansins (Eijsink et al., 2008), may perhaps be explored in 

developing more efficient cellulase cocktails. However, recent work in the field has been 

mostly focusing on the substrate-disruptive action of the lytic polysaccharide 

monooxygenases (LPMOs), which are discussed below. 

 

1.3.3  Auxiliary activities (AAs) 
The most recent enzyme class added to the CAZy database comprises the auxiliary 

activities (AAs) and currently holds 16 families. AAs assist other CAZymes in the 

degradation of biomass and include members that are not active on carbohydrates, but 

act or non-carbohydrates such as lignin, which needs to be removed or modified before 

other CAZymes (such as GHs) can efficiently carry out depolymerisation. The common 

characteristic of AAs is that they are redox enzymes that act in conjunction with other 

CAZymes (Levasseur et al., 2013). The AA protein families comprise various oxidases 

(e.g. laccases), peroxidases, dehydrogenases (e.g. cellobiose dehydrogenases), 

reductases, and lytic polysaccharide monooxygenases (LPMOs). LPMOs, which make up 

families AA9, AA10, AA11, AA13, AA14, AA15 and AA16, will be discussed in detail 

below. 

 

1.3.3.1  Lytic polysaccharide monooxygenases (LPMOs) 
The hydrolytic enzymes involved in biomass degradation have been known for over 100 

years. The limited ability of these enzymes to efficiently degrade crystalline substrates 

has led to suggestions that supplementary strategies for enabling easier access to 

individual polysaccharide chains are involved in the biomass degradation process. In 
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1950, Reese and colleagues hypothesized that the conversion of native cellulose to 

soluble sugars must depend on at least two enzyme systems (Fig. 16), where the initial 

system (C1) functions as a sort of pre-treatment that allows the second enzyme system 

(Cx) to carry out complete solubilisation of the polysaccharides (Reese et al., 1950). In 

1974, Eriksson and co-workers suggested that an oxidative mechanism likely is involved 

in cellulose depolymerisation. They based this suggestion on the observation of a 

significant improvement in cellulose turnover by a culture supernatant of a cellulose-

degrading fungus in the presence of oxygen compared to under anaerobic conditions. 

Eriksson et al. also observed that oxygen was consumed upon adding a cellulosic 

substrate to such culture supernatants (Eriksson et al., 1974).  

 

Figure 16. The C1Cx hypothesis for degradation of native cellulose. The first enzyme system 

(C1) fragments the crystalline cellulose and acts as a sort of pre-treatment that is essential for 

enabling the second enzyme system (Cx) to efficiently convert the cellulose to soluble sugars that 

can diffuse into the cell. The figure was taken from (Reese et al., 1950). 

 

The question of whether a C1-type enzyme system and/or oxidative activity was  

involved in polysaccharide degradation remained unsolved for decades, until the recent 

discovery that CAZymes previously believed to be CBM33s or endoglucanases with very 

weak hydrolytic activity (GH61s) are in fact enzymes that cleave polysaccharides using 

an oxidative mode of action (Vaaje-Kolstad et al., 2010). 

Early studies on members of the CBM33 family supported a function as CBMs, since 

these proteins were found to bind to chitin and cellulose and showed a high content of 

conserved aromatic residues putatively involved in substrate binding. Surprisingly, 

structural data on CBP21, a single domain CBM33 from the chitinolytic bacterium 

Serratia marcescens, showed that the aromatic residues are not located on the surface 

but rather buried in the core of the protein (Vaaje-Kolstad et al., 2005a). Furthermore, 

in what in retrospect is a landmark study, studies of chitin degradation demonstrated 

that the presence of CBP21 dramatically enhanced polysaccharide turnover by GHs 
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(Vaaje-Kolstad et al., 2005b). The first structure of a GH61 (Karkehabadi et al., 2008) 

showed that this putative endoglucanase lacked the typical catalytic features of a GH and 

revealed a remarkable structural resemblance with CBM33s, suggesting that the GH61s 

were not really cellulases and that CBM33s and GH61s have similar functions. Indeed, 

in 2010, Harris et al (Harris et al., 2010) showed that GH61 proteins boost the activity 

of cellulases, just like CBM33 proteins boost the activity of chitinases. 

The oxidative activity of these (until then) enigmatic CBM33 and GH61 proteins was for 

the first time demonstrated for CBP21 on chitin, and oxidative activity on cellulose was 

shortly after demonstrated for another CBM33 (Forsberg et al., 2011) and several 

GH61s (Quinlan et al., 2011, Phillips et al., 2011). These two protein families were 

renamed as lytic polysaccharide monooxygenases (LPMOs) and placed in the Auxiliary 

Activities class of the CAZy database, as families AA10 (CBM33) and AA9 (GH61).  

The biological roles of LPMOs are thought to primarily relate to their ability to act on 

recalcitrant polysaccharide structures during biomass turnover, as outlined in more 

detail below. However, studies have also suggested alternative functions, primarily 

functions as virulence factors in opportunistic pathogens not associated with biomass 

degradation (Kirn et al., 2005, Paspaliari et al., 2015, Agostoni et al., 2017). It is 

conceivable that in such cases LPMOs enable colonization by breaching protective 

polysaccharide-rich barriers in the host organism, but experimental evidence for such a 

function is lacking. 

LPMO substrate specificity 

Since the discovery of their oxidative chemistry, many LPMOs have been studied, mostly 

originating from bacteria and fungi. The LPMOs previously known as GH61s are of 

fungal origin and are classified as AA9s. These LPMOs have proven activity on cellulose 

(e.g. Phillips et al., 2011, Quinlan et al., 2011), various β-glucan hemicelluloses (Fanuel 

et al., 2017, Agger et al., 2014), xylan (Frommhagen et al., 2015) and soluble cello-

oligosaccharides (Isaksen et al., 2014, Bennati-Granier et al., 2015). Of note, not all AA9 

LPMOs have all these activities and not all functionally characterized LPMOs have been 

tested with all these substrates.  

The LPMOs previously known as CBM33s are mainly of bacterial origin and are 

classified as AA10s. AA10s can display cellulolytic activity (e.g. Forsberg et al., 2011) or 
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chitinolytic activity (e.g. Vaaje-Kolstad et al., 2010). Very recently, claims of an AA10 

being active on xylan have appeared in the literature (Corrêa et al., 2019).  

Based on amino acid sequence similarity, additional AA families have been established 

in recent years, and these families presently include AA11s (active on chitin and mainly 

of fungal origin; Hemsworth et al., 2014), AA13s (active on starch and of fungal origin; 

(Vu et al., 2014b, Lo Leggio et al., 2015), AA14s (active on xylan and of fungal origin; 

Couturier et al., 2018), AA15s (active on cellulose and chitin and isolated from insects; 

Sabbadin et al., 2018), and AA16 (active on cellulose and of fungal origin; Filiatrault-

Chastel et al., 2019).  

Accumulating data on natural substrate diversity indicate that LPMOs have evolved to 

facilitate degradation of all the major carbohydrate polymers frequently present in 

biomass. It is worth noting that LPMO-producing organisms can contain up to 40 LPMO-

encoding genes, suggesting that they employ specialized LPMOs for different substrates, 

substrate allomorphs and co-polymeric structures in plant cell walls (Busk and Lange, 

2015, Horn et al., 2012, Agger et al., 2014). 

The third paper of this thesis describes a novel cellulolytic and thermostable AA10 

LPMO, and the fourth paper describes attempts to engineer the substrate specificity of 

an AA10 LPMO from cellulose-specific to chitin-specific in an attempt to shed light on 

the (largely unknown) structural determinants of LPMO substrate specificity.  

LPMO structures  

There are currently 39 solved LPMO structures in the PDB database (www.rcsb.org; 

accessed on 12.06.19), and these are mainly representatives of the AA9 and the AA10 

family. The characterized members of these two families share a similar cone-shaped 

tertiary structure with a flat substrate-binding surface that contains the copper-binding 

active site (Fig. 17). The core of the protein consists of beta-strands that are connected 

by loops and a varying amount of short alpha-helices, and some of these connecting 

elements are involved in the formation of the substrate binding surface. These loops and 

helices show large variation and are proposed to contribute to substrate specificity of 

LPMOs, as they constitute large areas of the substrate-binding surface (Li et al., 2012, 

Book et al., 2014, Vu et al., 2014a, Bissaro et al., 2018a, Courtade et al., 2016, Frandsen 

et al., 2016).  
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Figure 17. LPMO structure and substrate interaction. Panel A shows the X-ray structure of a 

cellulose-active AA10 LPMO from Streptomyces coelicolor (ScLPMO10C; Forsberg et al., 2014a) 

in grey cartoon representation with a dotted box denoting the location of the catalytic center, 

and the substrate-binding surface facing downwards. Panel B shows a close-up view of the 

catalytic center where a single copper ion (orange sphere) is coordinated by two conserved 

histidines (grey and blue sticks) in a so-called histidine brace. Note the copper-coordinating 

function of the N-terminal amino group of the protein, i.e., the amino group of His1. Panel A and 

B were made using Pymol. Panel C shows a MD simulation of a chitin-active LPMO from Serratia 

marcescens (SmLPMO10A) interacting with crystalline chitin. The Figure was taken from 

Bissaro et al., 2018a. 

 

The more recently discovered LPMO families have only one solved structure each (and 

none for AA16 so far). The members of these families (AA11, AA13 & AA14 & AA15) 

show large structural similarity with LPMOs in families AA9 and AA10, including a 

surface-exposed copper-binding site on a relatively flat binding surface. There are 

however variations in how flat the surface is, and Figure 18 shows that LPMOs do exhibit 

variations in surface shape and ruggedness. For example, structural studies of the 

starch-active AA13 LPMO revealed a shallow groove across the copper site (PDB ID: 

4OPB; Lo Leggio et al., 2015). Likewise, Couturier et al., 2018 showed that the surface of 

an AA14 LPMO that acts specifically on cellulose-bound xylan has a more rippled shape, 

compared to the flat surfaces of many AA9 LPMOs. 
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Figure 18. Three-dimensional structures of representatives of six of the seven currently 

known LPMO families. Left panels: The proteins are depicted with secondary structure 

representation and with their substrate-binding surface facing upwards. The catalytic copper 

(orange sphere) and histidine brace (sticks) are marked (note that the AA14 structure does not 

contain a copper). The blue and black stars denote stretches of sequence that could not be 

modelled in the AA11 structure. Right panels: The substrate binding surface is displayed with 

surface representation. The PDB codes are indicated in the figure. The figure was made in Pymol.  
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Catalytic mechanism 

X-ray crystallographic data have provided insights into the binding of single oligomeric 

substrates to LPMOs (Simmons et al., 2017, Frandsen et al., 2016), whereas LPMO 

surfaces interacting with polymeric substrates have been experimentally mapped by 

using NMR (Aachmann et al., 2012, Courtade et al., 2016) and modelling (Bissaro et al., 

2018a). The binding surfaces contain a highly characteristic “histidine-brace” (Quinlan 

et al., 2011; Fig. 17) made up of two conserved histidines of which one is always the N-

terminal residue of the protein. This histidine brace binds a single copper (Fig. 17B) and 

constitutes the active site of the enzyme. Of note, the N-terminal histidine is methylated 

in fungal LPMOs. Recent studies (Petrovic et al., 2018) indicate that this methylation has 

little effect of the catalytic properties of the LPMO but may have an effect on enzyme 

stability. 

The catalytic mechanism of LPMOs remains somewhat enigmatic and its details are 

beyond the scope of its thesis. In their original 2010 study, Vaaje-Kolstad and colleagues 

demonstrated that LPMOs need reducing power to function and it is well established 

that the copper must be reduced from Cu(II) to Cu(I) state for oxidative cleavage to 

occur. Electrons for driving LPMO reactions may be derived from a variety of small 

molecule reductants, including ascorbic acid (Frommhagen et al., 2016, Vaaje-Kolstad et 

al., 2010, Quinlan et al., 2011, Kracher et al., 2016), lignin and lignin fragments 

(Muraleedharan et al., 2018, Hu et al., 2016, Westereng et al., 2015), as well as  various 

redox enzymes, of which cellobiose dehydrogenase is the best known (Phillips et al., 

2011, Kracher et al., 2016, Langston et al., 2011, Tan et al., 2015).  

What may happen after reduction of the copper has been discussed in multiple research 

papers and reviews (e.g. Chylenski et al., 2019, Beeson et al., 2015, Phillips et al., 2011, 

Bissaro et al., 2017, Wang et al., 2018, Walton and Davies, 2016). The key step in LPMO 

catalysis is the formation of an intermediate oxygen species that is a sufficiently strong 

oxidant to abstract a hydrogen atom from one of the carbons in the scissile glycosidic 

bond. It is generally assumed that hydrogen abstraction is followed by hydroxylation of 

the resulting substrate radical, which leads to destabilization and spontaneous cleavage 

of the glycosidic bond (Phillips et al., 2011, Chylenski et al., 2019). 
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The LPMO reaction may lead to oxidation of either the C1 or the C4 carbon in the scissile 

glycosidic bond. If the oxidation resides on the C1-carbon of the newly formed upstream 

chain end, the products are referred to as C1-oxidized, and if the C4-carbon of the newly 

formed downstream chain end carries the oxidation, then the product is referred to as 

C4-oxidized (Fig. 19). The primary products of C1-oxidation are 1,5-δ-lactones, which 

are spontaneously converted to their more stable aldonic acid forms. The primary 

products of C4-oxidation are 4-ketoaldoses, which are spontaneously hydrated to their 

corresponding gemdiol forms (Isaksen et al., 2014). Different LPMOs can generate either 

C1- or C4-oxidized products, while some LPMOs generate mixtures of both.   

 

 

Figure 19. Regioselectivity of LPMOs. LPMOs oxidize either the C1 or C4 carbon adjacent to 

the glycosidic bond, or they may be able to introduce the oxidation at either site. C1-oxidation 

results in a lactone that is spontaneously converted to an aldonic acid. C4 oxidation generates 

4-ketoaldoses that are spontaneously converted to the corresponding gemdiol form. The picture 

was taken from (Vaaje-Kolstad et al., 2017). 

 

It was initially assumed that the oxidizing species in LPMO catalysis was generated from 

molecular oxygen, which thus was considered the natural co-substrate of LPMOs and 

leading to these enzymes being named monooxygenases (Fig. 20, equation A). Recent 

studies however challenge this view by suggesting that hydrogen peroxide is the true 

co-substrate of LPMOs (Bissaro et al., 2018b, Bissaro et al., 2017), and that these 

enzymes thus should be referred to as peroxygenases (Fig. 20, equation B).  

Figure 20 shows an overview of LPMO reactions involving O2 and H2O2. The oxygen-

driven reaction (Fig. 20A) depends on the supply of two electrons and two protons per 

catalytic cycle. Importantly, this entails stoichiometric consumption of reducing 

equivalents, which may limit the LPMO reaction under certain conditions. The 
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monooxygenase reaction involves a reduction of the catalytic copper from Cu(II) to 

Cu(I) after which the reduced LPMO binds and reduces molecular oxygen,  leading to the 

formation of a superoxide-LPMO intermediate (Kjaergaard et al., 2014). While the first 

electron needed in the catalytic cycle is stored on the LPMO after the reductant reduces 

the copper, a major question related to the O2–driven reaction is how the second 

electron and the two protons are delivered to the active site while catalysis is ongoing 

and the active site is confined by the substrate. Exactly how the electron and protons are 

acquired has been debated and may perhaps involve some sort of electron transport 

channel or chain (Beeson et al., 2015, Walton and Davies, 2016). Of note, it has been 

shown by NMR, that cellobiose dehydrogenase, which is assumed to drive the O2-

mediated LPMO reaction by delivering electrons, cannot interact with the copper site 

when the LPMO binds a substrate (Courtade et al., 2016).  

The delivery of the second electron is a non-issue when considering the H2O2–driven 

reaction depicted in Fig. 20B. Bissaro et al. demonstrated in 2016 that addition of H2O2 

under anaerobic conditions could drive LPMO reactions and significantly boost the 

reaction rate compared to aerobic conditions without addition of H2O2. Competition 

experiments with labelled H2O2 clearly indicated that the LPMOs preferably use the 

available H2O2 during catalysis, even in the presence of a ten-fold molar surplus of O2 

(Bissaro et al., 2016, Bissaro et al., 2017). Bissaro et al. also showed that a H2O2 

consuming enzyme (horseradish peroxidase) inhibited LPMO activity. Subsequent 

studies support the ability of LPMOs to use H2O2 instead of O2 (Hangasky et al., 2018, 

Kuusk et al., 2018, Wang et al., 2018, Hedegard and Ryde, 2018, Hegnar et al., 2019), but 

whether H2O2 or O2 is the preferred or “natural” co-substrate remains debated (Bissaro 

et al., 2017, Bissaro et al., 2018b, Chylenski et al., 2019, Forsberg et al., 2019, Hangasky 

et al., 2018, Eijsink et al., 2019). 

The H2O2-driven reaction requires only a single electron for a priming reduction from 

Cu(II) to Cu(I) state, after which the enzyme can carry out consecutive catalytic cuts. The 

exact reaction mechanism has not been established yet, but the reduced LPMO is 

believed to interact with a H2O2 molecule that is coordinated between the catalytic 

copper and the scissile bond. In any case, the H2O2-driven reaction regenerates the Cu(I) 

state which enables the LPMO to directly initiate a new catalytic cycle (Fig. 20).  
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Importantly, reduced LPMOs (Cu(I) state) act as oxidases when not bound to the proper 

substrate, and in this situation they will reduce O2 to H2O2 (Isaksen et al., 2014, Kittl et 

al., 2012), meaning that H2O2 can potentially be generated in any LPMO reaction (step 3 

in Fig. 20). LPMOs are easily reduced (Kracher et al., 2016), which means that when 

assuming O2-driven catalysis, the transfer of the second electron likely is the rate 

limiting step of the reaction. However, if one assumes that the LPMOs only use H2O2, the 

reaction rate is likely limited by the rate at which the LPMO can generate H2O2 from O2 

(in reactions without addition of exogenous H2O2, i.e. most LPMO reactions described to 

date). Additionally, the presence of reductant that has not yet been used to reduce the 

LPMO may lead to formation of O2-derived intermediates such as superoxide and H2O2, 

in particular in the presence of trace amounts of transition metals (step 5 in Fig. 20). To 

complicate things further, some reductants may also react with H2O2 (step 5’ in Fig. 20). 

Next to the multiple processes involving reductant and LPMO and that can affect the 

levels of H2O2 in the reaction, H2O2 consuming and H2O2 generating enzymes may play a 

role in LPMO-mediated degradation of biomass in nature (Bissaro et al., 2018b). H2O2 

consuming enzymes include for example peroxidases acting on lignin, whereas H2O2 

generating enzymes include members of the AA3 family that are frequently produced 

by biomass degrading fungi, including cellobiose dehydrogenases and other members 

of this family that are true oxidases, such as glucose oxidase. All in all, it would seem that 

H2O2 is a readily available co-substrate both in the natural setting of LPMOs and in 

common laboratory settings.  



INTRODUCTION 

35 
 

 

Figure 20. Proposed reactions involving LPMOs. Reaction (A) shows the oxygen-mediated 

reaction and is depicted in the left side of the Figure. In this reaction, the LPMO needs to be 

reduced  from the Cu(II) to Cu(I) state [step (0)] prior to every catalytic event, while a  second 

electron and two protons need to be delivered in each catalytic cycle. Reaction (B) shows the 

H2O2 -dependent reaction, where only a priming reduction [(0)] is needed before the LPMO can 

carry out consecutive catalytic events [(1)], without additional supply on electrons or protons. 

In this case, electrons and protons are supplied from the hydrogen peroxide. Note that reduced 

LPMOs in solution may react with O2 to generate H2O2 [(3)] and are prone to oxidative self-

inactivation when reacting with H2O2 in the absence of the proper substrate [(4)]. H2O2 may also 

be formed by reactions involving O2 and the reductant [(5)] in the presence of trace amounts of 

transition metals and may react further with these reductants to generate other reactive species 

[(5’)]. The figure was taken from (Hegnar et al., 2019). 

 

Importantly, reduced LPMOs are prone to autocatalytic inactivation, especially at low 

substrate concentration (Bissaro et al., 2017, Courtade et al., 2018, Forsberg et al., 2018, 

Loose et al., 2018); step 4 in Fig. 20). The reduced copper of an LPMO in solution will 

react with O2 or H2O2, and in the absence of substrate to create a “caged” environment 

for the generated reactive oxygen species (Wang et al., 2018, Bissaro et al., 2016, Bissaro 

et al., 2017, Bissaro et al., 2018b, Frandsen et al., 2016, Simmons et al., 2017), this 

species may damage the enzyme itself, as has been indeed documented (Loose et al., 
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2018, Bissaro et al., 2017). It has been claimed that enzyme inactivation is more 

prominent in H2O2-driven reaction relative to O2-driven reactions (Hangasky et al., 

2018), but this is disputed (Eijsink et al., 2019, Chylenski et al., 2019).  

Despite the large attention to LPMOs in recent years and despite major progress, many 

aspects of these enzymes remain unknown, for example, the structural determinants of 

substrate specificity. Of note, for LPMOs, little is known about the variation in and the 

structural determinants of more “simple” but industrially highly relevant properties, 

such as the pH and temperature optima for activity and thermal stability. Paper III of 

this thesis describes a thermostable LPMO with interesting properties, which may be 

used in further studies on the effects of temperature on LPMO functionality. Paper IV 

describes attempts to unravel structural determinants of the substrate specificity of 

LPMOs.   

 

1.4 The emerging bioeconomy 
The world economy has since the industrial revolution of the 18th century relied heavily 

on non-renewable carbon sources (i.e., fossilized carbon such as coal, petroleum, and 

natural gas) to sustain the demand for energy, chemicals, and fuels (Liu et al., 2012). 

Fossilized carbon encompasses complex hydrocarbons that originate from ancient 

biomass that was deposited millions of years ago and exposed to high pressure and 

temperature over a prolonged period (Gupta, 2018, Schobert, 2013). Importantly, 

unlike the biomass of  living organisms, the fossilized carbon reservoirs are finite and 

will eventually be depleted (Höök et al., 2010). Additionally, the use of fossilized carbon 

sources is considered hazardous to the environment, as it is a major source of air 

pollutants, contributes to global climate changes through the release of climate gases, 

and disrupts natural landscapes during the extraction process (Vanholme et al., 2013).  

The term bioeconomy refers to economic activities using renewable biological 

resources to produce energy and commodities (Guo and Song, 2019). A transition 

towards a sustainable bioeconomy is indeed ongoing, with the aim of exploiting 

renewable biological sources (e.g. from agriculture, forestry, aquaculture, and municipal 

biowaste) in an environment friendly manner to sustain our consumption. Non-

biological renewable energy sources, including wind power, solar power, geothermal 

power, and hydropower, will undoubtedly play an important role in the future of 



INTRODUCTION 

37 
 

society, but these sources are mainly used to generate electricity, not chemicals and 

consumables (Henrich et al., 2015). “Green carbon” from biomass represents an 

attractive alternative to fossilized carbon, and can be converted to value-added products 

such as food, feed, fiber, chemicals, materials, and fuels, with the potential of replacing 

most if not all of today’s petroleum-based products (Vanholme et al., 2013). The 

production of plant biomass additionally captures CO2 from the atmosphere during the 

growth phase. While there are many types of biomass that could be considered, this 

thesis focuses on plant-derived “lignocellulosic” biomass. 

As discussed in sections 1.2 and 1.3, specialized biocatalysts have developed in Nature 

to function as tools in the turnover of continuously replenished biomasses. These tools 

can be implemented in industrial processes to enable enzyme-driven bioprocessing in 

biorefineries (Fig. 21). Of note, while this thesis focuses on the use of enzymes and 

enzyme mixtures, Nature’s catalytic power may also be exploited in the form of 

microbes or microbial communities with abilities to convert biomass to useful products. 

One example is the production of biogas (methane) through anaerobic digestion. An 

area of research referred to as “synthetic biology” aims at developing microbes that are 

genetically engineered to carry out specific biotransformations. 
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Figure 21. Schematic overview of the bioeconomy. The use of specialized enzymes as 

biocatalysts to degrade recalcitrant biomasses is crucial for achieving a circular bioeconomy. 

Please note that biomass processing involves more steps than enzymatic degradation, as 

outlined in the main text, and that production of certain biomass-derived products, such as 

cellulose-based materials, do not necessarily involve enzymes.  The figure was adapted from 

www.bioteknologiradet.no (the Norwegian Biotechnology Advisory Board). 

 

1.4.1  Enzyme technology for bioprocessing in biorefineries 
“Biorefinery” is a concept based on the conversion of biomass to chemicals, energy and 

materials that can replace the need for petroleum, coal, natural gas, and other non-

renewable energy and chemical sources (Liu et al., 2012). The most well-known 

products of biorefineries are biofuels, in particular bioethanol obtained by fermentation 

of biomass-derived sugars. 

So-called “1st generation biofuels”, which are made from food crops that mostly consist 

of the easily degradable carbohydrate starch, can already be produced in an 

economically competitive process (Vanholme 2013). However, 1st generation biofuels 

are not considered a truly sustainable source of energy because they compete directly 

with human food (i.e. deplete food crops and farming land) and because the energy 

balance of their production and use is not particularly favorable, compared to cellulosic 

ethanol (Van Noorden, 2013).  
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Cellulose, which constitutes a non-edible and much more rigid carbohydrate than 

starch, has traditionally been used for firewood, building material, cotton, and paper to 

provide energy and useful materials. However, cellulosic biomass can alternatively be 

converted to sugars that may be fermented to high-value products and fuels, referred to 

as 2nd generation biofuels and chemicals, and this possibility has received much 

attention in recent years. For instance, agriculture and forestry generate large amounts 

of cellulosic by-products that are currently being disposed of as waste, and 

bioprocessing of these by-products would ensure complete utilization of the biomass 

feedstock (Saini et al., 2015). One major bottleneck related to making 2nd generation 

biofuels and chemicals lies in overcoming the recalcitrance of lignocellulosic biomass. 

Despite major progress in recent years, in part due to the discovery of LPMOs, the 

enzyme cocktails currently used are not always sufficiently effective. Thus, the required 

enzyme dosages may prevent processes from being economically viable (Taha et al., 

2016).  

One way to decrease the recalcitrance prior to adding enzymes, is to reduce the particle 

size and disrupt the substrate matrix in order to make the polysaccharides more 

accessible (Arantes and Saddler, 2011), as visualized in Fig. 22. Such pre-treatments 

include milling, chipping, grinding or freezing, followed by physiochemical (e.g. steam 

explosion), chemical (e.g. dilute acid or ionic liquids) or biological (e.g. microbes or 

enzymes) pre-treatments that disrupt the lignocellulosic matrix by removing or 

modifying hemicellulose and/or lignin and loosening the crystalline structure of the 

cellulose (Harun et al., 2011). A detailed discussion of these technologies (Galbe and 

Zacchi, 2012, Chandra et al., 2007, Chaturvedi and Verma, 2013, Maurya et al., 2015, 

Haghighi Mood et al., 2013) is beyond the scope of this thesis. Importantly, for most, if 

not all lignocellulosic biomasses, the current status is that relatively harsh pre-

treatments are needed to reach acceptable yields during subsequent enzymatic 

depolymerization. 
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Figure 22. Pre-treatment on lignocellulosic biomass. Different pre-treatment methods are 

used to reduce particle size, increase accessible surface area, and remove or modify the 

hemicellulose and lignin that surround the cellulose fibrils. The figure was taken from 

www.glbrc.org (Great Lakes Bioenergy Research Center). 
 

After pre-treatment, the biomass can be depolymerized to fermentable sugars using the 

CAZymes described in section 1.3. The monomeric sugars can subsequently be 

processed to desired compounds (such as bioethanol or single cell protein) by 

fermenting organisms or used as a precursor to be further processed into advanced 

chemicals. In order to maximize the yields during the enzymatic depolymerization, the 

CAZymes are applied together in carefully determined optimal ratios, commonly 

referred to as enzyme cocktails. Enzymes are costly, and it is thus desirable to use 

enzymes that are easily produced in order to lower the total enzyme cost, and to employ 

enzymes that are highly stable at the processing conditions in order to ensure that the 

enzymes stay active throughout the incubation time. Thermal stability is a factor of 

particular importance in many biorefinery processes. High temperature limits 

contamination of the bioreactor by mesophilic microbes, increases the solubility of 

organic compounds and thus allows processing of the substrate at high dry matter 

concentration, and speeds up the reaction rate (Haki and Rakshit, 2003).  
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1.4.2  Strategies towards better enzymes 
Enzymes suited for industrial use may be discovered through bioprospecting of 

environments where the conditions resemble the desired processing conditions. 

Bioprospecting generally involves either sequence-based selection of (putative) 

enzyme-encoding genes, based on sufficient sequence similarity to previously 

characterized enzymes (genome or metagenome mining), or activity-based screening, 

where one looks for  desired activities, followed by a targeted search for the encoding 

gene (functional screening). Importantly, the recent (meta)-omics revolution, makes it 

possible to access many biodiversities without ever culturing a microbe. By combining 

metagenomic and metaproteomic information, active metabolic pathways in an 

industrially interesting microbial ecosystem may be identified (e.g.  Hagen et al., 2017). 

Enzymes can be further optimized for industrial bioprocessing conditions and optimal 

performance on industrially relevant substrates through enzyme engineering, which 

can be based on strategies such as rational design and directed evolution.  

The bioprospecting approach implies that one searches organisms and environments 

for useful enzymes. In an industrial perspective, one would be looking for enzymes that 

may work well under industrial conditions, which include uncommon temperature, pH, 

or salinity. Biomass-degrading organisms and their enzymes are abundant in Nature, 

including in ecological niches with extreme conditions, and thus hold almost unlimited 

possibilities for discovery of novel enzymes with interesting properties. Mining of 

microbial metagenomes generated from special ecological niches may yield enzymes 

that are adapted to these niches, as shown in Papers I and II of this thesis. The deposition 

of metagenomes from relevant environments in publicly accessible databases has eased 

modern bioprospecting by making enzyme-encoding sequences easily accessible 

(Tiwari et al., 2018, Li et al., 2011, Madhavan et al., 2017). 

It is important to note that bioprospecting based on metagenome mining can only reveal 

enzymes that are similar to previously characterized enzymes (i.e., their sequences 

share enough identity with enzymes of known function to relatively safely predict that 

the structure and activity must be similar). By comparison, functional screening of 

microbial communities only addresses the actual performance of the enzymes and is not 

biased by the sequence, which can lead to discovery of completely novel enzymes. One 

method for carrying out functional screening is to express random fragments of a 



INTRODUCTION 
 

42 
 

metagenome in a so-called fosmid library, and subsequently explore the sequences of 

fosmids that encode desired enzyme activities (Armstrong et al., 2019). Fosmids (F-

plasmid-based vectors usually introduced to E. coli host cells) can express inserts of up 

to 40 kb, and detection of activity therefore usually requires subcloning of the individual 

reading frames present on the fragment in order to establish exactly which gene encodes 

the novel enzyme with the desired properties.  

While bioprospecting provides scientists and industry with enzymes that have evolved 

over millions of years to carry out tasks under specific conditions, there are still 

remaining challenges that need to be met to make industrial enzymatic bioprocessing 

economically feasible. As discussed above, industrial biocatalysts need to be produced 

in a cheap manner, which is not always possible. Furthermore, key operational 

properties of candidate enzymes, in particular the pH-activity profile, the temperature-

activity profile, as well as thermal and pH stability, may not be optimal for the envisaged 

industrial application.  

To improve the efficiency of natural enzymes at process conditions, different strategies 

for enzyme engineering can be applied to alter traits.  These can be based on rational 

design and mutagenesis of a few selected residues (e.g. Zhang et al., 2015, Eijsink et al., 

2004), or on generating mutant libraries that can be searched for improved variants 

using high-throughput screening (directed evolution) (Schmidt-Dannert and Arnold, 

1999, Lutz and Iamurri, 2018, Eijsink et al., 2005). One key method for generating 

diversity in mutant libraries is “gene shuffling” (e.g. Dana et al., 2012, Stemmer, 1994), 

which implies the generation of libraries of hybrid enzymes. While an in-depth 

discussion of these strategies and of the structure-function relationships that underlie 

enzyme parameters such as thermal stability is beyond the scope of this thesis, a short 

summary of key strategies is provided below. Of note, in the context of lignocellulose 

processing, engineering efforts may also be directed at the biomass itself, by engineering 

for instance plants to be more easily degradable (Mahon and Mansfield, 2019). 

Rational design, also referred to as structure-based design, for improving enzyme 

properties normally requires that one knows the crystal structure of the enzyme and 

understands the structural basis of enzyme properties. However, multiple sequence 

alignments of enzymes with characterized traits (but potentially unknown structure) 

can also  be a starting point for rational design (sequence-based design), in which 
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sequences of related enzymes are aligned and compared to identify amino acid patterns  

that correlate with the desired trait. Sequence alignments may also be used to identify a 

“consensus sequence”, which in some cases may represent a protein of improved 

stability (Lehmann and Wyss, 2001). Rational design employs site-directed mutagenesis 

to introduce the amino acid mutations that are predicted to have implications for the 

desired trait. Thermostability is often of particular interest because it may allow 

prolonged use of the enzyme at harsh conditions that may be desired in industrial 

applications (Han et al., 2019, Watanabe et al., 2018). Strategies for thermostabilization 

through rational design include so-called entropic stabilization by rigidifying mutations 

such as the removal of glycines, or the introduction of prolines or sulfide bridges, which 

may be particularly effective when introduced in surface loops in order to reduce loop 

flexibility. Other stabilizing mutations could be aimed at stabilizing secondary structure 

elements (e.g., “helix capping”) or strengthening hydrophobic interactions within the 

protein (Watanabe et al., 2018, Eijsink et al., 2004). 

The first directed evolution of an enzyme (Chen and Arnold, 1993) was the start of a 

journey that led to Frances Arnold being awarded the Nobel prize in Chemistry in 2018. 

Directed evolution mimics natural evolution by introducing an artificial selection 

pressure or selection criteria while speeding up the DNA mutation rate, and was enabled 

by the high-throughput screening (HTS) revolution, i.e., the ability to carry out massive 

amounts of parallel biochemical reactions using robots (Pereira and Williams, 2007). 

Directed evolution usually relies on error-prone PCR that introduces random mutations, 

followed by a screening step to identify variants with improved properties, and is thus 

not dependent on structural data. Since, error-prone PCR will generate huge libraries 

(and since screening is costly), more sophisticate knowledge-based methods for library 

generation are often used, for example methods that only mutate a (relevant) part of the 

enzyme or a sub-set of codons for selected residues that are thought to be important 

(see below). Gene shuffling may be used to construct hybrid enzymes, in which a set of 

related sequences are fragmented and randomly recombined (Dalby, 2011, Stemmer, 

1994, Dana et al., 2012). Directed evolution generally depends on iterative cycles where 

the best enzymes from each cycle are used as starting point for the next cycle (e.g. Eijsink 

et al., 2005).  
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There are several downsides to directed evolution (Watanabe et al., 2018). Very few of 

the random mutants are likely to display the desired characteristics. Thus, if one does 

not have any information that may be used to limit library size (see above), huge random 

libraries must be produced to increase the chances of generating only a few improved 

mutants. Also, there is a possibility that the introduction of multiple mutations results 

in beneficial mutations being masked by mutations with negative effects. Multiple 

mutations may also hamper the process of determining exactly which mutations led to 

the improved traits. Finally, error-prone PCR will produce many mutations on the DNA-

level, but not all of these will affect the protein at the amino acid level, as amino acid 

substitutions often require more than one mutation within each codon. 

An approach that employs a combination of the abovementioned strategies may be the 

best method for altering enzyme traits efficiently (Lehmann and Wyss, 2001, Lutz, 2010, 

Steiner and Schwab, 2012). Semi-rational design (or focused directed evolution) results 

in smaller, more high-quality libraries focusing on pre-selected target sites. A common 

approach is to carry out saturation mutagenesis of selected sites, which implies that the 

libraries are constructed such that they include all 20 possible amino acids at these 

selected sites. An early example of combining enzyme engineering methods successfully 

(site-directed mutagenesis, error-prone PCR, and finally random shuffling of the best 

mutations) was demonstrated for a heme peroxidase for application in laundry 

detergents, where one mutant showed a 174-fold increase in thermal stability and a 

100-fold increase in oxidative stability relative to the wild-type enzyme (Cherry et al., 

1999). 

Paper IV of this thesis describes a study in which high-throughput screening of a semi-

rationally designed mutant library was used to tackle one of the major outstanding 

issues in the LPMO field, namely identification of the structural determinants of 

substrate specificity.
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2 THE PURPOSE OF THIS STUDY AND OUTLINE 

OF THE THESIS 
Enzymes are likely to play an important role as biocatalysts in the transition to a 

sustainable bioeconomy. CAZymes can be used in processing of renewable carbon 

sources such as biomass from forestry, agriculture, and aquaculture to generate energy 

and commodities in an environmentally friendly manner. However, these biomasses are 

often highly resistant to enzymatic conversion and the efficiencies of several processing 

steps, including the performance of the enzymes themselves, remain major bottlenecks 

in making industrial bioprocessing economically viable. 

Better enzymes for improved bioprocessing can be discovered through bioprospecting 

of relevant environments where biomass turnover occurs in nature. In addition, 

naturally evolved enzymes may be optimized for industrial process conditions or 

industrial substrates by enzyme engineering. 

The work described in this thesis was done within the framework of the national 

NorZymeD project in Norway. The project involved Universities, research institutions 

and industrial actors and was aimed at establishing a national pipeline for the 

development of enzyme technology with the potential of increasing value creation from 

various biomasses in Norway. 

In the NorZymeD project, metagenomic data from various biodiversities was searched 

by metagenome mining to discover novel enzymes. The metagenome sources included 

high-temperature environments, such as bioreactors and compost, hot sediments from 

deep-sea vents of the Arctic Mid-Ocean Ridge, gill-symbionts of the arctic wood-eating 

shipworm, and the microbiome of the Svalbard reindeer rumen. Selected enzyme 

candidates were produced and characterized in lab-scale to evaluate their potential for 

industrial application, using industrially relevant process conditions and substrates 

provided by the industrial partners. Selected enzymes were tested in pilot scale at 

industrial facilities. Enzyme engineering through directed evolution was employed in an 

effort to alter enzyme traits, which implied the generation of mutant libraries, followed 

by screening using high throughput mass spectrometry-based methods developed 

within the project. 
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This thesis comprises three scientific papers that report discovery and characterization 

studies of three different CAZymes with potential applications in the processing of 

lignocellulosic biomass. Paper I describes a thermostable GH6 endocellulase from a rice 

straw/compost metagenome, whereas Paper III describes a thermostable LPMO from 

the same environment. Paper II describes a GH10 xylanase, with a novel CBM (CBM85) 

that was derived from deep-sea hot vents of the Arctic Mid-Ocean Ridge. Paper IV 

describes the first directed evolution study of an LPMO and was carried out to assess 

the opportunities provided by MS-based high throughput screening technologies. As an 

initial assessment of these opportunities, a mutant library was generated and then 

screened for variants with altered substrate specificity.  

The conducted work is mainly fundamental research on prominent enzymes for 

bioprocessing of lignocellulosic biomass (i.e., cellulases, hemicellulases, LPMOs, and 

carbohydrate binding modules), but with emphasis on industrially relevant aspects such 

as thermal stability and substrate specificity.
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3 MAIN RESULTS AND DISCUSSION 
 

3.1 Paper I – Discovery and characterization of a thermostable two-domain 

GH6 endoglucanase from a compost metagenome  
 

Depolymerization of cellulose to glucose is a common main goal in biorefining of plant 

biomass. Glucose is an ideal starting platform for fermentation processes that generate 

value-added products such as bioethanol or single cell protein. Degradation of cellulose 

can be achieved by deploying cellulases, which commonly entails the combined action 

of endoglucanases, cellobiohydrolases and β-glucosidases (see section 1.3).  

After metagenome mining of publicly available metagenomic data collected from rice 

straw inoculated with compost and incubated at high temperature (55 °C) (Reddy et al., 

2013), 20 CAZyme-encoding genes were synthesized for expression in E. coli. 

Subsequent cloning, expression and purification studies yielded 14 soluble proteins of 

which 8 showed significant activity on an industrial cellulose substrate (sulfite-pulped 

Norway spruce from Borregaard AS): three GH5s, two GH6s, two GH48s, and one GH9. 

Based on a combined assessment of the activity of the individual enzymes on sulfite-

pulped spruce and the ease of protein production and purification, a putative 

endoglucanase (mgCel6A) belonging to the GH6 family was subjected to in-depth 

studies, which are described in Paper I. In addition to the GH6 catalytic domain, the 

mature protein encompasses an extended linker region and a carbohydrate-binding 

module (CBM2; Fig. 23). 
 

 

Figure 23. Domain structure of mgCel6A. The full-length enzyme [omitting the signal peptide 

(SP)] consists of a catalytic domain (GH6) connected to a binding module (CBM2) through a 40-

residue linker rich in prolines and threonines. 

 

C-terminally His-tagged versions of full-length mgCel6A and the catalytic domain alone 

were expressed in E. coli and the enzymes were purified using immobilized metal 

affinity chromatography (IMAC). The full-length enzyme was easily produced despite its 
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40 residue linker, with approximately 500 mg enzyme obtained per liter E. coli culture. 

A simple and high-yielding production process is desirable for any enzyme as it lowers 

the total cost of enzyme production, and is an important aspect when evaluating the 

potential of enzymes in applied settings. 

Functional characterization showed that mgCel6A is thermostable enzyme, a trait that 

is often desired in industrial bioprocessing, for example to avoid contamination issues 

or increase product solubility. The apparent melting temperature (Tm) was 76 °C, and 

the highest product yields from the industrial spruce substrate pre-treated by sulfite-

pulping were obtained at 75 °C in short reactions (15 minutes). In overnight reactions, 

mgCel6A performed best at 60 °C. In stability assays, the enzyme retained an impressive 

90 % activity after being pre-incubated at 65 °C for 24 hours. 

The enzyme exhibited a clear preference for amorphous cellulosic substrates such as 

PASC (phosphoric acid swollen cellulose) and the sulfite-pulped spruce, compared to 

crystalline cellulose, such as Avicel and filter paper. Approximately 40 % of the chain 

ends generated during the enzymatic reaction resided in the non-solubilized fraction of 

the substrate, indicating that the enzyme does not attack from the chain ends and 

consistent with an endoglucanase mode of action. Analysis of products generated from 

sulfite-pulped spruce showed considerable production of trimeric products, which also 

indicates endoglucanase action.  

Protein crystals were obtained for the catalytic domain and the solved structure 

supported an endoglucanase mode of action by showing an open substrate-binding cleft 

and an overall close resemblance to the nearest homologue with a solved structure, the 

endoglucanase TfCel6A from Thermobifidia fusca (Spezio et al., 1993), with 68% 

sequence identity. The structure of mgCel6A showed a putative flexible loop region in 

which two residues could not be modelled (Fig. 24). This is consistent with observations 

made for TfCel6A, where the corresponding loop is thought to alter its conformation 

upon substrate binding (Larsson et al., 2005). 
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Figure 24. Structure of the catalytic GH6 domain of mgCel6A. The enzyme is viewed looking 

directly onto the catalytic cleft (left panels), and from the side (right panels). The upper panels 

show the structure as cartoon representation with β-sheets in blue, α-helices in pink, and loops 

in white. The lower panels show a surface representation of the structure. The structure was 

solved at 1.88 Å (PDB ID: 6FAO) and shows a deep catalytic cleft. Ser84 and Ser85 that reside in 

a glycine-rich loop (GASSGG) could not be modelled and indicate a flexible region that might 

undergo conformational changes upon substrate binding. The location of the putative catalytic 

acid, Asp117, is indicated in red in the lower left panel (note that the catalytic base remains 

elusive in GH6s; Payne et al., 2015).  

 

The closely related TfCel6A is a well-studied member of the GH6 family (Calza et al., 

1985), and comparison of the two enzymes using previously published data for TfCel6A 

indicates that mgCel6A is more stable and easier to produce. Comparison of their 
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activity on sulfite-pulped spruce (this study) showed that both enzymes could only 

convert approximately 15 % of the substrate in 48 hours when working alone (loaded 

at 8 mg/g cellulose), and thus, evidently, need synergistic partners such as 

cellobiohydrolases, LPMOs or β-glucosidases to fully depolymerize the substrate.  

The effect of the CBM2 on the efficiency of the GH6 domain was also investigated and it 

was shown that the presence of the CBM hampered product yields when the substrate 

loading exceeded 50 g/L dry matter (Fig. 25). This important observation is similar to 

observations made for fungal cellulases that are connected to CBM1s (Varnai et al., 

2013), and underpins that the role of CBMs in industrial processes may require some 

reconsideration. CBMs confer a “proximity effect” (Boraston et al., 2004) that increases 

the effective enzyme concentration on the substrate in dilute systems, but this effect 

seems to be abolished at high substrate concentrations when the catalytic domain is 

likely to encounter substrate-binding sites regardless of the CBM. The negative effect of 

the CBM under these conditions is presumably because the CBM hampers the rate of 

substrate desorption. The substrate loading in industrial settings is usually high, and the 

present results thus indicate that it could be beneficial to employ enzymes without CBMs 

in industrial bioprocessing.  

 

 

Figure 25. Effect of the CBM2 at different dry matter concentrations. The yield after 48 

hours of the reaction with the full-length enzyme (mgCel6A) at each dry matter concentration 

(DM%) is defined as 100 % activity. The catalytic domain alone (mgCel6AΔCBM) performed 

worse at low substrate concentrations, but as the dry matter content in the reaction was 

increased, the catalytic domain eventually outperformed the full-length enzyme. The figure was 

adapted from Fig. 8 of Paper I. 
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3.2 Paper II – Discovery of a thermostable GH10 xylanase with broad substrate 

specificity from the Arctic Mid-Ocean Ridge vent system 
 

Cellulose fibrils are frequently associated with different hemicelluloses in the plant cell 

wall. The hemicelluloses are usually partly removed by different pre-treatment 

methods, but residual hemicelluloses still represent obstacles that hamper the action of 

the cellulases. Hemicellulases can be employed to enzymatically remove different 

hemicelluloses from cellulosic substrates, and thereby work in synergy with the 

cellulases.  

A putative xylanase from the GH10 family was discovered in a metagenome collected 

from hot vent sediments at the Arctic Mid-Ocean Ridge (AMOR). This deep-sea vent 

system represents an interesting biodiversity that has not yet been properly explored, 

and is thus likely to hold enzymes with novel properties. A chamber filled with an 

industrial sulfite-pulped spruce substrate was incubated in hot sediments 

(approximately 70 °C) near the deep-sea vents and collected after one year of 

deployment at the sea floor. After extraction of DNA from the incubation chamber, the 

metagenome of the bacteria that had been able to grow on the substrate was 

determined.  

Metagenome mining revealed a putative GH10 (AMOR_GH10A) with relatively low 

sequence similarity to other GH10s (42 %) and only 31% sequence identity with the 

closest characterized relative (a cellulosomal xylanase, Xyn10D, from Clostridium 

thermocellum; Zverlov et al., 2005). Interestingly, the complete AMOR_GH10A protein 

seemed to contain a novel domain upstream of the GH10 (Fig. 26) that could not be 

classified into any of the established CAZy families using the dbCAN CAZyme annotation 

tool. The enzyme also had an inter-domain sequence that did not resemble a linker, as 

well as a C-terminal sequence without known function. These parts of the enzyme could 

perhaps affect enzyme activity and/or stability, as similar sequence stretches were also 

identified upstream and downstream of phylogenetically related GH10s. 
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Figure 26. Domain structure of AMOR_GH10A. The reading frame encodes a N-terminal signal 

peptide followed by a domain of unknown function and a catalytic GH10 domain separated by 

an inter-domain sequence that does not resemble a linker (i.e. lacks regions of low sequence 

complexity that are commonly found in linkers). The C-terminal region downstream of the GH10 

domain could also not be assigned any specific function. 

 

Full-length AMOR_GH10A as well as the domain of unknown function were expressed in 

E. coli with a C-terminal His-tag. The novel domain was tested for CBM-like 

characteristics and this showed that it was able to bind to various insoluble and soluble 

(hemi)cellulosic substrates (Fig. 27), but with a surprising preference for glucose 

backbones (of the tested substrates; see also below). BLASTp searches with the novel 

domain sequence revealed many “unknown” domains with sequence identities up to 39 

% that are associated with GH10s and in some cases other GH-families. The proteins 

containing homologues of the AMOR_GH10A CBM frequently originated from halophilic 

and/or aquatic environments, including geothermal environments. This novel domain 

of AMOR_GH10A became the founding member of a novel CBM-family, CBM85 

(www.cazy.org/CBM85.html).  

AMOR_GH10A produced substituted and unsubstituted xylooligosaccharides from 

birchwood glucuronoxylan, confirming its activity as an (endo-)xylanase. The 

conditions at the sea floor near the vent system are characterized by high temperature 

and salinity. Using birchwood glucuronoxylan as substrate, it was shown that 

AMOR_GH10A expectedly exhibited high thermostability and halotolerance with an 

apparent Tm of 85 °C in the presence of 0.5 M NaCl, while in the absence of salt the 

apparent Tm decreased to 75 °C. Optimal product yields from glucuronoxylan were 

obtained at 80 °C and the activity was virtually abolished in the absence of NaCl, 

demonstrating that the enzyme is dependent on NaCl to function properly (at least at 

high temperatures). 

The enzyme was shown to have a remarkably broad substrate specificity, also showing 

good activity on xyloglucan, glucomannan and PASC. The activity on β-glucan backbones 

was confirmed by kinetic analysis of oligosaccharide degradation, which showed much 
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better performance of AMOR_GH10A toward cellopentaose compared to xylopentaose, 

with kcat/Km values of 22.9 min-1mM-1 and 0.12 min-1mM-1, respectively.  It is not 

uncommon for GH10 xylanases to display activity on e.g. cellulose but this activity is 

usually clearly lower, compared to xylan substrates, which makes AMOR_GH10A a 

unique exception. However, quantitatively, the activity of AMOR_GH10A was poor 

compared to other characterized xylanases, which could indicate that this enzyme, 

which originates from a largely unexplored biodiversity, may have evolved to interact 

with entirely different substrates, or that the consequence of having such a wide 

substrate specificity is overall lower activity.  

 

 
Figure 27. Binding properties of the founding member of the CBM85 family. The upper 

panel displays binding to insoluble substrates (the substrate names have been simplified, see 

details in Paper II) for the novel domain, and show a preference for glucose backbones (PASC 

and Avicel) followed by xylan backbones (glucuronoxylan). The lower panel shows binding to 

soluble substrates assessed by gel-shift assays using non-denaturing gels. The control gel to the 

left shows the migration of RNAse A (control protein) and the CBM in the absence of substrate. 

The other gels (where the respective substrates have been incorporated into the gels) show 

clear binding for the CBM to a glucose backbone (β-glucan), weak binding to glucomannan 

(mixed glucose and mannan backbone), and no binding to arabinoxylan and xyloglucan. The 

figure was adapted from Fig. 8 and Fig. 9 of Paper II. 
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The well-known xylanase A from Cellulomonas fimi (CfXyn10A, formerly known as Cex) 

has a weak cellulolytic side-activity for which two structural features have been 

suggested to be involved (Notenboom et al., 1998). Firstly, the conformation of a 

conserved glutamine (Gln87) in the -2 subsite differs compared to non-cellulose-active 

GH10s in that this residue attains a position that likely allows the accommodation of a 

glucose unit. While this glutamine residue is conserved in many GH10 xylanases with 

and without a cellulolytic side-activity, it is not conserved in AMOR_GH10A, which has a 

tryptophan in this position (Trp325), suggesting that the –2 subsite of AMOR_GH10A 

may look quite different. Secondly, a sequence element involved in shaping the –1 

subsite and conserved in all structurally characterized GH10 xylanases to date is lacking 

in AMOR_GH10A. One of the residues in this region of CfXyn10A, Trp281, is thought to 

sterically hinder binding of glucosides and must rearrange to allow binding of such 

substrates. The absence of this entire region in AMOR_GH10A suggests that the -1 

subsite looks quite different, and could imply that sterical hindrance of glucosides is not 

a problem in the –1 subsite of AMOR_GH10A. 

The binding properties of the novel CBM85 partly coincide with the observed catalytic 

activity of the appended GH10 domain in that the CBM85 binds well to β-glucans and 

birch glucuronoxylan. However, we were not able to detect binding of the CBM to wheat 

arabinoxylan or tamarind xyloglucan (TXG), although AMOR_GH10A is active towards 

these substrates. The closest relatives of the CBM85s are certain CBM22 domains, such 

as CtCBM22-2 appended to a C. thermocellum xylanase. This CBM22 interacts with a 

wide range of xylans and xylooligosaccharides and residues that are key to substrate 

binding by this CBM, Trp53 and Tyr103, correspond to Trp73 and Trp122 in the CBM85 

of AMOR_GH10A (see Fig. 7 in Paper II). While this conservation of aromatic surface 

residues suggests similarities, other surface residues of CBM22 are not all conserved in 

the CBM85, which could explain the differences in observed substrate-binding 

preferences. Considering the apparent discrepancies between the binding preferences 

of the CBM85 and the activity profile of AMOR_GH10A, it would be of interest to study 

substrate binding by the GH10 domain alone. However, repeated efforts to express the 

AMOR_GH10A catalytic domain alone failed. 
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3.3 Paper III – A thermostable bacterial AA10 LPMO with high operational 
stability in a wide temperature range. 

 

LPMOs are important enzymes in bioprocessing as they can disrupt crystalline 

polysaccharide fibrils, thereby granting hydrolytic enzymes access to binding sites in 

parts of the substrate that these enzymes would otherwise struggle to reach. The 

powerful oxidative chemistry of LPMOs is a relatively recent discovery and multiple 

aspects of these enzymes remain insufficiently explored. LPMOs suffer from 

inactivation, not only due to usual inactivating factors such as extremes of pH or high 

temperatures, but also due to autocatalytic oxidative inactivation, as discussed in 

section 1.3 of the thesis. Advances in LPMO stability are thus of great interest. 

Paper III describes the production and purification of a putative bacterial AA10 LPMO 

that had been identified as overexpressed in a compost/rice straw metagenome 

(Simmons et al., 2014; note that the LPMO is referred to as a CBM33 in this paper) . The 

LPMO was only overexpressed when the rice straw was incubated at high temperature 

(55 °C), and not during incubation at mesophilic temperature (35 °C). The protein 

consists of a catalytic AA10 domain that is linked to a CBM2 via a 38 residue threonine- 

and proline-rich linker region (Fig. 29). 

 

 

Figure 29. Domain structure of mgLPMO10A. The enzyme comprises a 192-residue catalytic 

AA10 domain connected to a carbohydrate-binding module (CBM2) through a threonine- and 

proline-rich linker region. 

 

The full-length LPMO (residues 32-363) and the catalytic domain (residues 32-223) 

were expressed using the native signal peptide of SmLPMO10A to facilitate periplasmic 

expression. Before use, fractions of the purified LPMOs were copper-saturated by 

incubation with a three-fold molar access of CuSO4, followed by removal of surplus 

copper by gel filtration chromatography (Loose et al., 2014).  

Activity assays under “standard” LPMO conditions (1 mM ascorbic acid, aerobic) 

showed that mgLPMO10A was active on cellulose (PASC and Avicel). Analysis of 
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products generated from PASC showed that the LPMO oxidizes C1 in the scissile 

glycosidic bonds. During the further characterization of mgLPMO10A, a well-studied C1-

oxidizing cellulose-active LPMO from the mesophilic bacterium Streptomyces coelicolor 

was used for comparison (Courtade et al., 2018, Forsberg et al., 2014a). Like 

mgLPMO10A, this LPMO, known as CelS2 or ScLPMO10C, contains a CBM2. The two 

LPMOs share 62 % sequence identity. 

Unfolding studies using differential scanning calorimetry (DSC) indicated that the 

apparent melting temperature of full-length mgLPMO10A was approximately 83 °C (Fig. 

30). To the best of our knowledge, this is the highest apparent melting temperature 

recorded for an LPMO, and it is significantly higher than the apparent melting 

temperature of ScLPMO10C, which is approximately 64 °C (see Paper IV). The apparent 

Tm decreased to approximately 73 °C when the copper was removed (by incubation with 

EDTA) to generate an apo-form of full-length mgLPMO10A. This demonstrates that the 

LPMO is stabilized when the transition metal is coordinated in the histidine brace. The 

unfolding curve for full-length mgLPMO10A in Fig. 30 shows a single transition which 

means that the two domains do not unfold independently or that they have 

approximately the same melting temperature. Removal of the CBM2 from mgLPMO10A 

affected the melting temperature negatively and yielded a Tm of approximately 76 °C.  

This indicates that the two domains may interact with each other in a way that confers 

protection at high temperatures, but could also be a result of an unfavorable 

configuration at the C-terminus caused by non-optimal truncation. 
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Figure 30. Thermal stability of mgLPMO10A. The Figure shows melting curves, as 

determined by differential scanning calorimetry (DSC), for copper-saturated mgLPMO10A, as 

well as the apo-form and the truncated version (“cd”). The protein was heated at 1 °C/min in 50 

mM sodium phosphate buffer, pH 6.0. The figure is identical to Fig. 2 of Paper III. 

 

Monitoring the degradation of Avicel at 40-80 °C showed that the copper-saturated 

mgLPMO10A is highly active up to temperatures of at least 80 °C (Fig. 31). Both 

ScLPMO10C and mgLPMO10A produced oxidized products at a faster rate as the 

temperature was increased, but ScLPMO10C became unstable at 70 °C and virtually no 

product was detected at 80 °C. The reactions with mgLPMO10A showed only minor 

enzyme inactivation at 80 °C. Of note, we do not know exactly how elevated temperature 

affects the reductant, the co-substrate, and the H2O2-generating oxidase activity of 

LPMOs. Thus, the product yields and apparent enzyme inactivation observed in Fig. 8 do 

not necessarily reflect only thermal stability or higher catalytic rates at elevated 

temperatures. For example, increased LPMO activity could result in faster H2O2 

generation at the higher temperatures. The temperature could also have implications 

for substrate binding, which would affect both the oxidase activity of the LPMO and the 

sensitivity to autocatalytic inactivation. Further experiments are needed to resolve 

these issues. 
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Figure 31. Activity at elevated temperatures. Panels A-E show product generation in 

reactions containing 10 g/L Avicel and 1 μM copper-saturated LPMO (mgLPMO10A or 

ScLPMO10C) in the presence of 1 mM AscA, in 50 mM sodium phosphate buffer, pH 6.0, at 

temperatures ranging from 40 °C to 80 °C. Soluble oxidized products were converted to oxidized 

dimer and trimer by treatment with an endoglucanase prior to quantification. Panel F shows a 

summary of the effect of temperature on the initial rate of mgLPMO10A. The figure is identical 

to Fig. 3 of Paper III. 

 

A thermostable LPMO could be valuable in industrial applications, and such applications 

would likely involve hydrolytic enzymes (cellulases and hemicellulases) that work in 

synergy with the LPMO. Metatranscriptomic analysis of the compost/rice straw sample 

from which mgLPMO10A was derived (Simmons et al., 2014) showed that mgLPMO10A 

was overexpressed together with a single cellulase, a putative GH48, when the 

community was incubated at high temperature. This GH48 (mgCel48A) and a putative 

GH6 (mgCel6B) were both produced as part of the initial phase of the study that led to 

paper I, as described above. Both cellulases are putative CBHs with CBM2s, supposedly 

attacking cellulose chains from the reducing and non-reducing end, respectively, and 

both showed a clear synergistic effect with mgLPMO10A at elevated temperature (60 

°C). 
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MgLPMO10A was also tested in a spiking experiment with a commercial cellulase 

cocktail (Celluclast) that is assumed to be largely devoid of LPMO activity. In the 

experiment, 15 % of the enzyme cocktail (consisting of Celluclast mixed with a β-

glucosidase in a 10:1 ratio on a protein basis) was replaced by mgLPMO10A. This setup 

generated clearly more products than 100 % of the cocktail, meaning that the presence 

of mgLPMO10A enables the cellulases to release more sugars (Fig. 32).  

The synergy experiments were carried out with copper-saturated mgLPMO10A, but also 

with an untreated mgLPMO10A sample taken directly from the purification (referred to 

as mgLPMO10A-Cu2+ and mgLPMO10Apure, respectively). Interestingly, both synergy 

experiments showed that the untreated LPMO was as beneficial to the product 

formation as the copper-saturated LPMO after industrially relevant processing times. 

However, the effect was smaller for the untreated LPMO at the earlier time points, 

suggesting that this enzyme works more slowly than the copper-saturated enzyme.  

These results suggest that perhaps it could be beneficial to employ non copper-

saturated LPMOs in bioprocessing settings. Industrial processing with cellulases is 

usually conducted over several days, while copper-saturated LPMOs often generate all 

the products within a few hours and are then inactivated, and are thus unable to assist 

the cellulases in attacking the remaining cellulose towards the end of the reaction. 

Copper-saturated LPMOs may be more exposed to autocatalytic inactivation because 

the ratio between reduced (and thus potentially self-destructive) LPMOs in solution and 

available substrate may become unfavourable.  

The results described above drew our attention to the copper saturation procedure that 

is commonly used in LPMO research. The effect of copper saturation was further 

investigated in additional experiments with both the copper-saturated enzyme and the 

untreated enzyme, “as is”, i.e., used directly after the final purification step. Copper 

saturation is a common procedure prior to LPMO activity assays that aims to secure that 

every LPMO has a copper coordinated in the histidine brace and is thus capable of 

oxidative cleavage of polysaccharides. 
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Figure 32. Synergy with cellulases and the effect of copper saturation. CC stands for the 

commercial enzyme cocktail Celluclast supplemented with a β-glucosidase (BG) in a 10:1 ratio. 

In the experiments, 15 % of the total loading of CC (4 mg/g glucan) was replaced by mgLPMO10A 

(copper-saturated or untreated) and used to degrade 50 g/L Avicel at 50 °C and pH 5.0 (i.e. the 

optimal conditions for the cocktail enzymes). The glucose yields (i.e. not counting oxidized 

LPMO products)  showed that mgLPMO10A (both copper-saturated and untreated) significantly 

increased cellulose efficiency. The figure is identical to Fig. 5 of Paper III. 

 

Time course experiments with the untreated LPMO (Fig. 33) showed that product 

generation was slow but steady (approximately 20 times slower than the reaction with 

copper-saturated LPMO at 60 °C; Fig. 31). The untreated LPMO was prone to inactivation 

at the higher temperatures (70 and 80 °C), thus supporting the DSC results (Fig 30), 

which showed that copper saturation improves thermostability. In the time course 

experiments, the untreated LPMO was almost immediately inactivated at 80 °C (Fig. 33), 

while the copper-saturated LPMO was highly active at 80 °C (Fig. 31).  Note that the 

seemingly lower stability at 70 °C and 80 °C, compared to Figure 31 may be due to both 

much longer incubation times and the lack of the stabilizing effect provided by copper 

binding. 

All in all, these observations suggest that the purified mgLPMO10A contains very little 

copper, meaning that most of the enzyme is in an inactive state. The synergy data 

discussed above show that this in fact may be favorable in certain settings. The presence 

of copper in mgLPMO10A was investigated using ICP-MS, which showed that the 

copper-saturated LPMO bound approximately 1 copper per molecule, but that there is 
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also a significant amount of free copper (approximately 0.35 per molecule) left after the 

copper saturation. It is important to note that the presence of a small amount free 

copper could in principle affect the LPMO reactions. Further studies on the effects of 

remaining free copper are currently in progress. Importantly, the ICP-MS data also 

showed that the untreated LPMO had only 0.07 copper per LPMO, which is consistent 

with the observations described above. 

 

 

Figure 33. Progress curves using mgLPMO10A without copper saturation. The graphs 

show oxidized products generated by untreated mgLPMO10A from 10 g/L Avicel at 50 °C to 80 

°C. The Figure shows that using an LPMO that had not been copper-saturated yielded stable and 

slow reaction kinetics. The reaction rate increased with the temperature but was, in all cases 

much lower than when using the copper-saturated enzyme. At 80 °C LPMO inactivation was 

almost immediate. The figure is identical to Fig. 6 of Paper III. 
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3.4 Paper IV – Tuning the substrate specificity of an AA10 LPMO from cellulose 

to chitin 

 

The aim of the study described in Paper IV was to use a directed evolution approach to 

change the LPMO substrate specificity from cellulose to chitin, using a well-studied 

AA10 LPMO, ScLPMO10C, which is produced naturally by the soil bacterium 

Streptomyces coelicolor A3 (Forsberg et al., 2014a), as a template. This study was a first 

step in the development of a pipeline for engineering properties of LPMOs, with the 

ultimate goal of increasing the applicability of these enzymes in biomass processing. The 

study involved the development of novel methods for high-throughput screening of 

LPMO action by SINTEF in Trondheim, Norway. 

Residues that based on previous studies and sequence alignments seemed likely to be 

involved in substrate specificity were targeted in the design of the library, which 

comprised 4320 unique mutants, involving five residues in the substrate-binding 

surface. 11 520 colonies were screened using a mass spectrometry-based high-

throughput assay and 37 positive (i.e., likely chitin-active) mutants were selected. The 

mutant genes were sequenced to reveal the mutations that conferred chitinolytic 

activity, leading to the identification of 27 unique mutation patterns. The mutation 

patterns were not necessarily straightforward to explain, demonstrating that large 

mutant libraries and high throughput screening methods can identify successful 

solutions that would most likely not have been considered otherwise.  

Experimental work on a selection of the putatively chitin-active variants verified the 

chitinolytic activity. For the most active mutant (M18), the activity on β-chitin was 70-

fold higher than in wild-type ScLPMO10C (note that this is a rough estimate as the wild-

type chitinolytic activity was close to the lower detection limit). The same mutant 

showed a 16-fold decrease in cellulose-activity (Fig. 34). None of the tested mutants 

showed activity towards α-chitin, the more crystalline (i.e. more challenging to degrade) 

and abundant chitin-allomorph. Perhaps α-chitin should also have been used to screen 

the library. 
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Figure 34. Shift in cellulolytic and chitinolytic activity in the best ScLPMO10C mutant 

(M18). The figure illustrates that M18 showed a 16-fold decrease in cellulolytic activity and a 

70-fold increase in chitinolytic activity relative to ScLPMO10C wild-type. Product formation was 

assessed after four hours of incubation with 0.5 % (w/v) PASC or 1 % (w/v) β-chitin, 

respectively. The figure is identical to Fig. 8 of Paper IV. 

 

When compared to a naturally chitinolytic AA10 LPMO (SmLPMO10A), the mutants 

proved to be quite active during the initial phase of the reaction, however they had lower 

operational stability both in O2 and H2O2 driven reactions (shown here for M18; Fig. 35). 

Based on the experimental data and other mutational studies on LPMOs (Loose et al., 

2018, Forsberg et al., 2018, Bissaro et al., 2017), the increased rate of inactivation in 

M18 is likely related to suboptimal substrate binding. As discussed in section 1.3.3.1, 

LPMOs that are reduced but not interact productively with the substrate are prone to 

auto-oxidative damage due to the reaction of Cu(I) in the catalytic center with O2, H2O2, 

or other oxygen species. It would thus seem that M18, while representing a considerable 

step forward in the engineering of LPMO substrate specificity, is not yet a “perfect” 

chitin-active LPMO. 

The intrinsic capability of the wild-type enzyme for cleaving chitin is interesting 

although the product yield is close to the lower detection limit (likely explaining why 

this activity had not been detected before). It is likely that the catalytic domain of the 

wild-type binds much worse to chitin than the mutants generated in this study, and thus 

is inactivated very rapidly in the reactions by auto-oxidation as the enzyme is unable to 

coordinate the H2O2 correctly relative to the chitin scissile bond.  
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Fig. 35 shows that the O2 driven reaction (A) is slower compared to the reaction where 

H2O2 is added at 15-minute intervals (B), as both the mutant and SmLPMO10A have 

converted all the H2O2 to products before 7.5 minutes have passed (and most likely 

much faster than this, based on recent kinetic studies of H2O2 driven LPMO reactions; 

Kuusk et al., 2018). Assuming that H2O2 is the co-substrate of LPMOs, the rate of product 

generation in the O2-driven reaction is likely limited by the rate of H2O2 formation during 

side reactions with O2 and the LPMO or reductant, whereas the H2O2 driven reaction rate 

is limited by the amount of H2O2 added, although too high H2O2 amounts can lead to H2O2 

being used to inactivate the LPMO during unproductive binding rather than product 

formation. Of note, experiments with higher dosages of H2O2 indeed led to increased 

enzyme inactivation, especially for M18, further highlighting the stability difference 

between this mutant and SmLPMO10A. 

 

 

Figure 35. Progress curves and operational stability. The graphs show progress curves for 

the naturally chitin-active SmLPMO10A, the naturally cellulose-active ScLPMO10C wt, and a 

chitin-active mutant of ScLPMO10C (M18). The panels show an O2-driven reaction with 1 mM 

ascorbic acid added at the beginning of the reaction (A) and a H2O2-driven reaction with 15 μM 

H2O2 and 100 μM ascorbic acid added every 15 minutes (B). Note that these graphs only show 

soluble products and that the fraction of soluble versus insoluble oxidized products may change 

over time. Also note that, in the experiment of panel B, accumulating ascorbic acid may 

contribute to product formation, since the experiments were conducted aerobically. See Paper 

IV for further discussion. The figure was adapted from Fig. 3 and Fig. 5 of Paper IV. 
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Melting point assays showed that the thermal stability of the mutants had decreased 

significantly as a result of the mutations. This was a somewhat surprising result because 

there are only four mutations relative to the wild-type, and they all reside on the surface 

of the enzyme. Of note, incubation temperatures were such that it is not to be expected 

that thermal stability plays a role in shaping the progress curves depicted in Fig. 35. 

In all three mutants selected for characterization (referred to as M2, M5 and M18), four 

of the five targeted residues were mutated, as illustrated in Fig. 36. Tyr79 was the only 

residue that was not altered in the chitin-active mutants, suggesting that the wild-type 

residue is preferred also for chitinolytic activity. The four mutations all contributed to 

the chitinolytic activity, as mutation of the individual residues back to wild-type 

sequence in all cases reduced (but did not abolish) the chitinolytic activity. This suggests 

that when combined, the mutations generate a substrate-binding surface that is more 

suited for binding correctly to chitin.  

Three of the four M18 mutants still displayed a drastic decrease in cellulosic activity 

relative to the wild-type enzyme. However, one residue (Trp141 in the wild-type and 

Gln141 in M18) stood out because mutation of this residue back to wild-type sequence 

recovered much of the activity on cellulose. 

 

Figure 36. Structural differences between the ScLPMO10C wild-type and M18. The figure 

displays the substrate-binding surface of ScLPMO10C in the wild-type enzyme (left) and the best 

mutant M18 (right). The five targeted residues, as well as the two histidines (His35 and His144) 

that coordinate the copper (orange sphere), are displayed as sticks. Note that the two other 

characterized mutants, M2 and M5, differed slightly from M18 in that Ala82 was replaced by 

Gln82 in M2 and His82 in M5. The figure was adapted from Fig. S1 of Paper IV.  
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In early work on ScLPMO10C it was shown that this enzyme binds strongly to chitin, in 

fact stronger than to its preferred substrate cellulose (Forsberg et al., 2014b). As shown 

in Paper IV, this binding is primarily mediated by the CBM as the catalytic domain of 

ScLPMO10C bound much weaker that the full-length enzyme. Thus, it was not 

unexpected that M18, which contains the CBM, bound equally well to chitin as wild-type 

ScLPMO10C. Considering the potential impact of substrate-binding on LPMO 

functionality, in particular operational stability, it would be of major interest to study 

the substrate binding properties of the catalytic domains of ScLPMO10C and M18, as 

well as the control LPMO (single domain chitin-active SmLPMO10A). Perhaps the strong 

binding of the CBM to chitin is actually unfavourable. If the catalytic domain is anchored 

to chitin through the CBM, but moves around without sufficiently rapidly finding 

productive binding sites, it could perhaps be a cause of rapid inactivation and explain 

why M18 is less stable than e.g. CBP21. Single domain M18 might not encounter the 

same problem. Unfortunately, despite multiple attempts, it has so far not been possible 

to recombinantly produce the catalytic domain of M18. 

The study described in paper IV was successful in generating chitinolytic activity in a 

naturally cellulolytic LPMO, and it demonstrated how a directed evolution approach can 

reveal combinations of mutations that give a desired change in LPMO performance. Even 

though the main goal of altering the substrate specificity was achieved, the mutants do 

not seem to be optimized in regards to substrate binding, which affects the operational 

stability, and somehow the mutations also came at the expense of thermostability. 

Targeting additional residues could perhaps have provided better and more “complete” 

chitin-active variants without these stability issues. Importantly, the results described 

in Paper IV show a proof-of concept for MS-based screening of LPMO functionality, 

providing opportunities for directed evolution studies targeting other properties of 

these enzymes, such as stability.
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4 CONCLUDING REMARKS  
In conclusion, the work presented in this thesis demonstrates how modern 

bioprospecting approaches that employ metagenome mining can uncover novel 

enzymes with interesting activities and potential applications in industry. The 

properties of the enzymes described in Papers I-III reflect the habitats they were 

sampled from, including traits such as thermal stability and halotolerance. 

Novel enzyme families can be discovered using this bioprospecting approach, as 

completely novel domains may be encoded together with domains that are recognized 

due to similarity to known enzymes. This was demonstrated by the identification of the 

founding member of the CBM85 family, which was discovered based on its association 

with a GH10 domain detected by the dbCAN metaserver for protein annotation.  

Enzyme discovery could be further improved by functional screening of biodiversities, 

for example by screening fosmid libraries for biomass-degrading abilities, since this 

would allow discovery of unknown enzymes that are not yet in the databases and thus 

cannot be recognized by bioinformatics approaches. This approach was pursued in the 

NorZymeD project by functional screening of a fosmid library expressing random 

fragments of metagenomic DNA collected from an anaerobic high-temperature (65 °C) 

fermentation of sulfite-pulped spruce using an inoculum from a biogas reactor. The 

attempt was however not successful, because sequencing of the positive fosmids 

revealed only well-known cellulolytic enzymes.     

The work included in this thesis offers some interesting data regarding aspects relevant 

to applied enzyme settings, in particular, the effect of CBMs on enzyme efficiency (Paper 

I), the effect of copper saturation on LPMO performance (Paper III) and the synergy 

between a novel, stable LPMO and both individual cellulases and a cellulase cocktail 

(Paper III).  

Still, more could have been done. In work preceding the study described in Paper I, 

several thermally stable bacterial cellulases were produced that are not described in 

this thesis, except for two that were used in the work described Paper III. Of note, 

preliminary studies not reported in this thesis showed that several combinations of 

these bacterial enzymes show expected synergistic effects but did not reveal enzyme 
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combinations that, in terms of efficiency, could compete with current commercial 

enzyme cocktails composed primarily of fungal cellulases and LPMOs.  

The xylanase described in Paper II shows peculiar characteristics, whereas the LPMO 

described in Paper III shows unprecedented thermal stability and boosts cellulase 

activity. Further exploration of the potential of these enzymes in biomass processing 

still needs to be done.  

LPMOs are crucial for the efficiency of modern commercial cellulose cocktails (Müller et 

al., 2018, Müller et al., 2015, Johansen, 2016, Chylenski et al., 2019) but these enzymes 

retain many secrets and people have been claiming recently that their potential is not 

yet fully exploited (Bissaro et al., 2017, Eijsink et al., 2019, Forsberg et al., 2019). The 

NorZymeD project invested considerable resources in developing high-throughput 

methods for functional screening of LPMOs, and in the study described in Paper IV the 

developed protocols were successfully used to alter the substrate specificity of an LPMO. 

The altered substrate specificity of the mutants was accompanied by lower operational 

stability, revealing yet again the complexity of understanding LPMO functionality.  

Importantly, the developed screening method will allow future screening efforts aimed 

at understanding more LPMO parameters, and at developing LPMO variants with 

improved industrially relevant properties, such as improved operational stability. 
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Abstract

Enzymatic depolymerization of recalcitrant polysaccharides plays a key role in accessing

the renewable energy stored within lignocellulosic biomass, and natural biodiversities may

be explored to discover microbial enzymes that have evolved to conquer this task in various

environments. Here, a metagenome from a thermophilic microbial community was mined to

yield a novel, thermostable cellulase, named mgCel6A, with activity on an industrial cellu-

losic substrate (sulfite-pulped Norway spruce) and a glucomannanase side activity. The

enzyme consists of a glycoside hydrolase family 6 catalytic domain (GH6) and a family 2

carbohydrate binding module (CBM2) that are connected by a linker rich in prolines and

threonines. MgCel6A exhibited maximum activity at 85˚C and pH 5.0 on carboxymethyl cel-

lulose (CMC), but in prolonged incubations with the industrial substrate, the highest yields

were obtained at 60˚C, pH 6.0. Differential scanning calorimetry (DSC) indicated a Tm(app) of

76˚C. Both functional data and the crystal structure, solved at 1.88 Å resolution, indicate that

mgCel6A is an endoglucanase. Comparative studies with a truncated variant of the enzyme

showed that the CBM increases substrate binding, while not affecting thermal stability.

Importantly, at higher substrate concentrations the full-length enzyme was outperformed by

the catalytic domain alone, underpinning previous suggestions that CBMs may be less use-

ful in high-consistency bioprocessing.

Introduction

Cellulose is a major component of plant cell walls, where it contributes to the rigidity that

enables the plant to stretch towards the sunlight. Estimates of worldwide annual plant biomass

production amount to a staggering 170–200 billion tons, of which approximately 70% is cell

wall material often referred to as lignocellulose [1]. Accordingly, lignocellulose represents the

most abundant biomass on Earth and thus our largest renewable carbon reservoir, and holds

great potential for sustainable energy production [2, 3]. Utilization of lignocellulose as a

“green carbon” feedstock to replace oil-based commodities can generate second-generation
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biofuels and higher-value products from low-value waste products in agriculture and forestry,

and efficient enzymatic depolymerization is a key step in such biomass-based value creation

[4–6].

Lignocellulosic biomass is composed of a complex matrix of polysaccharides (cellulose and

various hemicellulose) and the aromatic polymer lignin. The ratio of these compounds differs

between plant species, but generally amounts to 40–50% cellulose, 20–35% hemicellulose and

15–30% lignin [1]. Cellobiose is the repeating unit of cellulose, and consists of two glucose

units rotated 180˚ relative to one another and joined by a β-1,4 glycosidic linkage [7]. Individ-

ual cellulose chains arrange into crystalline fibrils that are stabilized by extensive hydrogen

bonding, and in the plant cell wall these fibres are embedded in a matrix of hydrophobic lignin

and amorphous hemicelluloses [8, 9]. As a result, lignocellulose constitutes a recalcitrant struc-

ture that is highly resistant to degradation.

Microorganisms have evolved the ability to degrade lignocellulose by producing specialized

enzymes. Various catalytic activities with different roles in lignocellulose conversion have been

identified, reflecting the complexity and diversity of naturally occurring substrates. Decon-

struction of the most recalcitrant of the polysaccharides, cellulose, is achieved by cellulases,

which are hydrolytic enzymes belonging to various glycoside hydrolase (GH) families in the

Carbohydrate Active enZymes database (CAZy; www.cazy.org). Cellulases are usually classi-

fied further as endoglucanases, which cleave internal glycosidic bonds, and cellobiohydrolases,

which release cellobiose from accessible reducing or non-reducing chain ends. The cellobiose

is finally converted to glucose by β-glucosidases [10]. Efficient degradation of lignocellulose

requires additional enzymes including lytic polysaccharide monooxygenases (LPMOs), which

employ an oxidative mechanism to break internal bonds in crystalline cellulose regions [11–

15], and hemicellulases that degrade various hemicelluloses (e.g. xyloglucans, xylans, mannans

and glucomannans) surrounding the cellulose fibrils [9]. All the enzymes involved may con-

tain one or more carbohydrate binding modules (CBMs), which are thought to increase the

effective enzyme concentration on the substrate surface by positioning the catalytic domains

in proximity to the substrate [16, 17].

Due to the recalcitrance of lignocellulosic biomass, thermochemical pre-treatments (e.g.

steam explosion or acidic/alkaline treatments) are implemented prior to enzymatic treatments, to

accelerate industrial lignocellulose turnover in biorefineries. Such pre-treatments often require

harsh conditions, which may lead to destruction of sugars and the production of various enzyme

inhibitory substances [6, 18]. Because of this, and because it is generally considered favourable to

carry out the enzymatic conversion processes at higher temperatures [19], there is a need for

robust enzymes that originate from harsh natural environments, or that have been made robust

by enzyme engineering. Today’s commercial market for cellulases is dominated by fungal

enzymes from species such as the mesophilic fungus Trichoderma reesei [4, 20]. The temperature

optima of many fungal cellulases are in the 40–50˚C range, which is lower than what is commonly

desired in industry [21]. Even today, enzyme costs remain a significant factor in industrial bio-

mass processing [22, 23], so there is a general interest in discovering better enzymes.

In an attempt to find thermostable enzymes for cellulose processing, we have explored the

metagenome of a thermostable microbial community derived from rice straw inoculated with

compost and incubated at 55˚C [24]. This led us to express and characterize a 45 kDa two-

domain thermostable bacterial cellulase comprised of a GH6 domain and a C-terminal CBM2

domain. We present the functional and structural characteristics of this enzyme, called

mgCel6A, and assess its potential for use in high-temperature industrial degradation of sulfite-

pulped lignocellulosic biomass (Norway spruce). With a view on the potential industrial appli-

cation of mgCel6A, we have also assessed the role of the CBM and how this role depends on

the dry matter concentration in the enzymatic reaction.

A thermostable two-domain GH6 endoglucanase from a compost metagenome
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Materials and methods

Enzyme origin and homology modelling

Publicly available metagenome data accessible in the Joint Genome Institute IMG/M database

(https://img.jgi.doe.gov/cgi-bin/m/main.cgi; IMG genome ID 2199352008) were mined for

putatively lignocellulose active enzymes using dbCAN (csbl.bmb.uga.edu/dbCAN; [25]). The

1404 bp mgCel6A encoding gene (IMG gene ID 2200387098) was extracted from the metagen-

ome, and was annotated using InterPro (www.ebi.ac.uk/interpro). BLASTp (blast.ncbi.nlm.

nih.gov) and the PDB database (rcsb.org) were used to investigate similarities to known cellu-

lases and to check for occurrence of expected active site residues, and structures of homolo-

gous proteins were visualized and inspected in PyMol (pymol.org).

Cloning, expression and purification of mgCel6A and mgCel6AΔCBM

The mgCel6A gene (codon-optimized for Escherichia coli expression) was synthesized (Thermo

Fisher Scientific, Waltham, Massachusetts, USA) and bp 106–1404 (omitting the predicted 35

amino acid signal peptide sequence) was amplified by PCR using Phusion DNA polymerase

(New England Biolabs, Ipswich, Massachusetts, USA) and suitable primers (Eurofins, Ebers-

berg, Germany). To facilitate further subcloning, the forward primer was 5'TAAGAAGGAGA
TATACTATGGCAGATAGCGCATTTTATGTTGAT3'where the underlined nucleotides repre-

sent an over-hang sequence for ligation-independent cloning (LIC; [26]). Two different

reverse primers were employed, one to amplify the full-length gene (mgcel6A) with sequence

5'AATGGTGGTGATGATGGTGCGCGCTGGTACATGCACTACCATTCAG3', and one to am-

plify the catalytic domain alone (mgcel6AΔCBM) with sequence 5'AATGGTGGTGATGATGGT
GCGCTGCTGCAATTGCCAGTTCATAT3'. The PCR products were purified using a Nucleos-

pin Gel and PCR Clean-Up kit (Macherey-Nagel, Düren, Germany) and inserted into the

pNIC-CH expression vector (AddGene, Cambridge, Massachusetts, USA) by LIC. As a result

of this cloning strategy, the N-terminus of the (signal peptide-free) protein is extended with a

methionine, while a seven residue His-tag (AHHHHHH) is added at the C-terminus. LIC was

followed by heat shock transformation into chemically competent OneShot E. coli TOP10 cells

(Invitrogen, Carlsbad, California, USA). The host strain was allowed to proliferate in Super

Optimal broth with Catabolite repression (SOC) for 60 minutes prior to plating on Lysogenic

Broth (LB) agar containing 50 μg/ml kanamycin and 5% sucrose, followed by incubation over-

night at 37˚C. Single transformant colonies were inoculated in liquid LB containing 50 μg/ml

kanamycin and incubated overnight at 37˚C. The plasmid was isolated from transformants

using a NucleoSpin Plasmid kit (Macherey-Nagel), and the cellulase-encoding gene sequences

were verified by Sanger sequencing (GATC, Konstanz, Germany). The isolated plasmids were

subsequently transformed by heat shock into chemically competent OneShot BL-21 StarTM

(DE3) E. coli cells (Invitrogen) and grown in SOC media as described above, before plating on

LB agar containing 50 μg/ml kanamycin and overnight incubation at 37˚C. Transformant col-

onies were inoculated and grown in Terrific Broth (TB) containing 50 μg/ml kanamycin using

a Harbinger system (Harbinger Biotechnology & Engineering, Markham, Canada) at 22˚C

overnight. Protein expression was subsequently induced by addition of 0.2 mM isopropyl-β-

D-thiogalactopyranoside (IPTG) and the cultures were incubated for another 24 hrs at 22˚C.

The cell pellets were harvested by centrifugation at 5000 x g for 15 minutes (Beckman Coulter

Brea, California, USA), followed by rapid cooling to minus 80˚C, after which the cells were

resuspended in 50 mM Tris pH 8.0 with 500 mM NaCl and 5 mM imidazole. The cells were

lysed using a Vibracell sonicator (Sonics & Materials Inc., Newtown, Connecticut, USA) with

5 seconds on/off pulses for 3 minutes at 30% amplitude while kept on ice, and the cell debris
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was removed by centrifugation at 15,000 x g for 15 minutes. The cell-free protein extracts were

filtrated using 0.45 μm syringe filters (Sarstedt, Nümbrecht, Germany) after which the proteins

were purified by immobilized metal affinity chromatography (IMAC) using an Äkta pure

chromatography system (GE HealthCare, Chicago, USA) equipped with a Ni2+ affinity His-

TrapTM HP 5 ml column (GE HealthCare). The His-tagged proteins were eluted using a linear

gradient of 5–500 mM imidazole in 50 mM Tris pH 8.0, 500 mM NaCl. Protein fractions were

examined by SDS-PAGE (Bio-Rad, Hercules, California, USA), after which relevant fractions

were pooled and concentrated using 10,000 MWCO (Molecular Weight Cut-Off) Vivaspin

ultrafiltration tubes (Sartorius, Göttingen, Germany), with simultaneous buffer exchange to 20

mM Tris-HCl, pH 8.0. The purified proteins were stored at 4˚C. The protein concentration

was estimated using the Bio-Rad Protein Assay (Bio-Rad) based on the Bradford method [27]

or by measuring the A280 and using theoretical extinction coefficients (web.expasy.org/prot-

param) for calculating the concentrations. In both cases, a Biophotometer (Eppendorf, Ham-

burg, Germany) was used for measuring absorbance.

Crystallization, data collection, structure determination, and model

refinement

Crystallization experiments were performed with a stock solution of the (His-tagged) GH6 cata-

lytic domain (12 mg/ml, estimated by A280) in 20 mM Tris-HCl pH 8.0. Initial crystallization

conditions were screened using the vapour diffusion sitting drop method using a Phoenix crys-

tallization robot (Art Robbins Instruments, Sunnyvale, California, USA). The plates were set up

with 60 μl reservoir solutions and sitting drops with equal amounts of reservoir solution and

protein stock solution in a total drop volume of 1 μl. During incubation at 20˚C, crystals

appeared after about 5 weeks at conditions containing 1 M (NH4)2SO4, 0.1 M BisTris pH 5.5,

and 1% PEG 3350. Crystals were harvested, transferred to a cryoprotectant solution consisting

of the reservoir solution containing 27% Ethylene glycol, and subsequently flash cooled in liquid

N2. X-ray diffraction data were collected at the European Synchrotron Radiation Facility (ESRF;

Grenoble, France) beamline ID30B. Data collection and processing statistics are presented in

Table 1. The crystal structure was solved by molecular replacement using MolRep in the CCP4

program package [28] with 2boe as a search model (this is a single mutant of Cel6A from Ther-
mobifida fusca; this is the TfCel6A structure with the highest available resolution, 1.15 Å; [29]).

The initial refinement was executed in Refmac [30] followed by automated model improvement

in Buccaneer [31]. The manual building was done in Coot [32] interspersed by cycles of refine-

ment in Refmac and resulted in a final Rwork/Rfree of 15.83/20.44. The atomic coordinates and

structure factors have been deposited in the RCSB Protein Data Bank (PDB; www.rcsb.org)

with accession code 6FAO (S1). Figs presented in the results section were generated using

Pymol (pymol.org). The DALI server (http://ekhidna2.biocenter.helsinki.fi/dali) was used to

generate a structure-based alignment of mgCel6A (PDB ID: 6FAO), the homologous endoglu-

canase TfCel6A (PDB ID: 1TML; [33]), and the cellobiohydrolase TfCel6B (PDB ID: 4B4H;

[34]). Residues missing from the PDB files due to poorly defined electron density were manually

inserted in the structurally aligned sequences based on visual inspection of superimposed struc-

tures in Pymol. ESPript [35] was employed to visualize the final structure-based alignment and

highlight features such as conserved residues and specific loop regions.

Apparent melting temperature (Tm(app))

A Nano-Differential Scanning Calorimeter III (Calorimetry Sciences Corporation, Lindon,

USA) was employed to determine the apparent melting temperatures of mgCel6A and mgCe-

l6AΔCBM. The sample solutions contained approximately 1.5 mg/ml enzyme dialyzed
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overnight at 4˚C against 75 mM phosphate-citrate buffer, pH 6.0, and were degassed (5 min)

and filtered (0.22 μm) prior to loading the sample cell. Buffer from the dialysis, also degassed

and filtered, was used to record buffer baselines prior to the protein scans. A scan rate of 1˚C/

min from 20˚C to 90˚C was employed, and the experiments were carried out in duplicate,

using freshly dialyzed enzyme for each scan. The data were analysed using the NanoAnalyze

software (tainstruments.com); buffer baselines were subtracted from the protein scans.

Substrates

Enzyme activity was primarily evaluated on an industrial substrate derived from unbleached

Norway spruce (Picea abies) through a sulfite pulping pre-treatment termed the BALITM pro-

cess [36, 37], developed at Borregaard AS (Sarpsborg, Norway). The substrate had a glucan

content of 88%, while hemicelluloses and acid insoluble lignin comprised the remaining 12%.

Table 1. Data collection and refinement statistics.

Space group P212121

Wavelength (Å) 0.976

Resolution range (Å) 57.91–1.88 (1.92–1.88)

Completeness (%) 99.3 (94.4)

Mean I/σ(I) 10.5 (1.8)

Rp.i.m. 0.064 (0.534)

Total No. of reflections 135306 (6962)

No. of unique reflections 27338 (1636)

Rwork/Rfree 15.83/20.44

Cell dimensions

a, b, c (Å) 48.74, 78.68, 85.53

α, β, γ (˚) 90, 90, 90

Number of non-H atoms

Protein 2108

Water 379

Other� 9

Total 2496

R.m.s. deviations

Bonds (Å) 0.019

Angles (˚) 1.738

Average B factors (Å2)

Overall 17.34

Protein 16.60

Water 29.23

Othera 29.50

Ramachandran plot (# / %)

Preferred 258 / 93.48

Allowed 17 / 6.16

Outliersb 1 / 0.36

Values in parentheses are for the outermost shell.
aA sulfate ion and one molecule of ethylene glycol were identified in electron density and added. The sulfate ion was

likely introduced during crystallisation and the ethylene glycol molecule was probably introduced due to cryo

protection.
bResidues in the Ramachandran plot were categorized according to the nomenclature used in WinCoot version

0.8.6.1.

https://doi.org/10.1371/journal.pone.0197862.t001
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The substrate was dried at 40˚C overnight and the particle size was reduced in a planetary ball

mill PM 100 (Retsch, Haan, Germany) followed by sieving through a 0.85 mm screen, to make

the substrate amenable to use in small-scale reactions. Enzyme activity was also assessed on

the cellulosic model substrates carboxymethyl cellulose (CMC) (Sigma-Aldrich, St. Louis, Mis-

souri, USA), Avicel PH-101 (Sigma-Aldrich), filter paper (Whatman no.1) and phosphoric

acid swollen cellulose (PASC) prepared from Avicel PH-101 according to [38], as well as on

the hemicellulosic substrates konjac glucomannan (KGM), xylan and tamarind xyloglucan (all

from Megazyme, Wicklow, Ireland). Cello-oligomers with degree of polymerization (DP)

DP2-DP6 (Megazyme) were used as substrates for evaluating cleavage patterns.

Activity assays

Phosphate-citrate buffers in the pH range pH 3.0–8.0 were used in all activity assays. Activity

assays were carried out in 96-well microtiter plates (Thermo Fisher Scientific) with plastic sealing

for short incubations, and in 2 mL screw cap micro tubes (Sarstedt) for overnight incubations.

The reaction mixtures were incubated in thermomixers (Eppendorf, Hamburg, Germany), and

the enzyme concentration in activity assays was 1 μM unless stated otherwise. Reactions with

insoluble substrates were stopped by boiling the samples for 10 minutes, and the soluble reaction

products were collected by vacuum filtration using 0.45 μm 96-well filter plates (Merck Millipore,

Darmstadt, Germany). Reactions with soluble substrates were stopped by addition of a double vol-

ume of 3,5-dinitrosalicylic acid (DNS reagent) or an equal volume of 0.1 M NaOH depending on

the method used for product analysis (DNS or HPLC, respectively). Hydrolysis yields in reactions

were analysed using the DNS reagent for detection of reducing ends [39], and standard solutions

of cellobiose (the main end-product generated by mgCel6A from cellulose) were used for quantifi-

cation. Experiments were performed in triplicates.

Optimal conditions

The optimal conditions for hydrolysis were initially assessed with 1% (w/v) CMC as substrate.

The optimal temperature for activity was determined by comparing the yields from 10 minute

incubations at temperatures ranging from 50˚C to 90˚C, and the optimal pH for activity was

determined by comparing the yields from 10 minute incubations at pH 3.0–8.0. The optimal

conditions for hydrolysis of the industrial sulfite-pulped spruce substrate were estimated in the

same manner, using two different incubation times (15 minutes and 24 hours).

Thermal and pH stability

To assess thermostability and tolerance to acidic pH, the enzyme was pre-incubated at 4 μM

concentration for up to 24 hours in phosphate-citrate buffers ranging from pH 4.0 to pH 6.0,

at 60˚C, 65˚C or 70˚C. The enzyme samples were kept at 4˚C after pre-incubation. The resid-

ual activities at various time points were estimated by diluting the pre-incubated enzyme two-

fold in 2% (w/v) CMC in water followed by 10 minutes of hydrolysis at the optimal tempera-

ture (85˚C) for the enzyme. The pHs were not adjusted after pre-incubation. Half-lives were

determined by estimating the incubation time needed to reduce activity by 50%, compared to

the activity of non-pre-incubated enzyme at the same pH.

Reactions with various substrates

Degradation of various substrates (CMC, Avicel, PASC, sulfite-pulped spruce, KGM, xylan,

and tamarind xyloglucan), all at 1% (w/v) in phosphate-citrate buffer pH 6.0 by 1 μM mgCel6A

was examined by incubating reaction mixtures at 60˚C and 600 rpm for 72 hours.
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To determine the distribution of reducing ends in the soluble versus insoluble fraction after

hydrolysis of cellulose, a filter paper assay based on the method described by Irwin et al. [40]

was used. Disks of filter paper (4.0 mg, generated by a paper punch) were incubated with

enzyme (0.5 μM) for 24 hours at 60˚C in phosphate citrate buffer, pH 6.0, before the soluble

fraction (supernatant) and insoluble fraction (remaining filter paper) were separated by centri-

fugation (12.000 x g for 5 minutes). 400 μl of the supernatant was removed and boiled with

DNS reagent. The remaining filter paper was washed five times in distilled water, after which it

was resuspended in 400 μl of distilled water and boiled with DNS reagent.

The efficiency of 1 μM mgCel6A or mgCel6AΔCBM in degrading sulfite-pulped spruce at

varying dry matter (DM) loading (0.5–10% DM) was assessed after 48 hrs of incubation at

60˚C and 1000 rpm. The conversion of 10% DM sulfite-pulped spruce by mgCel6A was deter-

mined with an enzyme loading of 8 mg enzyme per g cellulose for 72 hours at 1000 rpm, and

the product yield was calculated according to Kristensen et al. [41]. The reactions were stopped

by boiling the samples for 10 minutes, and the soluble products were separated from the insol-

uble substrates by vacuum filtration, as above. Activity on soluble cello-oligomers (DP2-6) was

assessed using substrate concentrations of 0.1% (w/v) and an enzyme concentration of 1 μM;

reaction mixtures were incubated at 60˚C for 18 hrs without shaking and the reactions were

stopped by addition of an equal volume of 0.1 M NaOH. Products were stored at 4˚C until

analysis by DNS [39], HPAEC-PAD, or MALDI-TOF MS (see below).

Product analysis by HPAEC-PAD

Glucose and soluble cello-oligomers (DP2-6) were analysed by high-performance anion-

exchange chromatography (HPAEC) using an ICS3000 system (Dionex, ThermoScientific,

San Jose CA, USA) equipped with pulsed amperometric detection (PAD) and a CarboPac PA1

column (Dionex). A multistep linear gradient was used to elute the products at 0.25 ml/min,

going from 0.1 M NaOH to 0.1 M NaOH, 0.1 M sodium acetate (NaOAc) in 10 minutes, to 0.1

M NaOH, 0.14 M NaOAc in 5 minutes, to 0.1 M NaOH, 0.3 M NaOAc in 1 minute, and to 0.1

M NaOH, 1.0 M NaOAc in 2 minutes, before column reconditioning by applying 0.1 M

NaOH for 11 minutes. Data collection and analysis were carried out with the Chromeleon 7.0

software, and a DP1-DP6 cello-oligomer standard was used to quantify the products.

Product analysis by MALDI-TOF MS

Product formation from hemicellulosic substrates was assayed qualitatively using an matrix-

assisted laser desorption/ionization time-of-flight (MALDI-TOF) UltrafleXtreme mass spec-

trometer (Bruker Daltonics GmbH, Bremen, Germany) equipped with a Nitrogen 337-nm

laser. Reaction products (1 μl) were applied to an MTP 384 ground steel target plate TF (Bru-

ker Daltonics) together with 2 μl of 9 mg/ml of 2,5-dihydroxybenzoic acid (DHB) dissolved in

30% acetonitrile, followed by air-drying. Spectra were collected using Bruker FlexControl soft-

ware and analysed with Bruker flexAnalysis software.

Substrate binding

Enzyme binding to Avicel was examined using a slightly modified variant of the A280 method

described by Vaaje-Kolstad and co-workers [42]. The binding mixtures contained 1% (w/v)

Avicel and 0.1 mg/ml mgCel6A or mgCel6AΔCBM in phosphate-citrate buffer pH 6.0 and

were incubated at 22˚C and 1000 rpm. Substrate binding was monitored by determining the

A280 of the liquid fraction at various time points, using aliquots that were taken from the bind-

ing reactions and vacuum filtered over a 0.45 μm filter to separate unbound protein from
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protein bound to substrate. Protein concentrations were calculated by using theoretical extinc-

tion coefficients.

Results and discussion

Sequence analysis and enzyme production

Metagenome mining led to the identification of mgCel6A in metagenomic data originating

from a high-temperature (55˚C) rice straw/compost bioreactor. Studies have been published

on the metagenome [24] and its metatranscriptome [43]. Studying this and a related mesophi-

lic metagenome, Reddy and colleagues [24] showed that cellulases containing CBM2s, such as

mgCel6A, were significantly overrepresented in the thermophilic rice straw/compost commu-

nity. They also found that these CBM2-containing cellulase-encoding genes primarily

belonged to the genus Micromonospora. Using the InterPro server, mgCel6A was predicted to

comprise a signal peptide, a GH6 catalytic domain, a 40 residue proline- and threonine-rich

linker, and a CBM2 (Fig 1A). Previously identified GH6 cellulases include both endogluca-

nases and cellobiohydrolases of mainly bacterial and fungal origin (CAZy). CBM2s are known

to bind cellulose, and in some cases chitin or xylan [16].

Employing BLASTp, the closest relative of the GH6 domain was found to be an unpub-

lished putative endoglucanase (KXK58956.1) from Micromonospora rosaria. The closest rela-

tive with a known structure in the PDB database is an endo-1,4-glucanase from Thermobifidia
fusca (TfCel6A, formerly known as Thermomonospora fusca endocellulase E2; PDB ID: 1TML;

68% sequence identity; [33]). The PDB contains several more recent structures of TfCel6A,

including a complex with a substrate analogue and single-mutation variants, with higher reso-

lution (PDB ID: 2BOD, 2BOE, 2BOF, 2BOG; [29]).

The C-terminal CBM2 domain, which is connected to the GH6 domain by a 40-residue P/

T-rich linker region (Fig 1A), has 67% sequence identity with the CBM of an unpublished

endoglucanase from Micromonospora echinaurantiaca (SCG62086.1). As for homologues with

known structure, the closest relative is a CBM associated with the bifunctional beta-1,4-xyla-

nase/glucanase Cex from Cellulomonas fimi (45% sequence identity; PDB ID: 1EXH; [44]).

Notably, the 40-residue P/T linker in mgCel6A is long compared to its closest homologue with

known structure, TfCel6A, where the catalytic domain and the CBM2 are connected by a

21-residue P/T/N linker.

Both mgCel6A and mgCel6AΔCBM were expressed in E. coli. SDS-PAGE showed that

most of the protein was soluble after cell lysis, with only small remains in the cell pellet. The

two proteins were easy to produce and purify and the yields of purified protein were approxi-

mately 500 mg and 350 mg per litre culture, respectively.

Structure of the GH6 catalytic domain

The crystal structure of the catalytic domain of mgCel6A was solved to 1.88 Å (PDB ID:

6FAO) and is a typical representative of the seven-stranded TIM barrel α/β fold (Fig 1C). Sta-

tistics are shown in Table 1. The final model contained residues 2–288 of the expressed

288-residue catalytic domain plus an extra alanine from the C-terminal His-tag. Ser84 and

Ser85 in a glycine-rich surface loop (SGASSGGM) could not be modelled.

Fig 1B shows a structure-based sequence alignment of mgCel6A, the endocellulase TfCel6A

(PDB ID: 1TML; [33]) and the cellobiohydrolase TfCel6B (PDB ID: 4B4H; [34]), highlighting

conserved residues and the location of secondary structure elements in mgCel6A. Previous

studies have shown that GH6 endoglucanases owe their open cleft structure to shortening and

displacement of two surface loops compared to the corresponding loops in GH6 cellobiohy-

drolases. In the latter, elongated loops fold over the active site cleft and close it off to form a
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Fig 1. Sequence and structure of mgCel6A. (A) The domain structure of mgCel6A including a 35 residue signal peptide (SP), a 288 residue catalytic domain (GH6), a

40 residue proline- and threonine-rich linker, and a 104 residue carbohydrate binding module family 2 (CBM2). (B) Structure-based sequence alignment of the catalytic

domains of mgCel6A (PDB ID: 6FAO), TfCel6A (PDB ID: 1TML), and TfCel6B (PDB ID: 4H4B). The secondary structure elements of mgCel6A are depicted above the

aligned sequences. Red boxes show residues that are conserved in the three enzymes, while blue boxes indicate similar residues. A red star marks the catalytic acid, while

black stars denote other residues potentially involved in catalysis and/or substrate-binding [29, 46, 47]; all these are shown in Fig 2A, 2C and 2E. Residues highlighted in
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tunnel, which likely restricts the enzyme to attacking the chain ends of cellulose, while promot-

ing processivity [45]. Fig 1B and 1C highlight two loop regions termed the N-loop (amino-

proximal) and C-loop (carboxyl-proximal). The N-loop is highly flexible (Fig 2) in both

mgCel6A and TfCel6A to the extent that two of its residues could not be modelled in the

mgCel6A structure. The N-loop has a different conformation and is slightly extended in

TfCel6B, which together with a drastically extended C-loop (Fig 1B) gives the active site of this

enzyme a tunnel-like character (Fig 1C). MgCel6A has a deep but open substrate-binding cleft

similar to the one observed in TfCel6A, which suggests that mgCel6A, like TfCel6A, is an

endoglucanase.

Residues known to be involved in catalysis and exposed residues that shape the substrate-

binding catalytic cleft of TfCel6A [29, 46, 47] are marked with stars in the structure-based

sequence alignment of Fig 1B, which shows that most of these residues are conserved in

mgCel6A and to a somewhat lesser extend in TfCel6B. Based on the analogy with TfCel6A,

Asp117 is the catalytic acid in mgCel6A, while the catalytic base remains elusive, as is the case

for GH6 cellulases in general [48].

Fig 2 presents a closer view on the catalytic clefts of structures of TfCel6A and mgCel6A

and includes the structure of TfCel6A bound to the substrate analogue methyl cellobiosyl-

4-thio-beta-cellobioside [29]. Generally, the clefts look similar except for Arg78 and Asp79

whose conformations vary between the three structures. Notably, these two residues are adja-

cent to the flexible N-loop (high B-factors; Fig 2B, 2D and 2F). Asp79 has been proposed as the

catalytic base in TfCel6A [47], even though this aspartate does not reside within hydrogen-

bonding distance of a water molecule that could act as a nucleophile on the scissile bond.

Based on simulations of the cellobiohydrolase Cel6A from Trichoderma reesei (TrCel6A),

Mayes and co-workers recently proposed that Asp175 in TrCel6A (corresponding to Asp79 in

mgCel6A) may act as a more “remote” catalytic base by coordinating a short water wire that

comprises two water molecules aligned between the scissile bond and the aspartate [49].

The variation in the conformations of Arg78 and Asp79 and the high B-factors of the N-

loop clearly suggest that these residues and the N-loop change their conformation during sub-

strate binding and/or catalysis. However, determination of crystal structures of TfCel6A with

and without a bound substrate analogue did not show conformational changes nor rigidifica-

tion of this loop upon substrate-binding [29] (Fig 2B, 2D and 2F). In fact, as visible in Fig 2, in

the structure of TfCel6A with a bound substrate analogue, as many as six residues of the N-

loop could not be modelled, as opposed to only two or even zero in the ligand-free structures

of mgCel6A and TfCel6A, respectively. Modelling of the substrate-analogue into the catalytic

clefts of ligand-free mgCel6A and TfCel6A (Fig 2) further emphasized the structural variation

and the remaining uncertainty concerning the role of Asp79. In the structure of the complex,

the closest distance between Asp79 and the scissile bond is 10,6 Å compared to 9,1 Å and 7,7 Å
in the models of ligand binding TfCel6A and mgCel6A, respectively.

Apparent melting temperature (Tm(app))

The apparent melting points of the two enzyme variants mgCel6A and mgCel6AΔCBM were

estimated with differential scanning calorimetry (DSC) by monitoring the change in heat

yellow indicate two loops that differ between endocellulases and cellobiohydrolases in the bacterial GH6 family (see text for more details). (C) Side-view of the catalytic

domain of mgCel6A (PDB ID: 6FAO), TfCel6A (PDB ID: 1TML), and TfCel6B (PDB ID: 4B4H), coloured by secondary structure (green α-helices and pink β-sheets),

and with transparent surface representation. The amino-proximal (N) and carboxyl-proximal (C) loop regions of TfCel6B that are responsible for tunnel formation are

displayed in yellow. Note that one end of the active site tunnel in TfCel6B can be closed off by a flexible loop that is not visible in the structure displayed here; for more

details see [34].

https://doi.org/10.1371/journal.pone.0197862.g001
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Fig 2. Comparison of the catalytic clefts of mgCel6A and TfCel6A. All pictures contain the substrate analogue methyl cellobiosyl-4-thio-beta-cellobioside which

was modelled on the basis of superimposition with the crystal structure of TfCel6A in complex with this analogue (panel A, D; PDB ID: 2BOD), using Pymol. Panels

A, C and E show transparent surface representations of the catalytic clefts of TfCel6A crystallized with ligand, apo TfCel6A with modelled ligand and apo mgCel6A
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capacity along a temperature gradient. Both enzyme variants showed irreversible unfolding,

which was not fully two-state, as shown by the shoulders at approximately 65˚C (Fig 3). While

removal of the CBM had some effect on the shape of this shoulder, the main unfolding event

was not affected and both enzyme variants exhibited a Tm(app) of 76˚C. Since the “shoulder

peak” was present for both mgCel6A and mgCel6AΔCBM, it cannot be attributed to indepen-

dent denaturation of the CBM. It is possible, however, that the shoulder seen for mgCel6A

relates to the CBM, whereas the different shoulder seen for mgCel6AΔCBM reflects another

irregularity, for example related to fraying at the newly generated C-terminal end. Although

DSC data derived from irreversible unfolding processes must not be over-interpreted [50, 51],

the data clearly show that mgCel6A and mgCel6AΔCBM are stable enzymes. Notably,

with modelled ligand. The side chains of residues in the catalytic cleft (marked in Fig 1B) are represented by grey sticks, while the substrate analogue is represented by

yellow sticks. Panels B, D and F show ribbon representations of the same three proteins, coloured according to B-factor (blue means low; red means high). Note that

the N-loop lacks residues in two of the three structures, explaining the additional chain ends in this region (see text for details).

https://doi.org/10.1371/journal.pone.0197862.g002

Fig 3. DSC thermograms for mgCel6A and mgCel6AΔCBM. The molar heat capacity (Cp) after buffer baseline subtraction and sigmoidal baseline fitting is plotted

against the temperature. The thermograms are displayed as overlay graphs with individual y-axes. The protein samples (pH 6.0) were heated at a rate of 1˚C/min.

https://doi.org/10.1371/journal.pone.0197862.g003
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preliminary unfolding experiments based on measuring intrinsic fluorescence indicated simi-

lar Tm(app) values (data now shown).

Optimal conditions for activity

When using CMC and short incubation times (10 min), the full-length enzyme performed

best at 85˚C and pH 5.0 (Fig 4A and 4B). For sulfite-pulped spruce, the optimal reaction condi-

tions were 75˚C and pH 6.0 (Fig 4C and 4D). The differences in the optimal temperature and

pH displayed in in Fig 4 and the results of similar assays using different conditions (pH, incu-

bation time; not shown) suggest that stability comes into play at temperatures as high as 75˚C

and pH values below 6.0, as confirmed by the results described below. In any case, the results

depicted in Fig 4 confirm that the enzyme is highly thermoactive.

Operational enzyme stability

Hydrolysis of sulfite-pulped spruce in overnight reactions (24 hours) showed the highest yields

for reactions run at pH 6.0 and 60˚C (Fig 5A and 5B). The lower optimum temperature

observed here shows that stability comes into play when using more industrially relevant

Fig 4. Temperature and pH optimum of mgCel6A. Panels A & B show the optimal temperature at pH 5.0 (A) and the optimal pH at 85˚C (B) for activity on CMC,

assessed using 10 min reaction times. Panels C & D show the optimal temperature at pH 6.0 (C) and the optimal pH at 75˚C (D) for activity on sulfite-pulped spruce,

assessed using 15 min reaction times.

https://doi.org/10.1371/journal.pone.0197862.g004
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reaction times. Thermal and pH stability were further investigated by constructing half-life

curves after pre-incubating the enzyme in various conditions prior to carrying out an activity

assay. These experiments showed that the enzyme retained full activity after pre-incubation for

24 hours at 60˚C, pH 6.0 and pH 5.0 (results not shown). At higher temperatures or lower pH,

the enzyme became unstable. For example, at 65˚C the enzyme retained 0%, 50% and 90%

activity after 24 hours at pH 4.0, 5.0 or 6.0, respectively (Fig 5C), and at 70˚C the half-life of

mgCel6A was less than 2 hours when pre-incubated at pH 6.0 (Fig 5D).

Further studies of enzyme activity

The enzyme was active on all the tested cellulosic model substrates (Fig 6A), including CMC,

PASC and Avicel which represent various cellulose structures and degrees of crystallinity.

CMC is considered an endoglucanase substrate due to the carboxymethyl substitutions not

being compatible with the catalytic site (tunnel) of cellobiohydrolases [52]. While indeed active

on CMC, mgCel6A did not exhibit high activity on this substrate considering that CMC is a

soluble cellulose that should be easily accessible (Fig 6A). Therefore, an additional experiment

according to Irwin et al. [40] was carried out, showing that after degradation of filter paper,

Fig 5. Operational enzyme stability. Panels A & B show the optimal temperature at pH 6.0 (A) and the optimal pH at 60˚C (B) for 24 hours reactions with sulfite-

pulped spruce. Panel C shows half-life curves which were obtained by pre-incubating the enzyme at pH 4.0, 5.0 or 6.0 at 65˚C for 24 hours, followed by measurement of

remaining activity in a 10 minute assay with CMC. Panel D shows remaining activity against CMC after incubation of mgCel6A at 70˚C, pH 6.0, for various periods of

time.

https://doi.org/10.1371/journal.pone.0197862.g005
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approximately 40% of the newly generated reducing ends resided in the insoluble substrate.

This high fraction of insoluble reducing ends, together with the structural data, clearly show

that mgCel6A is an endocellulase. The nature of the endoglucanase mode of action implies

that most cuts will be made in the internal parts of the cellulose chains, thereby allowing other

enzymes, such as cellobiohydrolases to access the substrate more easily. Although such internal

cleavage is crucial for efficient depolymerization of cellulose, endoglucanases alone do not usu-

ally lead to a high degree of substrate solubilization, meaning that hydrolysis yields often seem

low. MgCel6A alone was able to convert 13.8±0.3% of sulfite-pulped industrial spruce (10%

DM) into soluble cello-oligomers during a 72 hours reaction at 60˚C, using an enzyme load of

8 mg enzyme per 1 g cellulose.

Progress curves for hydrolysis of sulfite-pulped spruce and Avicel showed that mgCel6A

degrades the industrial substrate more easily than Avicel (Fig 6B). While Avicel is predomi-

nantly crystalline, the sulfite-pulped spruce likely contains a higher ratio of amorphous

regions. Accordingly, compared to Avicel, the enzyme was considerably more efficient on

PASC (Fig 6A), a substrate that is primarily amorphous [38]. Thus, mgCel6A seems more

active on amorphous cellulose regions, while degrading crystalline cellulose at a slower rate. As

Fig 6. Degradation reactions and hydrolysis products. Panel A shows total solubilization yields after incubating 10 mg/ml CMC, PASC, Avicel, sulfite-pulped spruce

and KGM with 1 μM mgCel6A for 72 hours (60˚C, pH 6.0). Panel B shows progress curves for hydrolysis of 10 mg/ml sulphite-pulped spruce or Avicel by 1 μM

mgCel6A (60˚C, pH 6.0). Panel C & D show product profiles from sulfite-pulped spruce (conditions as in A) after 15 minutes (C) and 48 hours (D). Panel E shows

product profiles obtained after degrading various soluble cello-oligomers (DP2-DP6, at 0.1 mg/ml), for 18 hours.

https://doi.org/10.1371/journal.pone.0197862.g006
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commonly observed in enzymatic hydrolysis of cellulose, the reaction rate for mgCel6A

became drastically impaired within only a few hours (Fig 6B), suggesting that the substrate

rapidly becomes less accessible and degradable after initial fast conversion of the easily accessi-

ble parts [53].

Hydrolysis products

Analysis of reaction products obtained from the industrial substrate showed that mgCel6A

generates cellobiose and cellotriose during the initial phase of the reaction (Fig 6C), whereas

cellobiose accumulates as the main end-product in longer incubations (Fig 6D). Initial forma-

tion of a considerable amount of trimeric products fits well with the notion that mgCel6A is an

endo-acting enzyme, whereas the later dominance of the dimer suggests that the trimer is

slowly converted. The latter was indeed demonstrated in experiments using cellotriose as sub-

strate (Fig 6E). While the dimer was not cleaved by mgCel6A, all other tested cello-oligomers,

from DP3 to DP6, were converted to various amounts of DP1-3, consistent with cellobiose

being the dominating end-product (Fig 6E). Notably, Fig 6E also shows that the longer oligo-

mers were converted faster than the trimer.

Activity on hemicellulose

The activity of mgCel6A towards various hemicelluloses showed that the enzyme can degrade

konjac glucomannan (KGM) (Figs 6A & 7), a hemicellulose consisting of β(1–4) linked glucose

and mannan units (with an approximately 40:60 ratio), with backbone acetylations that make

the polymer soluble. A mass spectrum of mgCel6A-generated products (Fig 7) showed a vari-

ety of products in the DP3-DP13 range, carrying zero, one or two acetylations [54]. KGM is a

soluble substrate, which probably offers an explanation to why mgCel6A effectively degrades

KGM, relative to the insoluble cellulosic substrates (Fig 6A). Using MS for highly sensitive

product analysis, no activity was observed towards xylan or tamarind xyloglucan.

The effect of the CBM on substrate binding and enzyme efficiency

Substrate binding assays with Avicel showed that removal of the CBM from mgCel6A drasti-

cally reduced substrate affinity (Fig 8A). Whereas most of the full-length enzyme was bound to

the substrate after a few minutes of incubation, most of the truncated variant remained in solu-

tion even after longer incubations. This is an expected result, that has, for example, also been

described for fungal cellulases [55].

The closest characterized homolog of mgCel6A, TfCel6A, also has a CBM2 (although with

only 34% sequence identity to the CBM2 discussed in this paper), which has been shown to

increase binding affinity to insoluble substrates and to increase hydrolysis yields at low sub-

strate concentrations (~1% DM) [40]. Likewise, at low substrate concentrations (0.5–2.5%

DM), hydrolysis yields obtained with mgCel6AΔCBM were only 60–80% of the yields obtained

with the full-length enzyme. However, at higher substrate concentrations, there was no differ-

ence and at 10% DM, mgCel6AΔCBM outperformed mgCel6A (Fig 8B and 8C). Thus, at

industrially relevant substrate concentrations, it seems advantageous to employ this GH6 with-

out its CBM2 in order to maximize the yield.

Interestingly, a previous study on fungal CBM1-containing fungal cellulases has shown

that, while the CBM1-containing enzymes are clearly more efficient at low substrate concen-

trations, they are outperformed by their truncated, CBM1-free variants at high substrate con-

centrations (which imply low water contents). The present data, for a bacterial CBM2, indicate

that the substrate concentration-dependence of the impact of CBMs is a general phenomenon.

One explanation is that at high substrate concentrations the “proximity effects” ascribed to
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CBMs are superseded by the substrate concentration being saturating. In addition, CBMs

likely hamper the rate of substrate desorption, which, under conditions where the CBM no

longer contributes to the rate of substrate binding will lead to a net reduction in the overall

reaction rate [55, 56].

Concluding remarks

By mining metagenomic data originating in a relevant natural biodiversity, we have obtained

and characterized a thermostable bacterial GH6 cellulase, for which structural and functional

data demonstrate endoglucanase activity. The enzyme is active on all tested cellulosic sub-

strates, including industrial sulfite-pulped spruce. The overall solubilization yield for the latter

was approximately 14% when loaded at 8 mg/g cellulose, which is a promising yield for an

endoglucanase acting alone on insoluble cellulose [57, 58].

MgCel6A resembles the well-known TfCel6A endoglucanase in several ways, but has a

seemingly higher temperature optimum than the 55–58˚C that has been reported for the T.

Fig 7. Products generated by mgCel6A from konjac glucomannan (KGM). The indicated m/z values are for sodium adducts of products carrying zero, one (1Ac) or

two (2Ac) acetylations. All labelled peaks were not observed in the negative control (= a reaction without enzyme).

https://doi.org/10.1371/journal.pone.0197862.g007
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fusca enzyme [33, 59] (note that assay conditions affect the apparent temperature optimum,

complicating direct comparison with literature data). Importantly, mgCel6A seems much eas-

ier to produce in E. coli (500 mg/L for the full-length enzyme, versus 30–40 mg/L reported for

TfCel6A; [60]). The latter is quite remarkable considering that mgCel6A contains a 40-residue

P/T linker. TfCel6A is known to be active on CMC, PASC and filter paper; it is not known

whether the enzyme, like mgCel6A, is also active on glucomannan. Enzyme assays with

TfCel6A are commonly performed at 50–55˚C [40, 46, 47, 61]. MgCel6A shows good opera-

tional stability at 60˚C in overnight reactions with sulfite-pulped spruce, a Tm(app) of 76˚C

according to DSC, and the enzyme retains 90% activity after pre-incubation at 65˚C for 24

hours (Calza et al showed that TfCel6A loses less than 20% of its activity after 18 hours at 56˚C

[59]).

In conclusion, it seems that mgCel6A is a useful enzyme for conducting studies of cellulose

degradation at elevated temperatures. This novel endoglucanase exhibits desirable properties

compatible with industrial process conditions and has activity on an industrial lignocellulosic

substrate, making it a promising enzyme for development of industrial cellulose conversion

processes. When employing mgCel6A at industrially relevant substrate concentrations

(�10% DM), the hydrolysis yield was enhanced by removal of the CBM. The true potential of

mgCel6A will be explored in follow-up studies, where the enzyme will be assessed in the con-

text of synergistic enzyme cocktails.
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Discovery of a Thermostable GH10 Xylanase with Broad
Substrate Specificity from the Arctic Mid-Ocean Ridge Vent
System

L. Fredriksen,a R. Stokke,b M. S. Jensen,a B. Westereng,a J.-K. Jameson,a I. H. Steen,b V. G. H. Eijsinka

aFaculty of Chemistry, Biotechnology, and Food Science, Norwegian University of Life Sciences (NMBU), Ås, Norway
bDepartment of Biological Sciences and K. G. Jebsen Centre for Deep Sea Research, University of Bergen, Bergen, Norway

ABSTRACT A two-domain GH10 xylanase-encoding gene (amor_gh10a) was discov-
ered from a metagenomic data set, generated after in situ incubation of a lignocellu-
losic substrate in hot sediments on the sea floor of the Arctic Mid-Ocean Ridge
(AMOR). AMOR_GH10A comprises a signal peptide, a carbohydrate-binding module
belonging to a previously uncharacterized family, and a catalytic glycosyl hydrolase
(GH10) domain. The enzyme shares the highest sequence identity (42%) with a hy-
pothetical protein from a Verrucomicrobia bacterium, and its GH10 domain
shares low identity (24 to 28%) with functionally characterized xylanases. Purified
AMOR_GH10A showed thermophilic and halophilic properties and was active to-
ward various xylans. Uniquely, the enzyme showed high activity toward amorphous
cellulose, glucomannan, and xyloglucan and was more active toward cellopentaose than
toward xylopentaose. Binding assays showed that the N-terminal domain of this broad-
specificity GH10 binds strongly to amorphous cellulose, as well as to microcrystalline cel-
lulose, birchwood glucuronoxylan, barley �-glucan, and konjac glucomannan, confirming
its classification as a novel CBM (CBM85).

IMPORTANCE Hot springs at the sea bottom harbor unique biodiversity and are a
promising source of enzymes with interesting properties. We describe the functional
characterization of a thermophilic and halophilic multidomain xylanase originating
from the Arctic Mid-Ocean Ridge vent system, belonging to the well-studied family
10 of glycosyl hydrolases (GH10). This xylanase, AMOR_GH10A, has a surprisingly
wide substrate range and is more active toward cellopentaose than toward xylopen-
taose. This substrate promiscuity is unique for the GH10 family and could prove use-
ful in industrial applications. Emphasizing the versatility of AMOR_GH10A, its
N-terminal domain binds to both xylans and glycans, while not showing significant
sequence similarities to any known carbohydrate-binding module (CBM) in the CAZy
database. Thus, this N-terminal domain lays the foundation for the new CBM85
family.

KEYWORDS CBM, GH10, deep-sea, thermostable, xylanase

Xylan is the most abundant polymer in hemicelluloses, which, together with cellu-
lose and lignin, are considered to be among the most important renewable

resources on earth (1). Xylan consists of a backbone of �-1,4-D-xylan decorated with
O-acetyl, �-L-arabinofuranosyl, �-D-glucuronic acid, and phenolic acid at various posi-
tions (2). Complete degradation of this complex structure requires synergistic action of
multiple enzymes, including endo-1,4-�-D-xylanases (EC 3.2.1.8) and �-D-xylosidases,
which catalyze hydrolysis of the xylan main chain, and �-L-arabinofuranosidases, �-D-
glucuronidases, acetylxylan esterases, ferulic acid esterases, and p-coumaric acid es-
terases which target side groups (3).
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Of these enzymes, endo-1,4-�-D-xylanases (EC 3.2.1.8) have been grouped into the
glycosyl hydrolase families 5, 7, 8, 10, 11, 30, 43, 51, 98, and 141 according to the CAZy
classification system (4). GH10 and GH11 xylanases are the most common and, while
both act on the xylan main chain, these two enzyme types have different folds,
substrate specificities, and mechanisms of action (5). GH10 xylanases exhibit higher
catalytic versatility and can catalyze the cleavage of the xylan backbone at the
nonreducing side of substituted xylose residues, whereas GH11 enzymes require
unsubstituted regions of the xylan backbone (6, 7). As a result, GH10 xylanases
generally produce shorter xylooligosaccharides than do members of the GH11 family
(6). Some GH10 xylanases have been shown to have a side activity toward cellulose, an
activity that has been linked to specific structural features in the active site (8, 9). Such
multifunctional enzymes active on plant polysaccharides could be of great interest to
the biofuel and biorefinery industries in order to reduce enzyme cost and consequently
increase the economical viability of plant polysaccharide conversion.

Next to a catalytic domain, many carbohydrate-active enzymes, including GH10
xylanases, often contain one or more carbohydrate-binding modules (CBMs) (10). CBMs
are thought to enhance enzyme efficiency by targeting the substrate to the appended
catalytic domain (10, 11). CBMs are currently divided into 84 families in the CAZy
database (4).

Xylanases have attracted attention due to their application in the food, animal feed,
pulp and paper, and biofuel industries (7, 12). For example, the saccharification of
xylan-rich lignocellulosic biomass by cellulases may benefit from the presence of
xylanases that help to remove hemicelluloses that cover the cellulose fibrils (13).
Thermostable xylanases are of special interest due to their ability to function under
harsh conditions, and several such enzymes have been described, originating from
compost (14), the termite gut (15), a solfataric spring (16), and the deep sea (17). Hot
environments in the deep sea form an attractive source for enzymes, but there are few
reports on thermophilic xylanases from the deep sea.

Hydrothermal vent fields in the deep sea are populated by thermophilic microbial
communities of significant metabolic and phylogenetic diversity and therefore consti-
tute an interesting biotope for metagenome mining (18). In the present study, in search
of glycosyl hydrolases (GHs) for conversion of lignocellulosic biomass, a chamber filled
with an industrial lignocellulosic substrate was deployed in hot sediments, 570 m below
the sea level at the Jan Mayen hydrothermal vent field. Subsequently, the resulting
enriched microbial DNA was sequenced and mined for the presence of carbohydrate-
active enzymes. The resulting metagenomic data set revealed a gene encoding a
two-domain xylanase (amor_gh10a), which was synthesized and cloned in Escherichia
coli, after which the recombinant enzyme (AMOR_GH10A) was characterized in detail.
The results show that AMOR_GH10A is a thermophilic and halophilic xylanase with a
surprisingly high activity on cellulosic substrates and containing a previously unchar-
acterized CBM.

RESULTS
Domain structure of AMOR_GH10A and bioinformatic analysis of its GH10

domain. A chamber filled with industrial lignocellulose was submerged in hot sedi-
ments at the Arctic Mid-Ocean Ridge (AMOR), and the DNA material present in this
chamber after approximately 1 year of incubation was subjected to metagenomic
sequencing. The resulting metagenomic data set was mined for the presence of
carbohydrate-active enzymes (CAZymes), which led to the identification of the 1,767-bp
amor_gh10a gene (see Fig. S1A in the supplemental material). The encoded protein,
AMOR_GH10A, comprises 589 amino acids (Fig. S1B), including an 18-residue signal
peptide, a putative CBM domain (residues 19 to 180), and a C-terminal GH10 domain
(residues 239 to 529; Fig. 1A). The CBM domain was not found by dbCAN, but more
sensitive methods for detection of remote homologies implemented in Swiss-Model
predicted a possible relationship (�20% sequence identity) with CBM22 domains,
which are known to bind xylan (see below for further discussion of the CBM). The
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C-terminal cutoff point for the CBM domain was set using the structure of a CBM22
from Clostridium thermocellum (PDB 1H6Y [19]) as a template.

BLAST searches (20) revealed that full-length AMOR_GH10A shares the highest
sequence identity (42%) with a hypothetical protein from a Verrucomicrobia bacterium.
A search in UniProt yielded 42 AMOR_GH10A related proteins, none of which have
been characterized experimentally, and Fig. 1B shows a phylogenetic tree for the
twelve of these proteins that are most similar to AMOR_GH10A. The putative GH10
proteins shown in Fig. 1B originate from organisms associated with marine environ-
ments (the NCBI taxonomy ID numbers are indicated in parentheses): Paraglaciecola
hydrolytica (1799789), Teredinibacter turnerae (377629), Alteromonadaceae bacterium
(1304903), Saccharophagus degradans (203122), Pseudomonas sp. PE2 (147642), Verru-
comicrobiae bacterium (382464), Opitutus terrae strain DSM 11246 (452637), Opituta-
ceae bacterium TSB47 (1184151), Opitutaceae bacterium TAV1 (278956), Opitutaceae
bacterium TAV5 (794903), “Candidatus Hydrogenedentes bin 101” (1852847), and “Can-
didatus Hydrogenedentes bin 179” (1852849). Of these, the GH10 domain from
AMOR_GH10A is most similar to the predicted GH10 domain from UniProt entry
A0A178IBN6, originating from Opitutaceae bacterium TSB47 (sequence identity, 45%).
Compared to characterized enzymes, the GH10 domain of AMOR_GH10A is most similar
to the cellulosomal xylanase Xyn10D (sequence identity, 31%) from C. thermocellum
(21).

The closest relatives of the GH10 domain of AMOR_GH10A with a known three-
dimensional structure are Xyn10B from Cellvibrio mixtus (CmXyn10B [22]; sequence
identity, 28.4%), XynA from Streptomyces lividans (SlXynA [23]; sequence identity,
24.6%), and TmxB from Thermotoga maritima (24; sequence identity, 23.9% [Fig. 2]).
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I6AX96.Opitutaceae bacterium TAV1
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FIG 1 Domain architecture and phylogenetic analysis of the GH10 domain of AMOR_GH10A. (A) Domain
architecture of AMOR_GH10A drawn to scale. The full-length enzyme contains a predicted signal peptide
(SP; residues 1 to 18), followed by a putative CBM domain (residues 19 to 180) and a GH10 xylanase domain
(residues 239 to 529). (B) Phylogenetic analysis of the GH10 domain. The tree was constructed using the
maximum-likelihood method inferred by RAxML (v8.2.9). The numbers at the nodes indicate bootstrap
values based on 1,000 bootstrap replications. The scale bar represents 1.0 amino acid substitutions per
position.
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While CmXyn10B and SlXynA are mesophilic enzymes originating from soil bacteria (25,
26), TmxB is a thermophilic enzyme stable up to 100°C (24).

The catalytic acid-base and nucleophile residues for CmXyn10B, SlXynA, and TmxB
have previously been identified (24, 27, 28) and correspond to residues E371 and E474
in AMOR_GH10A, respectively (Fig. 2). Interestingly, a conserved sequence element
involved in shaping the –1 subsite present in all structurally characterized GH10

FIG 2 Sequence alignment of the C-terminal part of AMOR_GH10A and GH10 domains with known structures. The alignment includes CmXyn10B (PDB 1UQY)
from Cellvibrio mixtus, SlXynA from Streptomyces lividans (PDB 1E0V), and TmxB from Thermotoga maritima (PDB 1VBR). The alignment is numbered according
to AMOR_GH10A. Fully conserved residues appear in white on a red background, whereas less-conserved residues appear as red letters. The presumed catalytic
residues are indicated by black stars. Subsite residues potentially involved in determining substrate specificity (see Discussion section) are marked by black
squares.
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xylanases is lacking in AMOR_GH10A (between residues 511 and 512 in AMOR_GH10A;
Fig. 2). Another unique feature of the catalytic domain of AMOR_GH10A, is the high
arginine/lysine ratio, which could be associated with halophilicity (29). The Arg/Lys
ratios for the four catalytic domains shown in Fig. 2 are 3.7 (AMOR_GH10A), 0.6
(CmXyn10B), 2 (SlXynA), and 0.5 (TmxB). One striking feature concerns the insertion of
three consecutive arginines at positions 265 to 267 in AMOR_GH10A (Fig. 2). The
sequence immediately upstream of the AMOR_GH10A catalytic domain (residues 181
to 238) has similarities to the corresponding parts of the 12 phylogenetically related
enzymes depicted in Fig. 1 (data not shown; sequence identities, 44 to 64%). The
C-terminal extension of the GH10 domain of AMOR_GH10A (residues 530 to 589) is
most similar to the C-terminal parts of GH10s from Opitutaceae bacterium TSB47
(sequence identity, 46%) and Opitutus terrae (sequence identity, 45%).

Cloning, expression, and purification of AMOR_GH10A. A gene fragment encod-
ing the mature part of AMOR_GH10A (omitting the 18-residue signal peptide) was syn-
thesized, amplified by PCR, and cloned by ligation-independent cloning (LIC) into the
pNIC-CH vector. By doing so, a sequence encoding a C-terminal hexahistidine tag (His tag)
was added to the amor_gh10a open reading frame (ORF). The resulting plasmid was
transformed into E. coli and protein production was achieved by IPTG (isopropyl-�-D-
thiogalactopyranoside) induction of the T7 promoter. The protein was purified to elec-
trophoretic homogeneity (see Fig. S2 in the supplemental material), and the final yield
of purified AMOR_GH10A was approximately 50 mg of protein per liter of E. coli culture.

Optimal conditions, halophilicity, and apparent melting temperature of AMOR_
GH10A. The optimal conditions for AMOR_GH10A activity were analyzed using com-
mercially available birch glucuronoxylan (BGX) as the substrate, and the results are
shown in Fig. 3. The optimal temperature for AMOR_GH10A activity is 80°C (Fig. 3A),
which is slightly higher than the temperature measured at the deep-sea sampling site
(70°C). The optimal pH for AMOR_GH10A is approximately 5.6 (Fig. 3B), which is more
typical of fungal xylanases than bacterial ones (7). The enzyme showed a pronounced
salt-dependent increase in activity up to 1 M NaCl (Fig. 3C), which was also observed in

FIG 3 Effect of temperature, pH, and NaCl on the activity and thermostability of AMOR_GH10A. (A) Temperature
dependency of activity at pH 5.6. (B) pH dependency of activity at 80°C. Reaction mixtures contained 0.5% (wt/vol)
BGX, 2 �M AMOR_GH10A, and buffer supplemented with 0.5 M NaCl, and the reaction time was 10 min. (C) Effect
of the NaCl concentration on enzyme activity at pH 5.6 and 80°C. (D) DSC thermograms with or without NaCl
supplemented in the buffer. The protein samples (0.5 mg/ml) were heated at a rate of 1°C/min in 25 mM sodium
acetate buffer (pH 5.6). The buffer baseline was subtracted.
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reactions performed at lower temperatures (60 and 50°C; data not shown). Upon
heating, the protein unfolded irreversibly, leading to precipitation. The differential
scanning calorimetry (DSC) scans shown in Fig. 3D show apparent melting tempera-
tures of 75.3 and 85.1°C in the absence of NaCl and in the presence of 0.5 M NaCl,
respectively. Clearly, NaCl has a major effect on both enzyme activity and stability.

Substrate specificity. AMOR_GH10A was incubated with several model polysac-
charide substrates— birchwood glucuronoxylan (BGX), wheat arabinoxylan (WAX),
phosphoric acid-swollen cellulose (PASC), tamarind xyloglucan (TXG), and konjac glu-
comannan (KGM)—to assess substrate specificity (Fig. 4A). Remarkably, AMOR_GH10A
converted all substrates, albeit at different apparent rates. Initial time points (Fig. 4B)
show that the enzyme was most active on (soluble) WAX and least active on (insoluble)
PASC. Of note, after 24 h of incubation, the highest product yield was nevertheless
obtained for PASC. Determination of initial rates at the optimum reaction temperature
of 80°C, yielded rates of 4.3 s�1 for WAX, 2.2 s�1 for BGX, and 2.4 s�1 for PASC (Fig. S3).
From these results it is clear that AMOR_GH10A can cleave both at glucose (as in KGM,
PASC, and TXG) and xylose (as in BGX and WAX) residues (KGM consists of �-1,4-linked
mannose and glucose residues in a 60:40 ratio; TXG comprises a �-1,4-linked glucan
backbone with substitutions). The enzyme showed no detectable activity toward ivory
nut mannan (INM) and crystalline cellulose (Avicel; data not shown).

Hydrolysis products. Products generated from BGX were also analyzed by high-
performance anion-exchange chromatography with pulsed amperometric detection
(HPAEC-PAD) (Fig. 5A) and matrix-assisted laser desorption ionization�time of flight
(MALDI-TOF) mass spectrometry (MS) (Fig. 5B). The HPAEC-PAD analysis of unsubsti-
tuted xylooligosaccharide products (XOS) showed that similar amounts of xylotriose
(X3), xylotetraose (X4), xylopentaose (X5), and xylohexaose (X6) and only negligible
amounts of xylose (X) and xylobiose (X2) were generated within the early phase of the
reaction. After 24 h, the reaction products were predominantly X2 to X5. Further analysis
of the reaction products using MALDI-TOF showed that AMOR_GH10A also generates
oligomers substituted with a methylated glucuronic acid (Fig. 5B). Incubation of
AMOR_GH10A with wheat arabinoxylan (WAX) resulted in lower yields, but a similar
profile of nonsubstituted xylooligosaccharides, whereas MALDI-TOF MS-based analysis
of substitutions was not accomplished due to the identical masses of xylose and
arabinose (results not shown).
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To investigate the role of acetylation on the activity of AMOR_GH10A, acetylated
and deacetylated versions of BGX were generated in-house from steam-exploded birch
(30) and subsequently incubated with AMOR_GH10A (note that the commercial BGX
used in all other experiments described in the present study is deacetylated). Product
analysis by HPAEC-PAD and MALDI-TOF MS (Fig. 6) showed that acetylation reduces the
efficiency of AMOR_GH10A, as reflected by lower production of unsubstituted XOS such
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FIG 5 Action of AMOR_GH10A on BGX. (A) Production of unsubstituted xylooligosaccharides (X to X6) generated from 0.5% (wt/vol) BGX by 2 �M
AMOR_GH10A at 60°C (pH 5.6), determined by HPAEC-PAD. (B) Both unsubstituted and MeGlcA-substituted xylooligosaccharides in the reaction mixture after
24 h. The annotated m/z values indicate sodium adducts. None of the labeled peaks were observed in the negative control (i.e., a reaction without added
enzyme).

FIG 6 Effect of acetylation on hydrolysis of birchwood glucuronoxylan by AMOR_GH10A. (A) HPAEC-PAD analysis of
products generated by AMOR_GH10A from acetylated (blue) and deacetylated (green) birchwood glucuronoxylan. These
substrates were generated in house and differ from the commercial BGX used in all other experiments in this study. Note
that, to facilitate analysis, products generated from the acetylated substrate were subjected to a deacetylation protocol,
prior to HPAEC-PAD. A standard sample containing xylo-oligosaccharides (XOS; X2 to X6) is shown in pink. Reaction
conditions: 6 �M AMOR_GH10A, 5% (wt/vol) substrate in NaOAc buffer (pH 5.0), incubated for 24 h at 37°C at 800 rpm. (B)
MALDI-TOF analysis of the products. The annotated m/z values indicate sodium adducts. None of the labeled peaks were
observed in the negative control (i.e., a reaction without added enzyme).
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as X3, X4, X5, and X6 (Fig. 6A). MALDI-TOF analysis (inset) confirmed that glucuronosy-
lated XOS (X5MeGlcA-X10MeGlcA) were generated from both acetylated and deacety-
lated substrates, in addition to unsubstituted XOS.

Confirming the remarkably wide substrate specificity shown in Fig. 4, Fig. S4 shows
that AMOR_GH10A is capable of converting both xylopentaose (X5) and cellopentaose
(G5) to a mixture of monomeric to tetrameric products.

Kinetics of oligosaccharide degradation. As suggested by the data provided in
Fig. S4, steady-state kinetics showed much better performance of AMOR_GH10A
toward cellopentaose compared to xylopentaose (Fig. S5). The experimental data fitted
excellently to the Michaelis-Menten equation (R2 � 0.98; Fig. S5) and yielded Km values
of 0.48 and 2.43 mM and kcat values of 11 and 0.3 min�1 for cellopentaose and xylo-
pentaose, respectively.

Identification and characterization of the CBM. In addition to the GH10 catalytic
domain, AMOR_GH10A contains an N-terminal domain whose function could not be
predicted through BLAST searches nor by dbCAN. However, a protein domain similar to
residues 19 to 180 was identified using the SWISS-MODEL server (31), which identifies
remote homologs based on both sequence and predicted structural similarities. The
number 1 hit was a type 2 CBM22 domain (CBM22-2) from the C. thermocellum xylanase
Xyn10B (CtCBM22-2, PDB 1H6Y; 13.9% sequence identity), followed by the CBM22
domain from Paenibacillus barcinonensis xylanase Xyn10C (PbCBM22-2, PDB 4XUN).
Building a homology model based on the CtCBM22-2 structure resulted in a relatively
low SWISS-MODEL global model quality estimation score of 0.49. Figure 7 shows a
sequence alignment of the CBM from AMOR_GH10A and CtCBM22-2.

To investigate the possible role of the putative CBM in AMOR_GH10A, a gene
fragment encoding residues 19 to 180 from AMOR_GH10A was cloned, and the gene
product was expressed as a C-terminally His-tagged protein. The resulting protein was
purified to electrophoretic homogeneity (Fig. S2), and the final yield was in the order
of 35 mg of purified protein per liter E. coli culture. Figure 8 shows the binding of the
recombinantly expressed putative CBM to various insoluble substrates. The putative
CBM bound very efficiently to PASC (�80% binding after 1 min of coincubation with
the substrate) and also showed clear binding to Avicel, birchwood glucuronoxylan
(BGX) and, less so, ivory nut mannan (INM). Binding to chitin was very weak. This shows
that the region from residues 19 to 180 of AMOR_GH10A indeed has a CBM function
and defines a novel CBM family in CAZy. Binding experiments with full-length AMOR_

FIG 7 Sequence alignment of the CBM of AMOR_GH10A and CtCBM22-2. The alignment was obtained by superposing a
structural model of the CBM of AMOR_GH10A and the crystal structure of CtCBM22-2. The sequence numbering refers to
AMOR_GH10A. Conserved residues are printed in white on a red background, and conservatively substituted residues are
printed in red. The predicted secondary structure elements of AMOR_GH10A are shown above the sequence alignment,
where �-strands are rendered as arrows, and strict �-turns are represented by the letters TT. Positions marked by black stars
represent CtCBM22-2 residues previously shown to be involved in ligand binding (66). The figure was constructed using
ESPript 3.0. For clarity, the wild-type glutamic acid (E) is shown in position 138 of CtCBM22-2 (corresponding to A157 in
AMOR_GH10A), thus replacing the alanine residue present in the E138A mutant of CtCBM22-2 that was crystallized (PDB
1H6Y).
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GH10A gave similar results, showing that binding affinity is primarily determined by the
CBM (data not shown).

Studies of binding to soluble polysaccharides using affinity polyacrylamide gel
electrophoresis (affinity PAGE) (Fig. 9) showed that the CBM binds well to barley
�-glucan (BG) and konjac glucomannan (KGM). Somewhat surprisingly, in light of the
activity data presented in Fig. 4, binding to wheat arabinoxylan (WAX) or tamarind
xyloglucan (TXG) was not detected using this approach.

DISCUSSION

There is an increasing industrial interest in xylanases for applications in animal
nutrition, wood, pulp biobleaching, and biomass degradation. From an economical
standpoint, there is an advantage in using multifunctional enzymes capable of oper-
ating at harsh conditions, such as elevated temperatures. We describe here the
characterization of AMOR_GH10A, a thermostable GH10 xylanase from a deep-sea
metagenomic data set originating from the hot vents at the Arctic Mid-Ocean Ridge.
The enzyme consists of a previously uncharacterized CBM domain and a downstream
GH10 catalytic domain. The temperature and pH optima of AMOR_GH10A were 80°C
and 5.6, respectively. Similar optima have been observed for other carbohydrate-active
enzymes from the deep sea (17, 32, 33). AMOR_GH10A is halophilic, and Fig. 3C and D
show that the beneficial effect of salt is due to effects on both activity and stability.

Reported features of halophilic enzymes include increased usage of negatively
charged amino acids on the surface, and an increased arginine/lysine ratio (29, 34). The
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FIG 8 Binding of the putative CBM from AMOR_GH10A to various insoluble substrates. The figure shows
binding of the CBM to phosphoric acid-swollen cellulose (PASC) in light blue, Avicel in gray, birchwood
glucuronoxylan (BGX) in orange, chitin in yellow, and ivory nut mannan (INM) in green. The CBM of
AMOR_GH10A at 0.1 mg/ml was incubated with the substrates at 0.1% (wt/vol) for 60 min. The
incubation was carried out at 22°C and 1,000 rpm in NaOAc buffer (pH 5.6) supplemented with 0.5 M
NaCl. Bound protein was removed by filtration, and the remaining unbound protein was measured by
A280. The absorbance values are shown as the percentage of the absorbance value for a control reaction
without added substrate.

FIG 9 Binding of the CBM from AMOR_GH10A to soluble substrates. The pictures show the result of
acidic affinity PAGE with the soluble polysaccharides wheat arabinoxylan (WAX), tamarind xyloglucan
(TXG), konjac glucomannan (KGM), and barley �-glucan (BG) and a control gel without added substrate.
The proteins loaded were AMOR_GH10A_CBM (2 �g, right lane in each of the gels) and 2 �g of the
reference protein, RNase A (left lane in each gel). The four gels to the right contained 0.1% (wt/vol) of
the indicated polysaccharide. The ratio of the migration distance of the CBM in the presence of
polysaccharide to that in the absence of polysaccharide was divided by the corresponding ratio for the
reference protein and was below the cutoff value of 0.85 (67) in two cases, 0.67 for �-glucan and 0.82
for konjac glucomannan, indicating significant binding of the CBM to these two substrates.
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number of negatively charged residues predicted to be located on the surface of the
AMOR_GH10A catalytic domain is not significantly different compared to the structur-
ally related enzymes shown in Fig. 2. However, the GH10 domain of AMOR_GH10A
shows an unusually high arginine/lysine ratio (26:7 compared to on average 16:20 in
the three GH10s shown in Fig. 2).

AMOR_GH10A produced a variety of substituted and unsubstituted xylooligosac-
charides from birchwood glucuronoxylan, a typical feature of GH10 xylanases with an
endo mode of action (35). Acetylations have a slight inhibiting effect on AMOR_GH10A
activity (Fig. 6), which has been observed previously for GH10 xylanases (30). Overall,
products generated by AMOR_GH10A from BGX (Fig. 5 and 6) corresponded well with
expected GH10 endoxylanase products. However, unlike classical GH10 xylanases,
which have no or very low activity on �–1,4-linked glucans, AMOR_GH10A was sur-
prisingly active on glucomannan (KGM), amorphous cellulose (PASC), and tamarind
xyloglucan (TXG; Fig. 4). Steady-state kinetics with oligomeric substrates yielded low
kcat values (0.3 to 11 min�1) compared to the apparent initial rates observed for
polymeric substrates (in the order of 2 to 4 s�1). Confirming the �-glucanase activity of
AMOR_GH10A, the enzyme was much more active on cellopentaose (G5) compared to
xylopentaose (X5), with a 35-fold-higher kcat and a 5-fold-lower Km.

Some GH10 xylanases display activity on cellulose but this activity is clearly lower,
compared to the activity on xylan (36–38). In this respect, AMOR_GH10A is a clear and
unique exception. Notenboom et al. (37) have proposed that two structural features
are responsible for the cellulolytic side activity of xylanase A from Cellulomonas fimi
(CfXyn10A, formerly known as Cex), which hydrolyzes xylan 40-fold more efficiently
than cellulose. In the –2 subsite, Gln87 moves to a position different from that in
non-cellulose-active GH10s to accommodate the exocyclic C-6 OH of glucose. This
glutamine residue is conserved in CmXyn10B, SlXynA, and TmxB, but not in
AMOR_GH10A, which has a tryptophan in this position (Fig. 2; residue 325).
Neighboring residues also differ quite substantially between AMOR_GH10A and the
other three xylanases, suggesting that the –2 subsite of enzymes may look quite
different. In the –1 subsite of CfXyn10A, Trp281 is thought to sterically hinder the
binding of glucosides, and this residue must rearrange to allow binding of the C-6
OH group of glucose. Strikingly, the region including this conserved tryptophan residue
and present in all known GH10 xylanases characterized to date appears to be lacking
in AMOR_GH10A, meaning that its –1 subsite must differ substantially from other GH10
xylanases. While structural studies are needed to shed light on the structural determi-
nants of the broad substrate specificity of AMOR_GH10A, the sequence comparisons
suggest that the unique properties of this enzyme are accompanied by considerable
structural deviations relative to common GH10 xylanases.

It must be noted that the broad specificity of AMOR_GH10A, possibly caused by
atypical features of the –2 and –1 subsites, as discussed above, comes at a cost. The
observed catalytic rates toward xylan at a substrate concentration in the same range as
typically observed Km values for mesophilic and thermophilic GH10 xylanases (15, 17,
38–41) are at least an order of magnitude lower compared to most (15, 17, 38–40),
albeit not all (41), previously described mesophilic and thermophilic xylanases.

An N-terminal domain of AMOR_GH10A of unknown function was predicted to have
a CBM-like structure and was experimentally shown to bind to amorphous cellulose
(PASC), microcrystalline cellulose (Avicel), and birchwood glucuronoxylan (Fig. 8), as
well as the soluble polysaccharides barley �-glucan (BG) and konjac glucomannan
(KGM) (Fig. 9). Consequently, this domain represents a novel CBM and has been
annotated as CBM85 in the CAZy database. Compared to CBMs with a known
structure, the CBM85 from AMOR_GH10A seems to be most similar to a CBM22
domain (CtCBM22-2) from C. thermocellum xylanase (19). CtCBM22-2 interacts with a
wide range of xylans and xylooligosaccharides, and experiments have revealed the
roles of several residues in the ligand-binding cleft in binding of xylooligosaccharides
(Fig. 7). Among these are Trp53 and Tyr103, which are residues that typically interact
with carbohydrate ligands through hydrophobic stacking interactions. These residues
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correspond to Trp73 and Trp122 in the CBM85 (Fig. 7), meaning that hydrophobicity
and aromaticity are conserved. Furthermore, residues Arg25, Tyr136, and Glu138 have
been implicated in ligand binding through hydrogen bonding. Of these, only Tyr136 is
conserved in the CBM85 (Tyr155). Arg25 and Glu138 in the CBM22 align with Gln45 and
Ala157 in the CBM85 (Fig. 7).

It is not uncommon for CBMs to have broad binding specificities. For example,
xylan-binding CBM4 and CBM6 also bind to amorphous cellulose (42, 43), while a
CBM22 has been shown to bind microcrystalline cellulose (44). Uniquely for CBM85, its
affinity to amorphous cellulose seems exceptionally high (Fig. 8), whereas binding to
Avicel is much weaker. Binding to soluble �-glucan and konjac glucomannan, both
unsubstituted polysaccharides, was also observed (Fig. 9). Thus, it would seem that
CBM85, like CBM22 (44, 45), preferentially interacts with individual glucan chains, and
binds to the more amorphous regions of crystalline cellulose. While AMOR_GH10A
showed activity toward wheat arabinoxylan (WAX) or tamarind xyloglucan (TXG) we
could not detect binding of the CBM to these substrates in the affinity PAGE experi-
ments. This could reflect a technical limitation in the affinity PAGE experiment or a
temperature effect, since binding studies were done at a temperature quite different
from the temperature used in the activity assays. It is also possible that for these two
substrates, the catalytic domain dominates binding affinity. Since repeated efforts to
express the AMOR_GH10A catalytic domain alone failed, the substrate-binding affinity
of this domain alone remains unknown.

To shed light on the possible distribution of CBM85 domains, and the potential
conserved association of the CBM of AMOR_GH10A and GH10 domains similar to
the catalytic domain of AMOR_GH10A, the amino acid sequences of the 12 putative
GH10 enzymes shown in Fig. 1B were aligned and investigated for the presence of
conserved protein domains. Of these, 10 sequences were found to contain putative
domains with a significant similarity (�25% sequence identity) to CBM85 and the
aligned sequences are shown in the supplemental material (Fig. S6). The sequences
of these putative CBMs found in AMOR_GH10A homologues are 28 to 34% identical
to the CBM85 of AMOR_GH10A. The large majority of hits obtained upon BLAST
searches with the CBM85 sequence concerned domains of unknown function (closest
hit: 39% sequence identity to a hypothetical protein from a Verrucomicrobia bacterium),
which supports the conclusion that CBM85 represents a novel CBM family. BLASTp
searches with the CBM85 sequence gave �150 hits and the large majority of the
detected proteins contained a GH10 domain, although other domains (GH5 and GH16)
were also encountered. The majority of microbes harboring these proteins were from
aquatic environments, and several were classified as halophilic or halotolerant.

The function of the cryptic sequence separating the CBM and catalytic domain of
AMOR_GH10A remains elusive due to the lack of similarities to sequences of known
function and because it lacks the repetitive patterns commonly found in linkers (46).
However, this part of AMOR_GH10A has similarities to the corresponding parts of the
12 phylogenetically related enzymes depicted in Fig. 1, implying that these sequences
could play a role in AMOR_GH10A functionality. A comparison of the C-terminal part
downstream of the GH10 domain to the same set of 12 homologs revealed that this
part was most similar to the C-terminal parts of Opitutaceae bacterium TSB47 and
Opitutus terrae (sequence identities: 46 and 45%, respectively). More detailed studies
are needed to elucidate the function of these parts of the enzyme, which could affect
enzyme activity and/or stability.

In conclusion, AMOR_GH10A represents one of few well-characterized carbohydrate-
active enzymes isolated from a deep-sea hot vent and displays several interesting
features such as high stability, halophilicity, a novel type of CBM, and a broad
substrate range. Some of these features are unique compared to other GH10
xylanases characterized to date. First, AMOR_GH10A contains the founding member
of a new CAZy family of CBMs, CBM85, which binds to both xylan and glucan
substrates, with a preference for amorphous material. Second, and in line with the
broad binding specificity of the CBM85, AMOR_GH10A has a broad substrate

Marine GH10 Xylanase with Broad Substrate Specificity Applied and Environmental Microbiology

March 2019 Volume 85 Issue 6 e02970-18 aem.asm.org 11

 on June 10, 2019 by guest
http://aem

.asm
.org/

D
ow

nloaded from
 

https://aem.asm.org
http://aem.asm.org/


specificity. GH10 enzymes are generally considered xylanases, and the much higher
activity of AMOR_GH10A on cellopentaose compared to xylopentaose is truly
remarkable and unprecedented. Further studies are needed to unravel the struc-
tural features underlying the special properties of AMOR_GH10A and to shed more
light on the largely uncharacterized biodiversity that targets polysaccharides in
deep-sea hot vents.

MATERIALS AND METHODS
Sampling, DNA extraction, and sequencing. The substrate used for generating the metagenomics

data set in this study was derived from unbleached Norway spruce (Picea abies) which had been
subjected to a sulfite pulping pretreatment method termed the BALI process (47, 48), developed at
Borregaard AS (Sarpsborg, Norway). The substrate was dried at 40°C overnight and the particle size was
reduced in a planetary ball mill PM 100 (Retsch, Haan, Germany), followed by sieving through a 0.85-mm
screen. This substrate had a glucan content of 85%, while hemicelluloses (3% mannan and xylan,
respectively) and acid insoluble lignin comprised 11%. At the Arctic Mid-Ocean Ridge (AMOR), the Jan
Mayen hydrothermal vent field is situated on the Mohn’s Ridge north of the Island Jan Mayen at 71°N
(49, 50). During a research cruise at the Mohn’s Ridge in 2014, a titanium chamber (length, 2.5 cm;
volume, 16 ml; 1-mm pores) was filled with the industrial substrate (1 g of substrate mixed with �16 ml
of sediment sampled from the same vent site) and deployed in �70°C hot sediments at �570 m below
sea level (71°17.904=N 5°42.257=W). The incubator was deployed and collected using a remote operating
vehicle on board the research vessel G.O. Sars. After incubating the chamber in situ for 1 year, DNA was
extracted from 6.9 g of the material inside the chamber using the FastDNA spin kit for soil (MP
Biomedicals, Santa Ana, CA), according to the manufacturer’s protocol. Metagenomic sequencing of total
DNA was carried out using Illumina MiSeq 300 paired-end chemistry at the Norwegian Sequencing
Centre (www.sequencing.uio.no). In total, 1.1 �g of DNA was submitted for sequencing.

Filtering, assembly, and ORF prediction. Filtering of raw Illumina MiSeq 300 paired-end reads and
assembly were performed using the CLC genomics workbench (Qiagen, v.10). Filtering was done using
the CLC default parameters (quality 0.05; length, minimum 40 and maximum 1,000 nucleotides). In
addition, one nucleotide was removed from terminal read ends. Assembly was done using default
parameters with an automatic k-mer size and bubble size. A minimum contig length was set to 1,000
bases with scaffolding enabled. ORF prediction was performed using the -p meta option in Prodigal (51,
52) for metagenomic data sets. Full details of the metagenomic data set will be published elsewhere.

Bioinformatic analysis. The metagenomic data set was mined for putative glycosyl hydrolases
belonging to family GH10 using dbCAN (csbl.bmb.uga.edu/dbCAN [53]). This analysis resulted in the
identification of a 1,767-bp gene encoding a putative GH10 xylanase, amor_gh10a. The AMOR_GH10A
amino acid sequence was analyzed for the presence of a signal peptide using SignalP (54), and a search
for homologous GH10 domains was performed against a customized UniProt GH10 database. Bacterial
and archeal GH10 sequences were downloaded from the UniProt knowledge base and subjected to
cd-hit (55, 56) to reduce the sequence redundancy with a 95% sequence identity cutoff. The
AMOR_GH10A sequence similarities were assessed using a stand-alone version of the BLASTp algorithm,
and a multiple sequence alignment was performed in MEGA 7.0.26 (57). Sequences not containing the
conserved catalytic residues were removed from the alignment (58). In total, 42 sequences were used for
construction of a phylogenetic tree using RAxML v.8.2.9 (59). The confidence for tree topologies was
estimated by bootstrap values based on 1,000 replicates. Homologs of the GH10 domain with known
three-dimensional structures were aligned using Clustal Omega (60). SWISS-MODEL (https://swissmodel
.expasy.org [31]) was used to construct a structure model based on the closest PDB homolog (PDB 1UQY
[22]), and the predicted structure was visualized in PyMOL (Schrödinger). Putative homologs of the
N-terminal AMOR_GH10A domain of unknown function (residues 19 to 180) were identified and aligned
using the SWISS-MODEL server. All sequence alignments were visualized using ESPript 3 (61).

Cloning, expression, and purification of AMOR_GH10A. The amor_gh10a gene (codon optimized
for E. coli expression) was synthesized by GenScript (Piscataway, NJ) and bp 55 to 1767 (omitting the
predicted 18 amino acid signal peptide) was amplified by PCR using Q5 DNA polymerase (New England
Biolabs, Ipswich, MA) and forward primer 5=-TTAAGAAGGAGATATACTATGGCTGAACCACAAGTTCCGGC-3=,
where the nucleotides utilized as a complementary sequence for ligation-independent cloning are
underlined. Two different reverse primers were used, one to amplify the full-length gene (amor_gh10a)
with sequence 5=-AATGGTGGTGATGATGGTGCGCACGCAGCGGCAGGGTCAGT-3= and one to amplify the
N-terminal gene fragment putatively encoding a CBM (amor_gh10acbm) with sequence 5=-AATGGTGG
TGATGATGGTGCGCACGTTTGTCGTAGCTGATCAGAC-3=. The resulting PCR products were separated on a
1% agarose gel and purified using the Nucleospin gel and PCR Clean-Up kit from Macherey-Nagel (Düren,
Germany). Purified DNA fragments were cloned into the pNIC-CH expression vector (AddGene, Cam-
bridge, MA) by ligation-independent cloning (62), followed by heat shock transformation into chemically
competent OneShot E. coli TOP10 cells (Invitrogen, Carlsbad, CA). As a result of this cloning strategy, the
N terminus of the (signal peptide-free) protein is extended with a methionine, while a seven-residue His
tag (AHHHHHH) is added at the C terminus. The cells were propagated in SOC medium for 60 min prior
to plating on lysogenic broth (LB) agar supplemented with 5% sucrose and 50 �g/ml kanamycin. The
plated cells were incubated overnight (ON) at 37°C. Colonies were picked and inoculated in liquid LB
containing 50 �g/ml kanamycin and incubated overnight at 37°C with shaking at 200 rpm. The plasmids
were isolated from the culture using the NucleoSpin plasmid kit from Macherey-Nagel, and the sequence
of the cloned DNA fragments were confirmed by Sanger sequencing (GATC, Constance, Germany). The

Fredriksen et al. Applied and Environmental Microbiology

March 2019 Volume 85 Issue 6 e02970-18 aem.asm.org 12

 on June 10, 2019 by guest
http://aem

.asm
.org/

D
ow

nloaded from
 

http://www.sequencing.uio.no
https://swissmodel.expasy.org
https://swissmodel.expasy.org
https://www.rcsb.org/structure/1UQY
https://aem.asm.org
http://aem.asm.org/


pNIC-CH plasmids harboring amor_gh10a and amor_gh10acbm were further transformed into chemically
competent OneShot BL-21 Star (DE3) E. coli cells, as described by the supplier (Invitrogen). The cells were
propagated in SOC medium, plated on LB agar supplemented with 50 �g/ml kanamycin, and subse-
quently incubated at 37°C overnight.

Correct transformants were inoculated and grown in Terrific broth (TB) supplemented with 50 �g/ml
kanamycin in a Harbinger system (Harbinger Biotechnology & Engineering, Markham, Canada) at 23°C
overnight. Induction of protein expression was achieved by addition of 0.2 mM IPTG to the cells, followed
by an additional incubation for 24 h. Then, 500 ml of cell culture was harvested by centrifugation at
5,000 � g for 15 min at 4°C using a Beckman coulter centrifuge (Brea, CA). To promote cell lysis, the cell
pellet was frozen for at least 1 h at minus 80°C. The cells were subsequently thawed and resuspended
in 60 ml of 50 mM Tris-HCl (pH 8.0) supplemented with 500 mM NaCl and 5 mM imidazole, followed by
sonication on ice using a Vibracell sonicator (Sonics & Materials, Inc., Newtown, CT) with 5-s on/off pulses
for 3 min at 30% amplitude. Cell debris was removed by centrifugation at 15,000 � g for 15 min at 4°C,
and the supernatants containing the soluble proteins were filtered using a sterile 0.45-�m syringe filter
(Sarstedt, Nümbrecht, Germany).

Cell-free protein fractions were subjected to immobilized metal affinity chromatography using an
Äkta pure chromatography system and a Ni2� affinity HisTrap HP 5-ml column (GE HealthCare, Chicago,
IL). The His-tagged proteins were eluted using a linear gradient of 5 to 500 mM imidazole in 50 mM
Tris-HCl (pH 8.0) supplemented with 500 mM NaCl. Protein fractions were analyzed by SDS-PAGE
(Bio-Rad, Hercules, CA), and fractions containing the overexpressed protein were combined and con-
centrated using a 10,000 MWCO Vivaspin ultrafiltration tube (Sartorius, Göttingen, Germany), with
concomitant buffer exchange to 50 mM sodium acetate (NaOAc) buffer (pH 5.6) supplemented with
500 mM NaCl. The protein concentration was measured by recording absorbance at 280 nm with a
Biophotometer (Eppendorf, Hamburg, Germany) and by using the theoretical extinction coefficient
(web.expasy.org/protparam) to calculate the concentration. The purified His-tagged protein was stored
at 4°C and was used as is in subsequent studies.

Apparent melting temperature. A Nano-Differential Scanning Calorimeter III (Calorimetry Sciences
Corporation, Lindon, UT) was used to determine the apparent melting temperature [Tm(app)] of
AMOR_GH10A. Approximately 1 mg/ml of AMOR_GH10A was dialyzed overnight at 4°C in 25 mM NaOAc
buffer (pH 5.6) with or without 0.5 M NaCl. The protein concentration was adjusted to 0.5 mg/ml, and
both the protein solution and the dialysis buffer were subsequently filtered (0.22-�m pore size) and
degassed for 10 min. The dialysis buffer was used to record the buffer baselines, which were subtracted
from the protein scans. The scan rate was set to 1°C/min from 25 to 110°C. The obtained data were
analyzed with NanoAnalyze software (TA Instruments, New Castle, DE).

Substrates. Enzyme activity and binding were assessed on a wide range of carbohydrate substrates.
Birchwood glucuronoxylan (BGX) was purchased from Carl Roth GmbH (Karlsruhe, Germany). Avicel
PH-101 microcrystalline cellulose was purchased from Sigma-Aldrich (St. Louis, MO). Phosphoric acid-
swollen cellulose (PASC) was prepared from Avicel essentially as described previously (63). Wheat flour
arabinoxylan (WAX), tamarind xyloglucan (TXG), konjac glucomannan (KGM), ivory nut mannan (INM),
barley �-glucan (BG), xylooligosaccharides (DP2 to DP6), and cellooligosaccharides (DP2 to DP6) were all
purchased from Megazyme (Wicklow, Ireland). Commercial chitin prepared from shrimp (Pandalus
borealis) shells was purchased from Chitinor AS (Senjahopen, Norway).

To study the effect of acetylation, freeze-dried Birchwood acetyl glucuronoxylan was prepared in
house from steam-exploded birch as previously described (30) (note that all other experiments involving
BGX were done with the commercially available BGX described above). A deacetylated version of this
substrate was prepared by incubation in 200 mM NaOH at 4°C for 24 h. The deacetylated polysaccharides
were subsequently precipitated by adjusting the liquid to 80% (vol/vol) ethanol with ice-cold ethanol,
followed by incubation at 4°C for 10 min and subsequent centrifugation at 2,000 � g for 15 min at 4°C.
The precipitate was washed four times with ice-cold 80% ethanol to remove the NaOH, and the material
was dissolved in 50 mM NaOAc buffer (pH 5.0).

Activity assays. To determine the optimum temperature and pH for AMOR_GH10A activity, reactions
were performed using citrate-phosphate buffer (pH 3.7 to 7.3) or glycine-NaOH buffer (pH 8.5), both
supplemented with 0.5 M NaCl. In setting up the reactions buffer solutions were diluted 2-fold, leading
to a final NaCl concentration of 0.25 M. The final enzyme and substrate (BGX) concentrations were 2 �M
and 0.5% (wt/vol), respectively. Reaction mixtures were incubated in a Thermomixer (Eppendorf) for 10
min at 600 rpm using various temperatures (25 to 90°C) at pH 5.6 or at different pH values at 80°C. The
effect of the NaCl concentration on enzyme activity was investigated by running reactions at 80°C
in 25 mM NaOAc buffer (pH 5.6) supplemented with various concentrations of NaCl (0 to 3.0 M). The
xylanase activity was determined by measuring the release of reducing sugars using the 3,5-
dinitrosalicylic acid (DNS) reagent (64) and xylose as a standard.

Kinetic parameters were determined using the oligosaccharides xylopentaose (X5) and cellopentaose
(G5) as the substrates. AMOR_GH10A was incubated for 60 min with different substrate concentrations
ranging from 0.05 to 3.2 mM. The reactions were carried out at 60°C in 25 mM NaOAc (pH 5.6)
supplemented with 0.5 M NaCl. For G5, the enzyme loading was 0.5 �M, while for X5 the enzyme dosage
was increased 100-fold to 50 �M. After 15, 30, 45, and 60 min, aliquots were withdrawn and mixed with
an identical volume of stopping reagent (0.1 M NaOH). All reactions were performed in triplicates. The
samples were analyzed by HPAEC-PAD (see below), and initial reaction rates were calculated based on
the depletion of the substrate peak area. GraphPad was used to construct Michaelis-Menten plots and
to calculate kcat, Vmax, and Km values for each substrate using nonlinear regression.
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Substrate specificity. Substrate specificity was determined by incubating 2 �M enzyme with 0.5%
(wt/vol) BGX, WAX, TXG, KGM, or PASC, in 25 mM NaOAc buffer (pH 5.6) supplemented with 0.5 M NaCl
at 60°C and 600 rpm. The reactions were stopped at various time points by boiling for 15 min, followed
by centrifugation at 10,000 � g for 5 min. The concentrations of reducing ends in the resulting super-
natants were determined using the DNS method and xylose as the standard.

In an alternative experiment set up to determine the initial rate of AMOR_GH10A on various
substrates, 1 �M enzyme was incubated with 0.5% (wt/vol) BGX, WAX, or PASC, in 25 mM NaOAc buffer
(pH 5.6) supplemented with 0.5 M NaCl at 80°C and 600 rpm for 10 min. Samples were withdrawn at
2-min intervals and immediately mixed with the DNS reagent.

Product analysis. AMOR_GH10A was mixed with either 0.5% (wt/vol) BXG, 1 mM cellopentaose (G5),
or 1 mM xylopentaose (X5) in 25 mM NaOAc buffer (pH 5.6), supplemented with 0.5 M NaCl, and
incubated at 60°C at 600 rpm. The enzyme concentrations were 2 and 1 �M in the BXG and the
oligosaccharide reactions, respectively. Reactions were stopped by boiling for 15 min at various time
points, and the boiled reaction mixtures were filtered through 0.45-�m filters before further analysis.

For analysis of products generated from in-house-prepared acetylated and deacetylated BGX, 6 �M
AMOR_GH10A was incubated with 5% (wt/vol) of either acetylated or deacetylated BGX in 50 mM NaOAc
buffer (pH 5.0) at 37°C for 24 h at 800 rpm. Reaction mixtures containing deacetylated BGX were stopped
by boiling for 15 min. Reaction mixtures containing acetylated substrate were subjected to deacetylation
(and thereby stopped) using the deacetylation procedure described above, followed by boiling for
15 min. All reactions were filtered prior to analysis.

Product analysis by HPAEC-PAD. Xylose, glucose, and soluble xylo- and cello-oligomers (DP2 to
DP6) were analyzed by HPAEC using a Dionex ICS3000 system (Thermo Scientific, San Jose, CA), equipped
with PAD and a CarboPac PA1 analytical column (2 by 250 mm). Products were separated by applying a
stepwise gradient with an increasing amount of eluent B (0.1 M NaOH and 1 M NaOAc; eluent A is 0.1 M
NaOH), as follows: 0 to 10% B over 10 min, 10 to 30% B over 25 min, 30 to 100% B over 5 min, 100 to 0%
B over 1 min, and 0% B over 9 min. Data collection and analysis were carried out with the Chromeleon
7.0 software, and xylo- and cellooligosaccharide standards in the DP1 to DP6 range were used to quantify
the products. Reaction products generated from acetylated and deacetylated birchwood glucuronoxylan
were analyzed with a Dionex ICS 5000 system using the same column type and elution gradient as
described above.

Product analysis by MALDI-TOF MS. Qualitative analysis of product formation from BGX was
achieved by using a MALDI-TOF UltrafleXtreme mass spectrometer (Bruker Daltonics GmbH, Bremen,
Germany) equipped with a nitrogen 337-nm laser. Portions (1 �l) of each sample were mixed with 2 �l
of 9 mg/ml 2,5-dihydroxybenzoic acid (DHB) dissolved in 30% acetonitrile and applied to an MTP 384
ground steel target plate TF (Bruker Daltonics). Spectra were collected using Bruker FlexControl software
and analyzed with Bruker flexAnalysis software.

Binding assays. Protein binding to various insoluble substrates was investigated using a slightly
modified version of a previously published method (65). Briefly, reaction mixtures containing 0.1%
(wt/vol) of carbohydrate and 0.1 mg/ml protein in 25 mM NaOAc buffer (pH 5.6) supplemented with
0.5 M NaCl were incubated at 22°C and 1,000 rpm. At various time points samples were taken and filtered
using a 0.45-�m-pore-size filter, and protein binding was determined by measuring the A280 in the filtrate
(unbound protein). Protein concentrations were calculated using theoretical extinction coefficients.
Protein concentrations in reaction mixtures lacking substrate were used as negative controls (0%
binding).

Affinity PAGE was employed to assess binding of the CBM to soluble substrates. After incorporating
different soluble polysaccharides in the gels, the effect of the polysaccharides on the migration rate of
the CBM was investigated under nondenaturing conditions. The CBM did not migrate under standard
(basic) native gel electrophoresis conditions (for which established protocols exist for CBM studies [66,
67]), presumably due to a high isoelectric point (the theoretical pI is 8.4). Therefore, an acidic native gel
protocol called RENAGE, developed for prion protein oligomers, was adapted and used instead (68). The
experiment was set up as described previously by Ladner and Wishart, except that the separating gel
contained 12% polyacrylamide and was supplemented with 0.5 M NaCl. The gels were polymerized in the
presence of various polysaccharides (KGM, TXG, WAX, or barley �-glucan [BG]), which were added at a
final concentration of 0.1% (wt/vol). The gels were run for 4 h at 80 V in a Mini Protean II system (Bio-Rad)
before staining with Coomassie blue. A control gel without added substrate was also run. RNase A
(Thermo Scientific) was used as a reference protein in all gels since this enzyme has a high pI (calculated
to 9.6) and migrated with a rate similar to the CBM in the acidic gel. The reference protein was included
in the gels to account for possible variation in gel pore size caused by the presence of polysaccharides
in the gel matrix. To determine whether the CBM interacted with the polysaccharides, the ratio of the
migration distance of the CBM in the presence of a polysaccharide to that in the control gel (without
polysaccharide) was divided by the corresponding ratio for the reference protein, RNase A. In the case
of little to no binding, this would result in a value of approximately 1, while interaction of the CBM with
the polysaccharide would lead to ratios lower than 1. Values of �0.85 were considered as positive
binding (67).

Data availability. The sequence of AMOR_GH10A has been submitted to GenBank under accession
number MH727997 and archived under BioProject PRJNA266758 and BioSample SAMN09768207.

SUPPLEMENTAL MATERIAL
Supplemental material for this article may be found at https://doi.org/10.1128/AEM

.02970-18.
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Hachem M, Svensson B. 2016. Using carbohydrate interaction assays to
reveal novel binding sites in carbohydrate active enzymes. PLoS One
11:e0160112. https://doi.org/10.1371/journal.pone.0160112.

68. Ladner CL, Wishart DS. 2012. Resolution-enhanced native acidic gel
electrophoresis: a method for resolving, sizing, and quantifying prion
protein oligomers. Anal Biochem 426:54 – 62. https://doi.org/10.1016/j
.ab.2012.04.005.

Fredriksen et al. Applied and Environmental Microbiology

March 2019 Volume 85 Issue 6 e02970-18 aem.asm.org 16

 on June 10, 2019 by guest
http://aem

.asm
.org/

D
ow

nloaded from
 

https://doi.org/10.1016/j.bbagen.2013.07.018
https://doi.org/10.1016/j.bbagen.2013.07.018
https://doi.org/10.1093/nar/gku340
https://doi.org/10.1093/nar/gku340
https://doi.org/10.1007/s00284-010-9690-6
https://doi.org/10.1074/jbc.M115.713230
https://doi.org/10.1074/jbc.M115.713230
https://doi.org/10.1186/gb-2008-9-4-r70
https://doi.org/10.1186/gb-2008-9-4-r70
https://doi.org/10.1021/bi9729211
https://doi.org/10.1128/AEM.00432-15
https://doi.org/10.1128/AEM.00432-15
https://doi.org/10.1186/1754-6834-4-12
https://doi.org/10.1186/1754-6834-4-12
https://doi.org/10.1128/AEM.03458-13
https://doi.org/10.1016/0008-6215(96)00146-2
https://doi.org/10.1016/j.jmb.2010.07.028
https://doi.org/10.1074/jbc.M401620200
https://doi.org/10.1016/j.enzmictec.2016.09.015
https://doi.org/10.1016/j.enzmictec.2016.09.015
https://doi.org/10.1074/jbc.M115.659300
https://doi.org/10.1074/jbc.M115.659300
https://doi.org/10.1016/j.biombioe.2012.03.028
https://doi.org/10.1016/j.biombioe.2012.03.028
https://doi.org/10.1080/17451000903147450
https://doi.org/10.1186/1471-2105-11-119
https://doi.org/10.1093/bioinformatics/bts429
https://doi.org/10.1093/nar/gks479
https://doi.org/10.1038/nmeth.1701
https://doi.org/10.1093/bioinformatics/bts565
https://doi.org/10.1093/nar/gky092
https://doi.org/10.1093/molbev/msw054
https://doi.org/10.1016/j.jbiotec.2014.08.030
https://doi.org/10.1093/bioinformatics/btu033
https://doi.org/10.1038/msb.2011.75
https://doi.org/10.1038/msb.2011.75
https://doi.org/10.1093/nar/gku316
https://doi.org/10.1021/ac60147a030
https://doi.org/10.1021/ac60147a030
https://doi.org/10.1074/jbc.M407175200
https://doi.org/10.1074/jbc.M407175200
https://doi.org/10.1371/journal.pone.0160112
https://doi.org/10.1016/j.ab.2012.04.005
https://doi.org/10.1016/j.ab.2012.04.005
https://aem.asm.org
http://aem.asm.org/


1 
 

Supplementary Material 

 

Figure S1. AMOR_GH10A DNA and amino acid sequences. Panel A shows the native DNA 

sequence of the AMOR_GH10A gene. Panel B shows the full-length AMOR_GH10A amino acid 

sequence, including the predicted signal peptide (green; 1-18), the CBM85 domain (blue, 19-180), 

and the GH10 domain (yellow; 239-529).  
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Figure S2. SDS-PAGE analysis of purified enzymes. Next to a lane with size marker proteins the gel 

shows lanes with 5 µg of the purified full-length enzyme (AMOR_GH10A; predicted size 65.7 kDa) and 

the purified carbohydrate binding module (CBM; predicted size 19.2 kDa).  
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Figure S3. Determination of initial rates. The graphs show progress curves for the reaction of 

AMOR_GH10A (1 µM) with g/L of the various indicated substrates at pH 5.6 and 80 °C. These graphs 

yield estimated initial rates of 4.3 s-1 for WAX, wheat arabinoxylan, 2.2 s-1, for BGX, birchwood 

glucuronoxylan and 2.4 s-1 for PASC, phosphoric acid-swollen cellulose. Quantification of the products 

was done according to the DNS method and with xylose as standard.   
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Figure S4. Product formation from xylopentaose and cellopentaose. The panels show 

chromatographic analysis of  reaction products arising upon incubation of 1 µM AMOR_GH10A 

with 1 mM of xylopentaose (X5, A) or cellopentaose (G5, B) for 4 h (blue chromatograms) or 24 h 

(pink chromatograms), at 60°C, pH 5.6 (25 mM NaOAc, 0.5 M NaCl). Products originating from X5 

and G5 are annotated as X1-X4 and G1-G4, respectively. The black chromatograms show 

background signals obtained by analyzing reaction mixtures with substrate that had been 

incubated for 24 h without enzyme. 



5 
 

 

Figure S5. Michaelis-Menten plot for AMOR_GH10A acting on cellopentaose (G5) and xylopentaose 

(X5). The curves show the nonlinear least-squares fit of the experimental data to the Michaelis–Menten 

equation for the reaction with cellopentaose (G5; panel A; R2=0.9873) and xylopentaose (X5; panel B; 

R2=0.9928). The enzyme concentrations were 0.5 µM and 50 µM, respectively. Fitting and calculation of 

Km and kcat values were done using GraphPad. 
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Figure S6. Alignment of hypothetical CBM domains in phylogenetically related GH10 enzymes.  

10 of the 12 phylogenetically related GH10 enzymes shown in Fig. 1B have domains that resemble 

the CBM85 of AMOR_GH10A, with sequence identities ranging from 28%-34%. These sequences 

were aligned to the CBM85 using ClustalOmega, and the resulting sequence alignment was 

visualised using ESPRipt 3.0. With the exception of AMOR_GH10A, proteins are identified by their 

Uniprot id. The sequence numbering for AMOR_GH10A is shown above the alignment. Conserved 

residues are printed in white on a red background, and conservatively substituted residues are 

printed in red.  
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Abstract 
LPMOs are oxidative, copper-dependent enzymes that function as powerful tools in the 
turnover of various biomasses, including cellulosic plant biomass. We describe a thermostable, 
cellulose-active LPMO (mgLPMO10A) from a high-temperature compost metagenome with 
an apparent melting temperature of 83 °C and with high activity up to at least 80 °C. 
Interestingly, mgLPMO10A showed good activity and operational stability over a wide 
temperature range, which is of both fundamental and applied interest. The LPMO had a clear 
boosting effect on the efficiency of a GH48 and a GH6 cellobiohydrolase, and on the efficiency 
of a commercial cellulase cocktail. ICP-MS analyses showed that the enzyme obtained after 
the final purification step was largely devoid of copper. Accordingly, this enzyme preparation 
was much less active than the same preparation after being subjected to a copper saturation 
procedure. Strikingly, the untreated, less active enzyme preparation displayed slow but steady 
kinetics and worked well in synergy experiments with cellulases.  
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Introduction 
Lignocellulosic biomass (i.e., plant-based biomass) is the most abundant source of renewable 
carbon on Earth (Pauly and Keegstra, 2008) and its major component is cellulose, a linear 
polymer of glucose units joined by β-1,4-glycosidic bonds (Klemm et al., 2005). Individual 
cellulose chains commonly arrange into crystalline fibrils consisting of multiple chains that are 
stabilized by extensive hydrogen bonding, and this assembly makes cellulose highly resistant 
to degradation (Duchesne and Larson, 1989, Somerville et al., 2004). Microorganisms have 
evolved to overcome this recalcitrance by producing specialized enzymes, and these may be 
employed in industrial bioprocessing for the sake of generating renewable energy and 
commodities (Merino and Cherry, 2007, Harris et al., 2014).  

Cellulose-degrading enzymes include cellulases that cleave glycosidic bonds using a hydrolytic 
mechanism, and that are further classified as endoglucanases or cellobiohydrolases. 
Endoglucanases attack randomly in amorphous/loosely packed cellulose by engulfing the 
cellulose chain in a catalytic cleft, while cellobiohydrolases attack from accessible chain ends 
using a tunnel-shaped active site (Davies and Henrissat, 1995). The turnover of cellulose by 
cellulases is hampered by the fact that the enzymes cannot easily access the crystalline surfaces 
of the cellulose fibrils (Horn et al., 2012). 

Enzymes called lytic polysaccharide monooxygenases (LPMOs) employ a powerful oxidative 
mechanism to cleave glycosidic bonds within crystalline regions of densely packed 
polysaccharides such as cellulose (Vaaje-Kolstad et al., 2010). This mode of action is enabled 
by a flat substrate-binding surface with a surface-exposed active site. The ability of LPMOs to 
disrupt crystalline cellulose fibrils, thereby granting the hydrolytic enzymes access to binding 
sites in parts of the substrate that they would otherwise struggle to reach (Vaaje-Kolstad et al., 
2010, Eibinger et al., 2014, Vermaas et al., 2015, Eibinger et al., 2017), makes LPMO activity 
crucial in the development of industrial bioprocessing technologies (Johansen, 2016, Müller et 
al., 2018).  

The catalytic function of LPMOs was discovered in 2010 (Vaaje-Kolstad et al., 2010) and they 
have since been classified as auxiliary activities (AA) in the carbohydrate-active enzymes 
database (cazy.org; Levasseur et al., 2013). LPMOs are categorized in CAZy families AA9-11 
and AA13-16 on the basis of sequence similarity, and may be active on cellulose, 
hemicellulose, chitin, starch and/or oligosaccharides (Tandrup et al., 2018, Filiatrault-Chastel 
et al., 2019). Thus, LPMOs hold an important role in the Earth’s carbon cycle, but might also 
have alternative functions, including a role as virulence factors in microbial pathogenicity 
(Loose et al., 2014, Paspaliari et al., 2015, Agostoni et al., 2017).  

LPMOs hydroxylate either the C1 or C4 carbon of the scissile glycosidic bond in cellulose 
(Vaaje-Kolstad et al., 2010, Phillips et al., 2011, Quinlan et al., 2011), whereas some  are less 
regioselective and produce a mixture of C1- and C4-oxidized products. Oxidation of the C1 
carbon results in the formation of 1,5-δ-lactones that are spontaneously converted to aldonic 
acids, while oxidation of the C4 carbon produces 4-ketoaldoses that are hydrated to their 
corresponding gemdiol form (Isaksen et al., 2014). Like cellulases, LPMOs may be associated 
with a carbohydrate-binding module (CBM), often through a flexible linker region (Courtade 
et al., 2018).  
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Two highly conserved histidines located on the flat substrate-binding surface constitute the 
catalytic centre of LPMOs. The histidines coordinate a single copper ion, which must be 
reduced from Cu(II) to Cu(I) state before the LPMO can initiate oxidative cleavage (Quinlan 
et al., 2011). To ensure that all LPMO molecules coordinate a copper ion, it is common to 
include a copper saturation step prior to running LPMO reactions. Notably, reduced LPMOs 
are known to be prone to oxidative damage when exposed to O2 or H2O2 in the absence of a 
proper substrate (Bissaro et al., 2017, Loose et al., 2018, Eijsink et al., 2019).   

LPMO catalysis has generally been believed to require molecular oxygen and a reductant that 
delivers two electrons for each catalytic cycle (Vaaje-Kolstad et al., 2010, Beeson et al., 2012, 
Kjaergaard et al., 2014). However, a recent study has indicated that H2O2 may be the true co-
substrate of LPMOs (Bissaro et al., 2017), a scenario that would only require reductant for a 
priming reduction of the LPMO, after which the enzyme can catalyze multiple reactions. 
Notably, under the conditions normally used in LPMO reactions, H2O2 will be formed either 
by O2 reacting with reduced LPMO molecules that are not bound to the substrate (Kittl et al., 
2012, Isaksen et al., 2014) or by reactions involving O2 and the reductant in the presence of 
trace amounts of transition metals.  

Although LPMOs have been intensely studied since their discovery in 2010 (Tandrup et al., 
2018, Chylenski et al., 2019, Eijsink et al., 2019, Forsberg et al., 2019), and although they are 
used in industry today (Johansen, 2016, Müller et al., 2018), little is known about industrially 
relevant properties such as stability. Thermostability is a commonly desired trait for enzymes 
employed in biorefineries because stable enzymes last longer and because it is often considered 
favourable to run processes at higher temperatures, for example to avoid microbial 
contamination issues in the industrial facilities (Haki and Rakshit, 2003). Thermostable 
enzymes can be discovered by bioprospecting of high temperature environments where 
biomass turnover occurs in Nature.  

The present study describes the characterization of a thermostable bacterial AA10 LPMO with 
a C-terminal CBM2 domain. The gene encoding the enzyme has previously been identified as 
overexpressed in a metatranscriptome originating from rice straw that was inoculated with 
compost and incubated at high temperature (Simmons et al., 2014)). We have compared the 
properties of this LPMO, termed mgLPMO10A (mg, for metagenome), with the properties of 
a similar two-domain mesophilic LPMO from Streptomyces coelicolor, ScLPMO10C 
(Forsberg et al., 2014a), and we have assessed its potential to boost the activity of various 
cellulases. The effect of copper saturation on the stability and catalytic ability of this novel 
LPMO was also explored.  

 

Materials and methods 
LPMO expression and purification 

The mgLPMO10A-encoding gene originates from publicly available metagenome data 
accessible in the Joint Genome Institute IMG/M database (https://img.jgi.doe.gov/cgi-
bin/m/main.cgi; IMG genome ID 2199352008). The microbial community was sampled from 
rice straw that had been inoculated with compost and incubated at high temperature (55 °C), 
and has been studied previously based on metagenomic and metatranscriptomic analyses 
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(Reddy et al., 2013, Simmons et al., 2014). The 1092 bp gene encoding mgLPMO10A (IMG/M 
gene ID 2200500718) was detected as overexpressed in the community ((Simmons et al., 
2014); note that the LPMO is referred to as a CBM33 in this paper). 

The mgLPMO10A encoding gene (codon-optimized for Escherichia coli expression) was 
synthesized (GenScript) and bp 94-1089 (omitting the predicted 31 amino acid signal peptide 
sequence and the stop codon) were cloned in the pRSET B expression vector (Invitrogen, 
Carlsbad, California, USA), already containing the well-functioning signal sequence of 
SmLPMO10A (also known as CBP21), following the protocol described by (Forsberg et al., 
2014b). The forward primer employed for insertion in the pRESET B vector was 5’-
CGCAACAGGCGAATGCCCACGGTGCGGCGATGGT-3’ and the reverse primer was 5’-
CAGCCGGATCAAGCTTTTACGCGCTGGTGCAGGTC-3’. For production of the catalytic 
domain alone (mgLPMO10Acd; bp 94-669) the reverse primer 5’-
CAGCCGGATCAAGCTTTTAATCAAAAACCACGTCGCT-3’ was used instead. The 
underlined nucleotides represent an over-hang sequence with the pRSET B vector (for fusing 
the gene in the pRSET B vector using the In-Fusion HD cloning kit (Clontech, Mountain View, 
California, USA)), and the ”TTA” sequence of the reverse primers (in bold) was implemented 
to introduce a stop codon at the end of the LPMO-encoding sequence. The gene sequences 
were verified by Sanger sequencing (Eurofins GATC, Cologne, Germany). 

Chemically competent OneShot BL21 StarTM (DE3) E. coli cells (Invitrogen) harbouring the 
pRSET B vector with the LPMO encoding genes were used to inoculate 500 mL Terrific Broth 
(TB) supplemented with 100 µg/mL ampicillin, followed by incubation at 37 °C for 18 hours, 
30 °C for 24 hours or 22 °C for 48 hours in a Harbinger system (Harbinger Biotechnology & 
Engineering, Markham, Canada). Note that expression was driven by leakiness of the T7 
promoter and that no inducer molecule was added. Cells were harvested by centrifugation at 
5000 × g for 15 minutes at 4 °C (Beckman Coulter Brea, California, USA), after which a 
periplasmic extract was prepared using an osmotic shock method (Manoil and Beckwith, 
1986).   

Periplasmic extracts were filtered using 0.45 µm syringe filters (Sarstedt, Nümbrecht, 
Germany) and adjusted to 50 mM Tris-HCl (pH 8.0) after which the proteins were purified by 
anion exchange chromatography using an ÄKTA pure chromatography system (GE 
Healthcare, Chicago, USA) equipped with a 5-ml HiTrap DEAE FF column (GE Healthcare). 
50 mM Tris-HCl (pH 8.0) was used as running buffer. mgLPMO10A and mgLPMO10Acd 
displayed poor binding to the DEAE column, and thus mainly ended up in the flow through. 
Protein fractions were examined by SDS-PAGE (Bio-Rad, Hercules, California, USA) and 
relevant fractions (i.e. the flow through in this case) were concentrated to 1 mL using 10,000 
MWCO (Molecular Weight Cut-Off) Vivaspin ultrafiltration tubes (Sartorius, Göttingen, 
Germany).  

The concentrated protein samples were purified in a second step by size exclusion 
chromatography using a HiLoad 16/60 Superdex 75 column with a running buffer consisting 
of 50 mM Tris-HCl (pH 8.0) and 200 mM NaCl. Fractions containing the LPMO, as determined 
by SDS-PAGE, were concentrated using 10,000 MWCO Vivaspin ultrafiltration tubes 
(Sartorius) with simultaneous buffer exchange to 20 mM sodium phosphate buffer (pH 6.0).  

Prior to use, purified enzymes were incubated for 30 minutes at room temperature with 
Cu(II)SO4 in a 1:3 molar ratio (LPMO:Cu2+) or EDTA in a 1:10 molar ratio (LPMO:EDTA) to 
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generate copper-saturated LPMO or apo-enzyme, respectively. PD Midi-Trap G-25 columns 
(GE Healthcare) were subsequently used to desalt the samples and remove excess Cu2+/EDTA. 
The columns had been equilibrated with 15 mL 5 mM EDTA in Chelex (Bio-Rad) treated 20 
mM sodium phosphate buffer (pH 6.0), followed by 15 mL Chelex (Bio-Rad) treated 20 mM 
sodium phosphate buffer (pH 6.0) to avoid unintended metals in the enzyme samples. Protein 
concentrations were determined by measuring A280 (absorbance at 280 nm) in a 
spectrophotometer (Eppendorf Biophotometer, Eppendorf, Hamburg, Germany) and 
absorbances were converted to protein concentrations using theoretical extinction coefficients 
calculated with the ExPASy ProtParam tool (web.expasy.org/protparam). The proteins were 
stored at 4 °C. 

Production of additional enzymes 

Full-length ScLPMO10C (also in the pRSET B vector) was produced using the same two 
chromatographic steps as for mgLPMO10A, and as described previously by (Forsberg et al 
2014). For ion exchange purification, the periplasmic extract was adjusted to 50 mM Tris-HCl 
(pH 7.5) which was also used as running buffer, and the protein was eluted by applying a linear 
salt gradient (0-500 mM NaCl) over 60 column volumes (CV). Fractions containing the LPMO 
were pooled and subjected to size exclusion chromatography, as described above. 

Two putative cellobiohydrolases (CBHs), namely a 101.6 kDa GH48 (mgCel48A; IMG/M 
gene ID 2200387045; overexpressed together with mgLPMO10A in the thermophilic 
compost/rice straw community (Simmons et al., 2014) and a 61.4 kDa GH6 (mgCel6B; IMG/M 
gene ID 2200705178) from the same metagenome (Reddy et al., 2013), were produced and 
included in synergy experiments with mgLPMO10A. Like crLPMO, both cellulases contain a 
CBM2. The cellulases were produced with a C-terminal His-tag according to the procedure 
described for a GH6 endoglucanase (mgCel6A) from the same metagenome (Jensen et al., 
2018). To enable cloning in the pNIC-CH expression vector, the forward primer for mgCel48A 
was 5'TTAAGAAGGAGATATACTATGGCACCGGCATGTGAAGTTACCTAT3' and the 
reverse primer was 
5'AATGGTGGTGATGATGGTGCGCACCAATCAGACGATCATAATCGGC3'. For 
mgCel6B, the forward primer was 
5'TTAAGAAGGAGATATACTATGGCATTTGCAGCACCGGGTTGTAGC3' and the 
reverse primer was 
5'AATGGTGGTGATGATGGTGCGCCAGAGGCGGATATGCATTATCCAT3'. The 
underlined nucleotides represent an over-hang sequence for ligase-independent cloning in the 
pNIC expression vector.  

Commercial cellulase cocktail 

Celluclast® 1.5L, a commercial cellulose cocktail with little LPMO activity (Müller et al., 
2015) was kindly provided by Novozymes (Bagsværd, Denmark). The Celluclast cocktail was 
first mixed with a β-glucosidase kindly supplied by Novozymes in a 10:1 ratio (on a protein 
basis) to facilitate degradation of solubilized sugars to the monomer (glucose).  

Substrates 

Evaluation of LPMO oxidative activity and saccharification experiments were carried out with 
the microcrystalline cellulosic substrate Avicel PH-101 (Sigma-Aldrich). PASC (phosphoric 
acid-swollen cellulose) was prepared from Avicel PH-101 as described by (Wood, 1988). 
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Apparent melting temperature 

A Nano-Differential Scanning Calorimeter III (Calorimetry Sciences Corporation, Lindon, 
USA) was used to determine the apparent melting temperatures [Tm(app)] of mgLPMO10A 
variants. Approximately 0.4 mg/ml LPMO in 50 mM sodium phosphate buffer pH 6.0 (filtered 
and degassed) was heated from 25 °C to 100 °C at 1 °C/min. Buffer baselines were recorded 
and subtracted from the protein scans. The data were analyzed with NanoAnalyze software 
(www.tainstruments.com). 

Activity assays 

Unless stated otherwise, reactions were performed in 50 mM sodium phosphate buffer (pH 6.0) 
at 800 rpm in an Eppendorf thermomixer. All reactions were performed in triplicates. 

For the initial verification of oxidative cellulolytic activity, mgLPMO10A was incubated at 1 
µM with 5 g/L PASC in the presence of 1 mM ascorbic acid (reductant) for 24 hours, at 60 °C. 
The supernatant was analyzed by MALDI-ToF (see below) for detection of oxidized cello-
oligomers and determination of LPMO regioselectivity. 

Progress curves for the degradation of 10 g/L Avicel by 1 μM LPMO in the presence of 1 mM 
ascorbic acid were determined at various temperatures ranging from 40-80 °C. Aliquots were 
withdrawn at selected time points and filtered (0.45 μm) before being merged with an identical 
volume of 2 µM endoglucanase (mgCel6A; (Jensen et al., 2018)) followed by overnight 
incubation at 37 °C. As a result of this procedure, all oxidized products were converted to 
oxidized cellobiose or oxidized cellotriose, which simplified product quantification. The 
products were analyzed using HPAEC-PAD (see below). 

Synergy experiments 

Investigation of the synergistic relationship between mgLPMO10A and two putative 
cellobiohydrolases (mgCel48A and mgCel6B) was done using 10 g/L Avicel as substrate, 
which was subjected to degradation by 1 µM mgLPMO10A and/or 1 µM of mgCel48A or 
mgCel6B. The reactions contained 50 mM sodium phosphate buffer (pH 6.0), and 1 mM 
ascorbic acid. Reactions involving mgCel48A were supplemented with 1 mM CaCl2 as this is 
beneficial to the enzyme (data not shown). Samples were withdrawn after 2, 24 and 48 hours 
incubation at 60 °C, and mixed with an equal volume of 0.1 M NaOH to stop the enzyme 
activity. Products were analyzed using HPAEC-PAD (see below). 

The effect of mgLPMO10A on the ability of a mixture of Celluclast® 1.5L and a β-
glucosidases (see above) to degrade cellulose was investigated using 50 g/L Avicel as substrate. 
The total protein load was 4 mg enzyme per gram glucan (the glucan content of Avicel is 92.2 
%; Müller et al., 2015). The reactions contained 50 mM sodium acetate, pH 5.0, and 1 mM 
ascorbic acid, and were incubated at 50 °C (optimal conditions for Celluclast). Samples were 
withdrawn after 4, 24 and 96 hours, the supernatants were separated from the insoluble 
substrate by filtration over a 0.45 μM filter using microtiter filter plates and kept at -20 °C until 
product analysis. Products were analyzed using UHPLC (see below). 

HPAEC-PAD product analysis 

Oxidized products, and native products generated in the synergy experiments with the CBHs, 
were detected by high-performance anion-exchange chromatography (HPAEC) using a 
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Dionex™ ICS5000 system (Thermo Scientific, Sunnyvale, CA) equipped with a disposable 
electrochemical gold electrode and a CarboPac PA1 column (Dionex) operated with 0.1 M 
NaOH (eluent A) at a column temperature of 30 °C (Westereng et al., 2013). A multistep linear 
gradient with increasing amounts of eluent B (0.1 M NaOH + 1 M NaOAc) was used to elute 
the products, going from 0–10 % B over 10 min; 10–14 % B over 5 min; 14–30 % B over 1 
min; 30–100 % B over 2 min; 100–0 % B over 0.1 min; and 0 % B (reconditioning) for 10.9 
min. Data collection and analysis were carried out with the Chromeleon 7.0 software. 
Cellobiose (Sigma Aldrich) and cellotriose (Megazyme) were used as substrates for production 
of C1-oxidized standards of cellobionic acid (GlcGlc1A) and cellotrionic acid (Glc2Glc1A), 
respectively, by incubation with cellobiose dehydrogenase from Myriococcum thermophilum 
(MtCDH) (Zamocky et al., 2008).  

UHPLC product analysis 

Quantification of glucose and cellobiose resulting from reactions with the Celluclast enzyme 
cocktail was achieved using a Dionex Ultimate 3000 UHPLC system (DionexCorp., 
Sunnyvale, CA, USA) equipped with a Rezex ROA-Organic Acid H+ (8 %), 300 × 7.8 mm 
analytical column equipped and a SecureGuard Carbo-H+ 4 × 3.0 mm guard column 
(Phenomenex, Torrance, CA, USA) operated at 65 °C. Sample components were eluted 
isocratically using 5 mM sulfuric acid as mobile phase with a flow rate of 0.6 mL/min, and 
were detected using a refractive index (RI) detector 101 (Shodex, Tokyo, Japan). Data 
collection and analysis were carried out with the Chromeleon 7.0 software.  

MALDI-ToF product analysis 

Reaction supernatants were assayed qualitatively using a matrix-assisted laser 
desorption/ionization time-of-flight (MALDI-ToF) UltrafleXtreme mass spectrometer (Bruker 
Daltonics GmbH, Bremen, Germany) equipped with a Nitrogen 337-nm laser. Reaction 
products (1 µl) were applied to an MTP 384 ground steel target plate TF (Bruker Daltonics) 
and merged with 2 µl of 9 mg/ml of 2,5-dihydroxybenzoic acid (DHB) dissolved in 30% 
acetonitrile, followed by air-drying. Data collection and analysis were carried out using the 
Bruker FlexAnalysis software.  

Metal content analysis by inductively coupled plasma mass spectrometry (ICP-MS) 

Protein samples (untreated, EDTA-treated or copper-saturated mgLPMO10A) were analysed 
by inductively coupled plasma mass spectrometry (ICP-MS) to determine the amount of copper 
in the enzyme preparations. Protein and buffer samples (0.5 mL) were mixed with one droplet 
of concentrated HNO3 and diluted to 1.5 mL before analysis on an Agilent 8800 ICP-MS 
(Agilent technologies, Santa Clara, California, USA) with NH3 as reaction gas. 

To estimate the fraction of metals bound to the protein relative to free metals in solution, the 
protein samples were concentrated on 3K centrifugal filters (VWR) that were first rinsed with 
Chelex-treated 20 mM sodium phosphate buffer (pH 6.0). The flow through of the protein 
samples were analysed by ICP-MS to estimate the concentration of free metals. The 
concentrated protein samples were analysed to estimate the total amount of metals in the 
samples (protein concentrations were calculated by A280 prior to the ICP-MS analysis). The 
amount of protein-bound metals was estimated by subtracting the concentration of free metals 
in the flow though from the total metal concentration in the protein samples.  
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Results and discussion 
LPMO production and verification of activity 

The full-length LPMO (mgLPMO10A; residues 32-363) and the catalytic domain 
(mgLPMO10Acd; residues 32-223) were expressed and purified to electrophoretic 
homogeneity (Fig. S1). The same was done for the well-studied ScLPMO10C, which was 
included in the experiments to enable comparison of mgLPMO10A to a mesophilic homologue. 
These two LPMOs have a very similar domain structure, including a proline- and threonine-
rich linker that separates the LPMO domain and the CBM2.   

The oxidative activity of mgLPMO10A on cellulosic substrates was initially verified using 
PASC under standard conditions (1 mM ascorbic acid, aerobic conditions), and this showed 
that the LPMO oxidizes the C1-carbon adjacent to the scissile bond (Figure 1). 

 
Figure 1. Initial verification of LPMO activity. Full-length mgLPMO10A was incubated with 0.5 % 
PASC in 50 mM sodium phosphate buffer (pH 6.0) supplemented with 1 mM ascorbic acid (AscA) at 
60 °C overnight. The supernatant was subjected to MALDI-ToF analysis. The product profile shows 
peaks characteristic for oxidized products, including a large peak representing the sodium salt of the 
sodium adduct of the aldonic acid, which is diagnostic for C1-oxidation. The peaks of the hexamer 
cluster are denoted by grey arrows and show the sodium adduct of native cellohexaose [Glc6 + Na]+ and 
two larger peaks that represent sodium adducts of C1-oxidized cellohexaose (aldonic acid), namely 
[Glc5Glc1A + Na]+ and [Glc5Glc1A - H + 2Na]+. Note that the lactone is also visible (at 1011; not 
labeled). Of note, the spectrum shows a series of minor signals (984, 1146, 1308) differing by one 
glucose (162 m/z) that represent products of unknown nature. None of the labelled peaks were observed 
for a reaction with only PASC and AscA, whereas the upper panel shows that only a few, and very 
minor signals were observed for a reaction with PASC and the LPMO but lacking AscA. 
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Thermal stability 

Differential scanning calorimetry (DSC; Figure 2) showed that the [Tm(app)] of copper saturated 
mgLPMO10A, is approximately 83 °C, and that both truncation ([Tm(app)] 76 °C) and removal 
of the copper ([Tm(app)] 73 °C) have negative effects on the thermal stability. All unfolding 
events were irreversible. These results suggests that both copper binding and the CBM have a 
protective effect that confers improved stability to the LPMO catalytic domain. The positive 
effect of copper binding on LPMO stability is consistent with previous studies (Hemsworth et 
al., 2013) and can be explained by the stabilizing effect of copper binding on the histidine 
brace, which includes the N-terminus that is known to be relatively flexible in the apo-enzyme 
(Aachmann et al., 2012). To our knowledge, the [Tm(app)] of 83 °C observed for mgLPMO10A-
Cu2+ is the highest melting temperature ever recorded for an LPMO.  

The effect of the CBM on the apparent melting temperature of mgLPMO10A is not easily 
explained. Studies of ScLPMO10C have shown that the linker between the CBM2 and the 
LPMO domain is flexible and the solution structure of full-length ScLPMO10C showed this 
linker to be quite extended (Courtade et al., 2018). Thus, one might expect the catalytic domain 
and CBM to act as separated units that fold and unfold independently. The unfolding curve of 
mgLPMO10A in Fig. 2 shows only a single transition, which indicates that the two domains 
do not unfold independently or that they unfold independently and have approximately the 
same melting temperature. Based on the present data it cannot be excluded that the two domains 
interact with each other in a manner that has a protective effect. However, the decrease in 
stability may also be due to the actual truncation, which may have created an unfavourable 
configuration at the C-terminus of the truncated protein. 

 

 
Figure 2. Thermal unfolding of mgLPMO10A. The apparent melting temperatures [Tm(app)] were 
determined by differential scanning calorimetry (DSC) by heating the copper saturated enzyme 
(approximately 0.4 g/L) at 1 °C/min from 25 °C to 100 °C in 50 mM sodium phosphate buffer (pH 6.0).  
The experiment was repeated for the apo-form of mgLPMO10A (mgLPMO10A apo, in Chelex-treated 
buffer), and the copper saturated but truncated version of mgLPMO10A (mgLPMO10Acd).  
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The effect of temperature on activity 

Monitoring of product formation over time at varying incubation temperatures (Fig. 3) showed 
a trade-off between activity and enzyme inactivation and revealed a clear difference between 
mgLPMO10A and ScLPMO10C. For mgLPMO10A, the initial activity increased with 
temperature all the way up to 80 °C (the highest tested temperature). Only at 80 °C the product 
formation curve showed clear signs of enzyme inactivation, with product levels stabilizing 
already after approximately 20 minutes with 350 μM product. In the other reactions, product 
levels reached almost 500 μM, which , apparently, is the maximum level that can be reached 
under these conditions.  

In contrast, ScLPMO10C showed clear signs of enzyme inactivation in the reaction carried out 
at 70 °C (Fig. 3). Considering its apparent Tm of 64 °C (Jensen et al., 2019 submitted for 
publication), it may seem surprising that the enzyme works at all at 70 °C, but this can be 
explained by the substrate having a protective effect (the melting temperature was determined 
in the absence of substrate). It is remarkable that the maximum product levels reached by 
ScLPMO10C are lower (approx. 200 μM) compared to mgLPMO10A (approx. 500 μM). More 
experiments would be needed to explain this difference and to verify why product formation 
stops in the first place. One possible explanation for the difference between the two LPMOs is 
that ScLPMO10C is more prone to autocatalytic oxidative inactivation than mgLPMO10A, 
which would, obviously, be very interesting. 

As to the effect of temperature on LPMO activity and stability, it is very important to note that 
we do not know the effects of elevated temperature on the reductant, the co-substrate, and the 
H2O2-generating oxidase activity of the LPMO. Product yields and apparent enzyme 
inactivation do not necessarily reflect only thermal stability of the LPMOs or the general effect 
of temperature on enzyme catalysis. For example, increased LPMO activity at higher 
temperatures could reflect that H2O2 is generated at a faster rate as the temperature increases, 
and may not necessarily reflect the catalytic rate of the LPMOs. Likewise, temperature effects 
on LPMO reduction and substrate binding, where the latter would affect both the oxidase 
activity of the LPMO and the sensitivity to autocatalytic inactivation, may partly underlie the 
temperature effects shown in Fig. 3. Of note, the concentrations of dissolved oxygen become 
less as temperature increases, but this does not seem to negatively affect initial LPMO activity.  
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Figure 3. Activity of mgLPMO10A and ScLPMO10C at various temperatures. Panels A-E show 
progress curves for copper saturated mgLPMO10A (solid curves) and ScLPMO10C (dashed curves) at 
40-80 °C. The reactions were carried out with 1 µM LPMO and 10 g/L Avicel in 50 mM sodium 
phosphate buffer pH 6.0. The reactions were pre-incubated for 10 min at various temperatures before 1 
mM ascorbic acid was added to start the LPMO reaction. The reactions were carried out in Eppendorf 
Thermomixers set to 40-80 °C and 800 rpm and samples were taken and filtered at 10, 20, 30, 60 and 
120 min. The solubilized products were degraded to oxidized dimers and trimers by incubation with an 
endoglucanase prior to product quantification. Panel F shows the initial rate of mgLPMO10A as a 
function of temperature, ranging from 0.08-0.27 s-1 and with the highest rate measured at 80 °C. The 
rates were calculated from the  linear range of the progress curves, that is 0-30 min, with the exception 
of the 80 °C curve, of which only the 0-20 min points were used. The error bars show ± S.D. (n=3).  

 

Synergy experiments 

We then studied synergy between the mgLPMO10A and two putative CBHs derived from the 
same metagenome, namely a GH6 (mgCel6B) and a GH48 (mgCel48A), where the latter was 
known to be co-expressed with mgLPMO10A (Simmons et al., 2014). Since both the 
mgLPMO10A (Fig. 2) and the two CBHs (unpublished data) were thermostable, the reactions 
were carried out at elevated temperature (60 °C). GH48 CBHs and GH6 CBHs generally attack 
cellulose chains from the reducing and non-reducing ends, respectively (Barr et al., 1996). Both 
CBH-LPMO combinations showed clear synergistic effects, and, perhaps not surprisingly 
considering the metatranscriptomel data, this effect was particularly prominent for the GH48 
(Fig. 4). Synergy experiments were conducted using both copper-saturated mgLPMO10A and 
mgLPMO10A “as is”, i.e., as purified, without copper saturation. The difference between these 
two experiments is discussed below. 
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Figure 4. Synergy with mgLPMO10A and cellulases. Reactions mixtures were incubated at 60 °C 
and contained 10 g/L Avicel in 50 mM sodium phosphate buffer pH 6.0, and 1 µM of each enzyme in 
the reaction. mgLPMO10Apure denotes untreated purified enzyme “as is”, while mgLPMO10A-Cu2+ 

denotes copper saturated enzyme. Error bars represent standard deviations with n=3, except for 
reactions marked with a star and a triangle (indicating n=2 and n=1, respectively). No samples were 
taken for the reactions with only LPMO after 48 hours. 

 

The mgLPMO10A was also tested in a spiking experiment with the commercial cellulase 
cocktail Celluclast, which is assumed to be largely devoid of LPMO activity (Müller et al., 
2015). In the experiment, 15 % of the standard enzyme cocktail, consisting of Celluclast and 
β-glucosidase (in a 10:1 ratio on a protein basis), was replaced by mgLPMO10A or, in a control 
experiment, BSA (bovine serum albumin; used to test the effect of just adding protein). This 
setup generated clearly more products than when using 100 % of the cocktail, meaning that the 
presence of mgLPMO10A enables the cellulases to release more sugars (Fig. 5).  
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Figure 5. Effect of mgLPMO10A on saccharification of Avicel by Celluclast®. Reactions mixtures 
were incubated at 50 °C and contained 50 g/L Avicel in 50 mM sodium acetate buffer pH 5.0. The total 
protein dosage was 4 mg/g glucan, with 100% of CC (= mixture of Celluclast® and β-glucosidase), or 
85 % CC and 15 % mgLPMO10A or 15 % BSA. mgLPMO10Apur denotes untreated purified enzyme, 
while mgLPMO10A-Cu2+ denotes copper-saturated enzyme. All reactions were run in triplicates and 
standard deviations are indicated.  

 

The effect of copper saturation 

The synergy experiments were carried out with copper saturated mgLPMO10A, but also with 
an untreated mgLPMO10A sample taken directly from the purification (referred to as 
mgLPMO10A-Cu2+ and mgLPMO10Apure, respectively). Interestingly, both synergy 
experiments showed that after longer processing times, the untreated LPMO was as beneficial 
to the reaction as the copper-saturated LPMO. However, reactions with the untreated LPMO 
seemed slower at some of the earlier time points, suggesting that the untreated enzyme works 
more slowly than the copper-saturated enzyme.  

The effect of copper saturation was further investigated in additional experiments with both 
the copper saturated enzyme and the untreated enzyme, “as is”, i.e., used directly after the final 
purification step. Time course experiments with the untreated LPMO showed that product 
generation was slow but steady at 50 °C and also at 60 °C, albeit only for 24 h (Fig. 6). At 60 
°C the untreated LPMO was about 20 times slower compared to the copper-saturated enzyme 
(Fig. 3). Additional time courses showed a high degree of inactivation at 70 °C, and, especially 
80 °C (Fig. 6). Note that the seemingly lower stability at 70 °C and 80 °C, compared to Figure 
3 may be due to both much longer incubation times and the lack of the stabilizing effect 
provided by copper binding. 
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Figure 6. Progress curves using mgLPMO10A without copper saturation. The upper panel shows 
oxidized products generated by untreated mgLPMO10A or copper saturated ScLPMO10C from 10 g/L 
Avicel at 40 °C and 60 °C. The Figure shows that using an LPMO that had not been copper saturated 
yielded stable and slow reaction kinetics. The lower panel shows only untreated mgLPMO10A at 
different temperatures, indicating that the reaction rate increases with the temperature (although still 
extremely slow compared to LPMO reactions with copper saturated enzyme).  

 

The contrast between the progress curves for non-copper saturated mgLPMO10A (Fig. 6) and 
copper saturated mgLPMO10A (Fig. 3) is striking: The copper-saturated enzymes work much 
faster, reaching reaction end points within a few hours. These end points likely reflect a 
combination of depletion of ascorbic acid and enzyme inactivation. One explanation for the 
slow action of the untreated enzyme would be that the purified mgLPMO10A contains very 
little copper, meaning that most of the enzyme is in an inactive state that neither catalyzes 
glycosidic bond cleavage nor is vulnerable to inactivation. It is conceivable that this leads to 
low production of H2O2 in the system. Since reduced LPMOs bind the substrate more strongly 
(Kracher et al., 2018) and since the LPMO-substrate complex has high affinity for H2O2 
(Bissaro et al., 2016), it is likely that the amount of reduced copper-containing LPMOs in 
solution is low and that the slowly produced H2O2 is used productively, i.e., in substrate 
oxidation. All in all, this would yield slow and steady kinetics. 

The presence of copper in mgLPMO10A was investigated using ICP-MS, which showed that 
a solution of copper saturated LPMO contained approximately 1.35 copper per LPMO 
molecule, whereas an ultrafiltrate of this solution contained approximately 0.35 copper per 
LPMO molecule. Thus, one copper was bound to the LPMO, whereas the solution also 
contained a significant amount of free copper (approximately 0.35 per LPMO molecule).  

Importantly, the ICP-MS data showed that solutions of the untreated LPMO contained only 
0.07 copper per LPMO and that all this copper was bound to the enzyme. It is thus clear that 
most of the recombinantly produced enzyme molecules indeed were in an inactive state, as they 
lack copper. It remains to be studied whether the difference in kinetics between the copper 
saturated and the non copper saturated enzyme only relates to the lack of LPMO-bound copper 
or whether the presence of free copper in the saturated enzyme also plays a role (since free 
copper may affect the levels of H2O2).   
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Concluding remarks 

The LPMO described here is, to the best of our knowledge, the most thermally stable LPMO 
ever described, showing appreciable activity at temperatures as high as 80 °C. Interestingly, the 
enzyme showed good performance at all temperatures tested and differed greatly from 
mesophilic ScLPMO10C tested under the same conditions. It will be of great interest to further 
explore the mechanistic and structural basis of the special properties of mgLPMO10A. The 
enzyme is active and operationally stable over a wide temperature range and may thus be used 
in future studies of the effect of temperature of the complex LPMO reaction. 

Synergy experiments showed good effects of the LPMO, comparable to what has been 
observed for the well-known fungal LPMO TaLPMO9A (also known as TaGH61A; (Harris et 
al., 2010, Müller et al., 2015)). It seems worthwhile to further explore how the stability of 
mgLMPO10A can be harnessed in biomass processing, especially since there are indications 
that LPMO inactivation is a limiting factor during industrial saccharification of lignocellulosic 
biomass (Müller et al., 2018, Chylenski et al., 2019). Of note, the low and steady activity of 
non copper saturated mgLPMO10A and the good results obtained when combining this LPMO 
with Celluclast suggest that it could be beneficial to use a lesser amount of active LPMOs in 
bioprocessing settings. Large amounts of reduced copper-saturated LPMOs may generate all 
the products within a few hours of the reaction, while industrial processing with cellulases is 
usually conducted over several days. At the same time, the LPMOs may experience a higher 
degree of autocatalytic inactivation because the ratio between reduced (and thus potentially 
self-destructive) LPMOs in solution and available substrate may become unfavourable. Thus, 
there is a risk that the LPMOs will not be active towards the end of the process, and are thus 
unable to assist the cellulases in attacking the remaining cellulose. 

As a spin-off of this study, we revealed the enormous effect of copper saturation on LPMO 
activity and we showed that purified mgLPMO10A, as is, bound very little copper. The degree 
of copper saturation of a purified LPMO likely varies between production batches and between 
LPMOs, since we do not have control of the potential scavenging of copper during expression 
in E. coli and because LPMOs may have different copper affinities. Of note, EDTA is present 
during one of the steps used for preparation of the periplasmic extracts that were the starting 
samples for LPMO purification, which may explain the lack of copper in the purified enzyme. 
Copper saturation may secure that every LPMO has a copper coordinated in the histidine brace 
and is thus capable of oxidative cleavage of polysaccharides. However, copper saturation, at 
least when done as in this study, also adds some free copper to the reaction system and the 
effects of this free copper still need to be established. In any case, we show here that the effects 
of copper saturation of LPMOs, and, thus, the amount of active LPMO in a reaction mixture, 
may be considerable. Since different research groups active in the LPMO field use different 
procedures for protein production, purification and, if applied, copper saturation, quantitative 
comparison of LPMO activities in literature is challenging. 
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ABSTRACT 

Lytic polysaccharide monooxygenases 
(LPMOs) are oxidative enzymes that play an 
important role in the turnover of 
polysaccharides in Nature, including cellulose 
and chitin. Oxidative cleavage of the polymers 
is initiated at the active site copper that is 
coordinated in a conserved histidine brace, but 
the structural determinants of LPMO substrate 
specificity remain largely unknown. In this 
study, we have used a directed evolution 
approach to investigate structural determinants 
of LPMO substrate specificity, with the aim of 
tuning the substrate preference of an AA10 
LPMO from Streptomyces coelicolor A3(2) 
(ScLPMO10C, also known as CelS2) from 
cellulose to chitin. A rationally designed 
mutant library with multiple mutations at five 
positions on the substrate-binding surface was 
screened using a mass spectrometry-based 
high-throughput assay for detection of 
chitinolytic activity. A subset of the mutants 
that passed the screening process, containing 
four mutations, were characterized in detail 
and showed significant chitinolytic activity 
and a concomitant decrease in cellulose-
activity. The chitin-active mutants became 
more rapidly inactivated during catalysis 
compared to a natural chitin-active AA10 
LPMO, which is likely indicative of sub- 

 
optimal substrate binding leading to 
autocatalytic oxidative damage of the 
enzymes. Thus, while showing that it is 
possible to convert the substrate specificity of 
an LPMO by engineering, the present results 
also underpin the notion that productive 
substrate binding by these enzymes is a 
complex phenomenon that depends on a 
multitude of amino acids on the substrate-
binding surface. 

 
Lytic polysaccharide monooxygenases 

(LPMOs) constitute a class of enzymes that 
employ a powerful oxidative mechanism to 
cleave glycosidic bonds within crystalline 
regions of recalcitrant biomasses, such as 
cellulose and chitin. After the discovery of 
their catalytic function in 2010 (1), LPMOs 
have been classified as auxiliary activities 
(AA) in the carbohydrate active enzymes 
database (cazy.org; (2)) where they are 
categorized in families AA9-11 and AA13-16 
on the basis of sequence similarity. LPMOs are 
abundant in Nature, where they are frequently 
produced by fungi and bacteria involved in the 
degradation of structural polysaccharides in 
plants, crustaceans, fungi, insects and 
molluscs. Thus, LPMOs hold an important role 
in the Earth’s carbon cycle, whereas some 
studies suggest alternative functions, including 
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a role as virulence factors in microbial 
pathogenicity, that are not associated with 
biomass turnover (3-5).  

LPMOs engage in a synergistic interplay 
with hydrolytic enzymes (e.g. cellulases and 
chitinases) during the conversion of 
recalcitrant polysaccharides, an important 
aspect of LPMO functionality that was 
observed prior to unravelling their mode of 
action (6,7). The crystalline surface of densely 
packed polysaccharides can be disrupted by 
the oxidative action of LPMOs, thereby 
generating access points for hydrolytic 
enzymes in areas that otherwise would be less 
accessible (1,8-10). The resulting boosting 
effect on biomass turnover makes LPMOs key 
components in the development of industrial 
bioprocessing technology (11,12).  

While some LPMOs are expressed as 
single catalytic domains, others are associated 
with a carbohydrate-binding module (CBM) 
through a flexible linker region (13). CBMs 
are thought to increase the effective enzyme 
concentration on the substrate surface by 
anchoring the catalytic domain in proximity of 
substrate binding sites (14,15). Two conserved 
histidines located on the flat substrate-binding 
surface of the catalytic domain constitute the 
catalytic centre of the LPMO. These histidines 
coordinate a single copper ion, the reduction of 
which from Cu(II) to Cu(I) is crucial for 
catalysis (16). 

LPMO catalysis has generally been 
believed to require molecular oxygen and a 
reductant that delivers two electrons for each 
catalytic cycle (1,17,18). However, a recent 
study has indicated that LPMOs may employ 
H2O2 as co-substrate (19), which implies that 
the reductant is only needed for a priming 
reduction of the LPMO, after which the 
enzyme can catalyze multiple reactions. While 
reduced LPMOs are prone to oxidative 
damage when exposed to high levels of O2 or 
H2O2 in the absence of a proper substrate (19-
21), well controlled H2O2-mediated reactions 
result in drastically improved catalytic rates 

(22) and stable reaction kinetics (12,23). 
Notably, under the conditions normally used in 
LPMO reactions, H2O2 will be formed either 
by O2 reacting with reduced LPMO molecules 
that are not bound to the substrate (24,25) or 
by reactions involving O2 and the reductant in 
the presence of trace amounts of transition 
metals.  

LPMOs may be active on cellulose, 
hemicellulose, chitin, starch and/or 
oligosaccharides (26). Most known LPMOs 
are active on cellulose or chitin, which are 
among the most abundant polysaccharides on 
Earth, both consisting of β-1,4-linked 
monomers (glucose in cellulose and N-
acetylglucosamine (GlcNAc) in chitin) rotated 
180 ° relative to each other. LPMO-mediated 
cleavage of cellulose and chitin occurs by 
hydroxylation of the C1 or C4 carbon of the 
sugar monomers adjacent to the scissile 
glycosidic bond (1,16,27), and different 
LPMOs can be limited to one of these 
mechanisms or be capable of both. Oxidation 
of the C1 carbon results in the formation of 
1,5-δ-lactones that are spontaneously 
converted to their more stable aldonic acid 
forms, while oxidation of the C4 carbon 
produces 4-ketoaldoses that are hydrated to 
their corresponding gemdiol form (25). Of 
note, for chitin, only C1 oxidation has been 
observed. 

NMR-based studies of LPMO-substrate 
interactions (28,29), modelling (30), and 
mutational studies (20,30-33) suggest that 
precise arrangements of multiple amino acid 
side chains covering a major fraction of the 
substrate-binding surface dictate enzyme 
properties such as oxidative regioselectivity 
and substrate preferences. Simultaneously, 
these multi-side chain arrangements ensure 
operational stability for the LPMO by 
promoting precise substrate binding that 
protects the LPMO from oxidative self-
inactivation (20). To create more insight into 
the structural determinants of LPMO substrate 
specificity, we have adopted a directed 
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evolution approach to convert the cellulose-
active LPMO10C from Streptomyces 
coelicolor A3(2) (hereinafter called 
ScLPMO10C, previously known as CelS2 
(34)) to a chitin-specific enzyme. This was 
done by design of a mutant library with 
multiple mutations at five positions on the 
substrate-binding surface, which subsequently 
was screened using a mass spectrometry based 
high throughput assay for LPMO activity. 

 
Results  
Library design and mutant generation 

Figure 1 shows the location of residues 
Tyr79, Asn80, Phe82, Tyr111, and Trp141 
(position 1-5) that were targeted for mutation. 
The five residues are located in the L2 loop, 
covering a relatively large area on the flat 
substrate-binding surface of ScLPMO10C. In 
terms of subsites, the mutations affect subsites 
-4 to -2, which are known to play an important 
role in substrate-binding, both in cellulose- 
(35) and chitin-active (30) LPMOs. These 
residues were postulated to dictate substrate 
specificity based on conservation patterns 
identified when comparing the sequences of 
cellulose- and chitin- active AA10 LPMOs, as 
outlined in Figure 1C. Furthermore, a 2H/1H 
exchange experiment had previously shown 
that Tyr54, Glu55, Gln57 and Thr111 in 
SmLPMO10A (position 1-3 and 5, see below) 
interact with crystalline chitin (29). 

Tyr79 (position 1) is the only aromatic 
residue on the AA10 substrate-binding surface 
that stacks with the carbohydrate substrate (-4 
subsite in SmLPMO10A (30)). This position 
has been targeted in recent site-directed 
mutagenesis studies which revealed its 
importance for both substrate binding (20,30) 
and enzyme activity and operational stability 
(20,31). The most common natural residues at 
this position are Tyr and Trp, but non-aromatic 
residues also occur. Thus, the Tyr at this 
position was mutated to Trp/Thr/Asp/Glu and 
Ala. Alanine substitutions were included at all 
positions. 

The second position, Asn80 in 
ScLPMO10C, was selected on the basis of 
being highly conserved in C1 and mixed 
C1/C4 oxidizing cellulose-active LPMO10s, 
and its different and strictly conserved nature 
in chitin-active LPMO10s, where it is a Glu. 
Mutation of this residue in chitin-oxidizing 
SmLPMO10A resulted in strongly reduced 
substrate binding and abolished enzyme 
activity (6,20). In the library, Asn80 in 
ScLPMO10C was mutated to residues with 
similar side chain size and polarity 
(Gln/Asp/Glu), as well as to Ser and Ala, 
which are also, but rarely, found at this 
position. 

The third position, Phe82 in ScLPMO10C, 
was recently shown to be important for the 
regioselectivity of cellulose oxidation in an 
LPMO10 with mixed C1/C4 activity (31). 
LPMO10s with mixed C1/C4-cellulose 
oxidation activity tend to have an Asn at this 
position (see Figure 1C), whereas those that 
are strict C1-oxidizers tends to have Phe 
(cellulose-oxidizers) or Gln (chitin-oxidizers) 
at this position. Of note, C1/C4 oxidizers 
active on cellulose tend to show activity on 
chitin, such as MaLPMO10B from 
Micromonospora aurantiaca. Mutation of 
Asn85 in MaLPMO10B to Phe almost 
abolished the C4-activity, but also the chitin-
oxidizing activity (31), indicating an important 
role in substrate interactions. Position 3 was 
mutated to Ala/Gln/Asn/His/Tyr based on the 
natural variation in all types of LPMO10s. 

Position 4, Tyr111 in ScLPMO10C, is 
located in a less conserved loop in 
ScLPMO10C and other cellulose C1-oxidizing 
LPMO10s. This extra loop 
(ScLPMO10C_P110_Y111_D112) always 
comes with the upstream motif Asn-Trp-Phe 
(ScLPMO10C-N80-W81-F82), which 
includes position 2 and 3. Position 4 was 
mutated to Ala/Phe/His to vary the side chain 
properties at this position. 

The fifth position, Trp141 in ScLPMO10C, 
is highly conserved within each of the 
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LPMO10 substrate-specificity groups. While 
the typical chitin oxidizing LPMOs (e.g. 
SmLPMO10A-like) tend to have a polar Thr at 
this position, the majority of LPMO10s with 
mixed activities (C1/C4 on cellulose and C1 on 

chitin) have a Gln and the strict C1-oxidizing 
cellulose-active LPMO10s (ScLPMO10C-
like) have a Trp at this position. Here, Trp141 
was mutated to Ala/Gln/Thr/Phe. The final 
library contained 4320 variants.  

 

 
Figure 1. Structural overview of targeted residues in ScLPMO10C. Panel A displays a side-
view of the crystal structure of the catalytic domain of wild-type ScLPMO10C (PDB 4OY7; (34)) 
with the substrate binding surface facing downwards. The side chains of residues targeted for 
mutation are shown with green-colored carbons whereas carbons in the side chains of the two 
histidines that coordinate the copper ion (orange sphere) are colored grey. Panel B shows the 
substrate-binding surface with residue numbering according to the PDB structure, which is used 
throughout this study. Note that His35 is the N-terminal residue of the mature protein and that the 
mutational work was carried out on the full-length enzyme that includes a family 2 CBM connected 
by a flexible Pro/Thr-rich linker (13). Panel C shows amino acid frequencies encountered at each 
mutated position (1-5) in multiple sequence alignments of sequences belonging to various 
LPMO10 subgroups: ScLPMO10C-like (26 sequences; C1-oxidizing, cellulose), MaLPMO10B-
like (28 sequences; C1/C4 oxidation of cellulose and C1 oxidation of chitin) and SmLPMO10A-
like (49 sequences; C1-oxidizing, chitin). Position 4 (ScLPMO10C_Y111) is exclusively found in 
some ScLPMO10C-like sequences and is always present with the upstream motif Asn-Trp-Phe in 
which the first and the last make up positions 2 and 3 in the library. Mutations included in the 
library are shown in the top right corner of the Figure. Panels A and B were made using PyMOL 
and the graphs in panel C were generated using WebLogo (36). A blue star in panels A-C marks 
the location of the second histidine (His144) of the histidine brace. See Figure S1 for a structural 
comparison of natural LPMO10s with experimentally verified different substrate specificities.  
 
High-throughput library screening 

Chitin-activity was measured using a 
high-throughput mass spectrometry-based 
assay for detection of oxidized chito-
oligomers. An Agilent RapidFire 365 system 
was applied and the solid phase extraction 
and triple-quadropole mass spectrometry 
detection methods used were established 

based on reaction products generated by the 
positive control enzyme SmLPMO10A 
(CBP21) acting on beta-chitin as substrate.  
Negative ESI mode was chosen for detection 
because this mode led to less noise in the 
mass spectra. Precursor ions used for 
fragmentation and subsequent quantification 
of selected daughter fragments in the triple-
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quadropole instrument corresponded to the 
aldonic acid forms of oxidized chitin 
oligomers consisting of 2 to 6 monomers 
(Fig. S2). Protocols for LPMO enzyme 
reactions in 384-well microplates were 
established using robotic liquid handling 
methods optimized to evenly distribute 
suspensions of solid beta-chitin.  

The designed LPMO library was 
expressed in E. coli XL10 Gold and screened 
for production of LPMOs with activity 
towards β-chitin as described in the Materials 
and methods section. A primary screen of 
11520 transformants led to selection of 42 
transformants. After a second screening of 
these mutants for verification of activity and 
after discarding two mutants that contained 
unintended mutations discovered during 
sequencing, 37 transformants remained, 
representing 27 unique mutants, as detailed 
below. 

 
Sequence analysis of putative chitin-active 
mutants 

Table 1 provides sequence information 
for the 37 mutants that remained after the 
screening process. The collection contained 
27 unique mutants, including two that were 
detected four times, one that was detected 
three times and two that were detected twice. 
The combined frequencies of residues among 
all the 37 variants (Table 1A) and among the 
variants that were detected multiple times 
(Table 1B), suggested a consensus sequence 
for chitinolytic activity of Tyr, Asp, Xaa, Phe 
and Gln for positions 79, 80, 82, 111 and 141, 
respectively.  At position 79, 95 % of the 
selected variants had kept the wild-type 
amino acid. At the other four positions, 
mutation frequencies were higher and all 

were mutated, relative to wild-type 
ScLPMO10C, in the deduced consensus 
sequence. Both N80 and Y111 were 
substituted in approximately 75 % of the 37 
mutants, with the most common substitutions 
being N80D and Y111F. Residue F82 was 
replaced by a variety of different amino acids 
in 95 % of the putative chitin-active variants, 
and almost 50 % of these carried the mutation 
F82Q. W141 was the only residue that was 
mutated in all selected variants, with W141Q 
being the most frequent substitution.  

Based on these observations, a subset of 
the mutants that were detected multiple times 
and carried the mutation pattern YDxFQ 
(M2, M5 and M18; Table 1C) were selected 
for production and further investigation. Of 
note, this mutation pattern was present in 11 
of the 37 selected mutants. The contribution 
of individual mutations to chitinolytic 
activity was investigated by studying the 
effect of mutating single residues in M18, the 
most active variant (see below), back to the 
wild-type sequence. This required 
construction of two variants of M18, whereas 
the effect of the other reverse mutations could 
be assessed by characterization of variants 
that were among the 37 selected mutants 
(Table 1C).  

 
Production of putative chitin-active mutants 

The selected ScLPMO10C variants and 
ScLPMO10C wild-type were expressed and 
purified to electrophoretic homogeneity 
(Figure S3) using anion exchange 
purification followed by size exclusion 
chromatography. The yields of purified 
protein were typically 10-20 mg per litre 
culture.
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Table 1. Sequence analysis and selection of 
mutants. Table 1A shows the frequency of 
different substitutions of the targeted residues 
(Tyr79, Asn80, Phe82, Tyr111, and Trp141) 
in the 37 selected putatively chitin-active 
mutants. Mutations included in the library are 
shown below the boxes. Note that for most 
variants chitin-activity was not verified 
experimentally beyond the screening 
procedure, so the presence of false positives 
cannot be excluded. Table 1B shows the 
frequency of different substitutions in 
variants that occurred multiple times. Table 
1C shows the three mutants (M2, M5 and 
M18) that were selected for further analysis, 
as well as four additional mutants that were 
generated by site-directed mutagenesis or 
selected from the mutant collection to verify 
the contribution of individual residues to the 
chitin-activity of M18. 

 

Verification of chitinolytic activity  
Analysis of reaction products after 

incubation of β-chitin with purified 
ScLPMO10C variants containing the 
mutation pattern YDxFQ showed that the 
selected enzymes indeed were active towards 
chitin (Fig. 2). MALDI-ToF mass spectra of 
reaction products generated by the three 
mutants (Fig. 2D-F) were very similar to 
spectra of products generated by the well-
known chitin-active LPMO from Serratia 
marcescens (SmLPMO10A or CBP21) after 
degradation of β-chitin (Figure 2A,B). 
Comparison of the zoom-in views of the 
hexamer cluster (GlcNAc5GlcNAc1A) for 
SmLPMO10A (Figure 2B) and the three 
mutants (Figure 2D-F), show identical 
dominating signals representing the aldonic 
acid (m/z = 1276) and the sodium salt of the 
aldonic acid (m/z = 1298). There are, 
however, some minor differences: next to the 
peak for the lactone form (m/z 1258), the 
spectra for the mutants show signals at m/z = 
1256 and m/z = 1260 (see arrows in Figures 
2D-F), which could indicate LPMO side 
activities, as discussed below. Using the same 
reaction set-up and analytical procedures, no 
oxidized chito-oligomers were detected for 
reactions with wild-type ScLPMO10C 
(Figure 2C).  
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Figure 2. Oxidized products generated from chitin. Panel A shows the results of MALDI-ToF 
MS analysis after a 24 hours incubation of the positive control LPMO (SmLPMO10A) with 10 g/L 
β-chitin at 40 °C in sodium phosphate pH 6.0 in the presence of 1 mM ascorbic acid (reducing 
agent) and displays the C1-oxidized products (aldonic acids and lactones) that can be expected for 
a chitin-active LPMO. Peaks representing oxidized chitooligomers are marked with their m/z value 
(see panel A for details). Panel B shows a zoom-in view of the hexamer cluster displaying 
SmLPMO10A-generated products within the 1250 to 1320 m/z range. The peaks that are marked 
with an asterisk represent potassium adducts, which are absent in the spectra for the ScLPMO10C 
mutants due to different storage buffers (SmLPMO10A was stored in potassium phosphate pH 6.0, 
and the ScLPMO10C mutants in sodium phosphate pH 6.0). Panel C shows a zoom-in view of the 
hexamer cluster area for wild-type ScLPMO10C and shows no oxidized products. Panels D-F 
display zoom-in views of the hexamer cluster area for mutants M2, M5, and M18, respectively. 
Arrows in panels D-F indicate minor signals at m/z = 1256 and m/z = 1260 that are more prominent 
in the mutants (relative to the signals for regular oxidized products) compared to SmLPMO10A. 

 
Quantitative analysis of chitin degradation 

Monitoring of chitin degradation over time 
showed that the mutants generated oxidized 
products at an initial rate close to that of 

SmLPMO10A and that the product yield 
obtained in reactions with the best mutant, 
M18, after four hours was about half of the 
yield obtained with SmLPMO10A (Figure 3). 
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Interestingly, a hardly detectable, but still 
significant amount of oxidized product was 
detected in the reaction with ScLPMO10C 
wild-type, suggesting that the ScLPMO10C 
wild-type has a hitherto undetected very weak 
intrinsic capability of cleaving chitin. Figure 3 
shows that, while the mutants had good initial 
rates, product formation stopped earlier, 
compared to SmLPMO10A. M18 was able to 
generate products over a longer period 
compared to M2 and M5. 

The stagnation of the product formation 
could be caused by reductant-, substrate- or 
enzyme-related issues, and was investigated 
by adding fresh reductant, fresh substrate, or 
fresh enzyme to the reaction at a point where 
the product generation had stopped (Figure 
S4A). This experiment showed that enzyme 
inactivation is the primary reason for the 
cessation of product formation, as only 
addition of fresh enzyme led to recovery of 
product generation (Figure S4B).  
 

 
Figure 3. Time course of chitin degradation. 
SmLPMO10A, ScLPMO10C wild-type, and 
the three chitin-active ScLPMO10C variants 
M2, M5 and M18 were incubated at 1 µM with 
10 g/L β-chitin at 40 °C and pH 6.0 in the 
presence of 1 mM ascorbic acid (reducing 
agent) for 4 hours. A chitinase (SmChiC) was 
also added at 0.25 µM to obtain more rapid 
solubilization of LPMO generated chain ends 
from the insoluble substrate. The reaction was 
stopped by vacuum filtering and the soluble 
oxidized products were converted to oxidized 

dimers by treatment with chitobiase prior to 
analysis. All reactions were performed in 
triplicates. The error bars show ± S.D. (n = 3).  
 
Thermostability of the mutants 

The apparent melting temperatures (Tm,app) 
of the mutants was determined using a real-
time PCR-based approach where increased 
binding of a fluorescent dye (SYPRO orange) 
indicates exposure of the hydrophobic core of 
the protein upon unfolding. The melting curves 
in Figure 4 show that SmLPMO10A (Tm,app = 
71.2 °C) and ScLPMO10C wild-type (64.1 °C) 
are more stable than M2 (52.5 °C), M5 (53.5 
°C), and M18 (54.8 °C). The decreased 
thermal stability of the mutants is somewhat 
surprising as the mutants contain only four 
mutations relative to the wild-type that are all 
located on the protein surface. Still, the 
apparent melting temperatures of the mutants 
are well above the reaction temperature used in 
the experiments (i.e. 40 °C). 

 
Oxidative stability in H2O2-driven reactions 

Based on the recent finding that H2O2 is a 
relevant co-substrate of LPMOs (19), it is 
conceivable that LPMO products observed in 
reactions without added H2O2 are in fact 
generated through H2O2-mediated catalysis 
after H2O2 has been formed from O2 (24,25). 
This would mean that the apparent initial 
reaction rates reflect the rate-limiting step of 
H2O2 generation from O2.  

H2O2 mediated catalysis was investigated 
in reactions with M18 by adding 15 µM H2O2 
at 15 minute intervals (Figure 5A). Reaction 
samples taken in between addition of fresh 
H2O2 (after 7.5, 22.5, 37.5 and 52.5 minutes) 
indicated that the reactions must be fast as both 
M18 and the positive control, SmLPMO10A, 
had depleted the H2O2 in less than 7.5 minutes, 
meaning that the product yields did not 
increase any further until fresh H2O2 was 
added. Overall, the progress curves of Fig. 5A 
indicate that, initially, the SmLPMO10A and 
M18 are equally fast, but that their stabilities 
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differ, similar to what was concluded from 
Figure 3. Thus, SmLPMO10A and M18 differ 
in terms of how much of the added H2O2 is 
consumed in productive LPMO reactions 
rather than in non-productive reactions with 
either ascorbic acid or reduced LPMOs, where 
the latter may generate oxidative damage on 
the enzyme leading to enzyme inactivation 
(Bissaro et al., 2017; Loose et al., 2018). This 
difference was even more prominent in 
reactions where the amount of added H2O2 was 
increased to 100 µM: in this case 
SmLPMO10A still performed well, whereas 
M18 was almost immediately inactivated 
(Figure S5A). 

Fig. 5A shows that SmLPMO10A stays 
active for the full hour of the reaction. In fact, 
product formation seems to increase over time, 
which may be due to the accumulation of 
ascorbic acid, leading to in situ H2O2 
production and/or may reflect that soluble 
products are more easily released as the 
reaction progresses (37). To gain further 
insight in the utilization of H2O2 we 

determined the total amount of oxidized sites 
in the reaction mixtures.  Figure 5B shows that 
SmLPMO10A indeed generated slightly more 
than 60 µM oxidized products (of which 34.6 
% was soluble), in line with the total amount 
of added H2O2 being 60 µM. In contrast, M18 
only generated approximately 35 µM product 
(of which 41.7 % was soluble), indicating that 
almost half of the added H2O2 was not 
converted to products. Of note, a control 
experiment showed that product formation 
after one hour by M18 was similar in H2O2-
driven reactions with 10 times less ascorbic 
acid (Fig. 5C), showing that both product 
formation and enzyme inactivation are driven 
by added H2O2 and that reduction of the LPMO 
is not rate-limiting. 

It is conceivable that the higher frequency 
of enzyme-inactivation in M18 relative to 
SmLPMO10A could be due to weaker 
substrate binding of the former, since non 
substrate-bound reduced LPMOs are 
susceptible to damaging reactions with H2O2. 
However, due to the presence 

of the CBM2, wild-type ScLPMO10C 
binds well to chitin (Fig. S6; (38)), and so does 
M18 (which also has an intact CBM2). It 
would of course be interesting to assess 
binding of the catalytic domain of M18 to 

chitin and compare this with binding of the 
catalytic domain of the wild-type enzyme. 
However, despite many attempts, we have not 
been able to produce the catalytic domain of 
M18.

 

 

 
Figure 4. Mutational effects on 
thermostability. The plots show the apparent 
melting temperature (Tm,app) of copper-
saturated SmLPMO10A, ScLPMO10C wild-
type, M2, M5 and M18. The derivative of the 
fluorescence signal is plotted as a function of 
the temperature (39). The reactions contained 
0.1 g/L LPMO and were heated from 25 °C to 
99 °C, at a rate of 1.5 °C /min, in the presence 
of a fluorescent dye (SYPRO orange). The 
scans were performed four times for each 
protein and the Figures show a typical scan. 
All apparent melting temperatures (Tm,app) had 
standard deviations below ±0.1 °C.  
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Figure 5. H2O2 as co-substrate. Panel A shows the amount of solubilized oxidized sites produced 
by SmLPMO10A (orange), M18 (blue) and ScLPMO10C wild-type (grey) over 60 minutes in a 
reactions with 10 g/L β-chitin in 50 mM sodium phosphate pH 6.0, that where supplied with 100 
µM ascorbic acid (AscA) and 15 µM H2O2 every 15 minutes. The enzyme concentration was 1 
µM in all cases. Aliquots were withdrawn both in between H2O2 additions (at 7.5 min, 22.5 min, 
37.5 min and 52.5 min) and immediately prior to addition of fresh H2O2 (at 0 min, 15 min, 30 min, 
and 45 min). The arrows denote time points where fresh H2O2 was added to the reactions. Control 
reactions without added H2O2, shown in a zoom-in view in Fig. S5, yielded hardly any products). 
Panel B shows the total amounts of oxidized sites at the end of the reactions shown in panel A (i.e. 
after 60 min). Panel C shows the effect of varying the amount of added ascorbic acid in the 
reactions displayed in panel A (addition of 15 µM H2O2 + varying amounts of AscA every 15 
minutes) for M18, and shows that essentially similar product yields were obtained when using a 
10 times lower AscA concentration compared to the reactions shown in panel A.  

 
Effect of individual mutations on 
chitinolytic activity 

To investigate the contribution of each 
mutated residue to chitinolytic activity, M18 
(YDAFQ) was used as template to reverse 
single mutations back to the wild-type 
sequence. Two of these combinations 
(M18_A82F and M18_F111Y) were already 
present amongst the mutants that had passed 
the screening process, and could be produced 
directly from the library. The two other residue 
combinations (M18_D80N and M18_Q141W) 
were generated by site-directed mutagenesis. 
Progress curves (Figure 6) showed that none of 
these single mutations reduced the chitinolytic 
activity of M18 to the (very low) level of wild-
type ScLPMO10C, but all variants performed 
significantly worse than M18. This suggests a 
cumulative effect of the mutations. Similarly 
to the observations made when comparing M2 
and M5 to M18 (Figure 3), the mutational 

effects seem to primarily relate to operational 
stability. Three of the mutants exhibited an 
initial rate very similar to M18, but became 
inactivated at earlier time points compared to 
M18, whereas M18_Q141W showed a slightly 
reduced initial rate and slightly retarded 
inactivation
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Figure 6. Effect of single mutations on chitin 
degradation by M18. ScLPMO10C wild-
type, M18 and the four M18 mutants were 
incubated at 1 µM with 10 g/L β-chitin at 40 
°C in 50 mM sodium phosphate buffer (pH 
6.0) in the presence of 1 mM ascorbic acid for 
24 hours. SmChiC was also added, at 0.25 µM, 
to obtain more rapid solubilisation of LPMO-
generated oxidized chain ends from the 
insoluble substrate. The reaction was stopped 
by filtration and soluble oxidized products 
were degraded to oxidized dimers with 
chitobiase prior to analysis. All reactions were 
performed in triplicates. The error bars show ± 
S.D. (n = 3). 

 
Residual cellulolytic activity 

All variants generated oxidized cello-
oligomers upon degradation of phosphoric 
acid-swollen cellulose (PASC) (Figure 7), 
meaning that cellulose-activity was not 
completely lost. However, the mutants 
exhibited a drastic decrease in cellulolytic 
activity compared to wild-type ScLPMO10C 
(Figure 7B), with product yields after four 
hours amounting to 3 % to 7 % of the yields 
obtained with the wild-type enzyme (set to 100 
% product yield). M18_Q141W stood out in 
that product yields were high (52.5 % of wild-
type levels) and because this variant showed 

stable kinetics, in contrast to all the other 
variants, which did not generate products after 
the first hour of incubation.  It is worth noting 
that low activity on cellulose, resulting from 
the mutations needed to convert ScLPMO10C 
into a chitin-active LPMO, is associated with 
reduced operational stability of the enzyme in 
reactions with cellulosic substrates.  

 

 
Figure 7. Residual cellulolytic activity. 
ScLPMO10C wild-type and mutants were 
incubated at 1 µM with 5 g/L PASC and 1 mM 
ascorbic acid at 40 °C and in 50 mM sodium 
phosphate (pH 6.0). Panel A shows oxidized 
products after approximately 24 hours of 
incubation, varying from the dimer 
(GlcGlc1A) to the octamer (Glc7Glc1A) 
generated by ScLPMO10C wild-type, M2, M5 
and M18. The background signal of the 
substrate (PASC) incubated with LPMO in the 
absence of reductant is also shown. Note that 
the size of the peaks of the wild-type 
chromatogram was reduced by 25 % before 
making the plot. Panel B shows the amount of 
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soluble oxidized sites in aliquots that were 
withdrawn after 1 hour and 4 hours of 
incubation; in this case oxidized products were 
quantified after the solubilized oxidized 
products had been degraded to dimers 
(GlcGlc1A) using the endoglucanase TfCel5A. 
Relative activities were calculated relative to 
the amount of product generated by the wild-
type enzyme after four hours (100 %). 
 

When comparing the activity of M18 and 
ScLPMO10C wild type on β-chitin and PASC, 
it is clear that the substrate specificity has been 
dramatically shifted towards a preference for 
chitin. While M18 only gave a relative yield of 
6.2 % compared to the wild-type enzyme (100 
%) on PASC, M18 produced a relative yield of 
100 % compared to the wild-type enzyme 
(1.4%) on β-chitin (Figure 8). This represents 
approximately a 16-fold decrease in cellulosic 
activity and approximately a 70-fold increase 
in chitinolytic activity (note that the estimated 
increase in chitinolytic activity is inaccurate as 
the product generation by the wild-type on 
chitin is close to the lower detection limit).  

   

 
Figure 8. Comparison of chitinolytic and 
cellulolytic activity. Comparison of 
solubilized oxidized sites generated in 4 hours 
by 1 µM M18 or 1 µM ScLPMO10C wild-type 
from PASC (5 g/L) or β-chitin (10 g/L). 100% 
activity for ScLPMO10C wild-type on PASC 
is equal to 218.6 µM (GlcGlc1A and 
Glc2Glc1A). 100% activity for M18 on β-
chitin is equal to 20.6 µM 
(GlcNAcGlcNAc1A). The solubilized 
oxidized products were converted to oxidized 

dimers before quantification. Note that the 
wild-type product generation on chitin is 
inaccurate as the levels are close to the lower 
detection limit.   
 
Discussion 

Using a directed evolution approach, we 
were able to convert ScLPMO10C from an 
almost exclusively cellulose-active LPMO 
into a chitin-active LPMO with only weak 
remaining cellulose-activity. None of the 
chitin-active variants showed C4-oxidizing 
activity on cellulose, as is the case for naturally 
occurring AA10s that act on both cellulose and 
chitin. As such, M18 and some of the M18 
derivatives are AA10 LPMOs that have never 
been encountered in Nature so far: exclusively 
C1-oxidizing and with activity on chitin and 
cellulose. In this respect, M18_Q141W stands 
out, since it retains much of the chitin-
degrading ability of M18, while regaining 
much of the cellulose-degrading ability of 
ScLPMO10C. Of note, a recently described 
LPMO of eukaryotic origin that is the founding 
member of the AA15 family (40) has similar 
properties. 

Despite the success of our approach, the 
selected mutants are not perfect chitin-active 
LPMOs in the sense that they become 
inactivated faster during catalysis, compared 
to e.g. natural chitin-active SmLPMO10A. 
Recent mutagenesis studies on a chitin-active 
(20) and cellulose-active (13,31) AA10s have 
shown that a considerable fraction of 
mutations with a negative effect on LPMO 
performance primarily affect LPMO stability 
under turnover conditions. These studies 
showed clear correlations between decreased 
substrate-binding and increased inactivation. 
(19) have shown that reduced LPMOs are 
prone to oxidative damage as a consequence of 
the formation of reactive oxygen species 
through reaction of the reduced copper with O2 
or H2O2 in the absence of substrate. 
Accordingly, in their mutational study, (20) 
not only showed a correlation between 
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decreased substrate binding and an increased 
rate of inactivation, but also that increased 
inactivation is correlated to increased auto-
catalytic damage (i.e., chemical modification) 
of residues in the catalytic center. 

Accumulating data indicate that the 
operational stability of LPMOs likely depends 
on the ability of the enzyme to precisely bind 
to the substrate in a way that confines the 
emerging highly powerful reactive oxygen 
species to only act productively, i.e. 
abstracting a proton from the C1 in the scissile 
glycosidic bond. Modelling studies have 
shown that, indeed, binding of the correct 
substrate strongly confines the spatial 
orientation of the reactive oxygen species 
(30,41), whereas structural studies of the 
binding of oligomeric substrates to a fungal 
LPMO (42) have shown that binding of a 
preferred substrate leads to a more confined 
catalytic center compared to binding of a less 
preferred substrate. Thus, we propose, that 
binding of chitin to M18 is not yet “perfect”. 
This will lead to imprecise coordination of 
reactive oxygen species in the space between 
the active site copper and the chemical bond 
that is to be cleaved, and may lead to oxidation 
of the active site residues, which results in 
irreversible inactivation of the LPMO.  

On the latter note, the MALDI-ToF 
analyses of Figure 2 show that the three tested 
mutants, and in particular the two less stable 
mutants, M2 and M5, generated minor 
amounts of unexpected products (at m/z 1256 
and m/z 1260). Both these species, which could 
be a double oxidized and a native product, 
respectively, are almost or completely absent 
in the reaction with SmLPMO10A. Although 
the origin and nature of these species remains 
unknown, it is conceivable that imprecise 
binding of the substrate, leading to less 
confinement of the reactive oxygen species, 
may lead to non-specific reactions giving 
unusual products. It is also possible that auto-
catalytic damage to the catalytic center reduces 
enzyme specificity as the reaction progresses. 

Accumulating data (20,31,32,43); this 
study) suggest that productive interactions 
between LPMOs and their polymeric 
substrates are governed by a multitude of 
interactions involving many of the residues in 
the substrate-binding surface. The four 
mutations in M18, relative to ScLPMO10C 
wild-type, seem to have a cumulative effect on 
the chitinolytic activity as none of the single 
mutations back to wild-type abolished 
chitinolytic activity (Fig. 6). Additionally, all 
the tested ScLPMO10C variants, except 
M18_Q141W, showed low relative cellulose-
activities of 3-7 % compared to the wild-type 
(Fig. 7). Residue 141 stood out in that it, alone, 
seemed to be a major determinant of 
cellulolytic activity, as shown by the high 
cellulose-activity of M18_Q141W. This is 
discussed further below.   

Of the five residues targeted in the library, 
Tyr 111 (position 4), stands out because it does 
not have an obvious analogue in several other 
AA10 LPMOs, including the well-studied 
chitin-active SmLPMO10A. This tyrosine 
occurs in an extra loop region of ScLPMO10C 
and was selected because the Tyr side chain 
protrudes from the surface in what seems to be 
a critical region for substrate-binding (Fig. 1). 
Indeed, the sequence data (Table 1) show that 
almost 60 % of the selected mutants and 80 % 
of the mutants occurring multiple times had a 
phenylalanine (F) in this position, indicating 
that this is a favourable modification for 
improving productive binding of ScLPMO10C 
to chitin. Substitution of a tyrosine with a 
phenylalanine may not seem as a drastic 
modification, but the data clearly indicate that 
the extra, protruding hydroxyl group of the 
tyrosine is unfavourable for chitinolytic 
activity. The fact that a smaller residue at this 
position is favourable for chitinolytic activity 
(Table 1) corresponds well with this loop being 
absent in chitin-oxidizing SmLPMO10-like 
LPMOs. 

The other four targeted residues all have 
similarly positioned analogues in natural 
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chitin-active LPMOs. Both MD simulations 
(30) and NMR studies (29) have shown that 
residues Tyr54, Glu55, Gln57 and Thr111 in 
SmLPMO10A (equivalent to Tyr79, Asn80, 
Phe82, and Trp141 in ScLPMO10C) interact 
with chitin during catalysis (mainly in the -5 to 
-2 subsites; Fig. 1). For each of the four 
positions, there is mutational data from at least 
one other LPMO, as outlined below. 

Sequencing of the putatively chitin-active 
mutants revealed that position 1 (Tyr79) needs 
to be an aromatic residue, and preferably a 
tyrosine, since the latter was unchanged in 95 
% of the variants, while the other 5 % carried 
a Trp. This result is consistent with the 
observation that mutation of this tyrosine 
(Tyr54) to alanine in SmLPMO10A drastically 
reduces chitinolytic activity (20,43). While the 
importance of an aromatic residue at this 
position seems clear, the preference for Tyr or 
Trp seems context dependent. The Y79W 
mutation had hardly any effect on the 
cellulolytic activity of ScLPMO10C, whereas 
mutating the Trp present at this position in the 
chitinolytic and cellulolytic C1/C4 oxidizing 
MaLPMO10B to Tyr (Y82W) reduced activity 
on both chitin and cellulose (31). 

The targeted asparagine residue (Asn80) of 
ScLPMO10C was mutated to aspartate in 70 % 
of the chitin-active mutants and in almost 90 % 
of the mutants selected multiple times. 
MaLPMO10B-like LPMOs (C1/C4-specific 
cellulose-activity and C1-specific chitinolytic 
activity) also have an asparagine in this 
position, while a glutamate occurs in C1-
specific and strictly chitin-active LPMOs 
(SmLPMO10A-like). Mutational studies of 
SmLPMO10A have shown that this glutamate 
(Glu55) is crucial for activity of SmLPMO10A 
(20,43). Glutamate and aspartate are very 
similar, which could explain why an aspartate 
was identified in the majority of the selected 
variants. It is worth noting the Glu was present 
in the library but was only found in one (3 %) 
of the 37 selected variants. 

The mutants did not show any clear 
consensus for position 3 (Phe82), but among 
the variants that were detected multiple times 
the most common mutation was F82Q (M2), 
followed by F82H (M5) and F82A (M18). M2 
and M18 generated the best product yields 
from chitin, and while the F82Q mutation that 
is present in M2 fits well with glutamine being 
present in the corresponding position of most 
SmLPMO10A-like LPMOs, the F82A 
mutation identified in M18 is more difficult to 
explain. It seems clear however, that reduction 
of the size of the side chain at this position is 
beneficial for chitinolytic activity, as the 
original Phe was replaced by a smaller residue 
in 95 % of the selected mutants. This 
corresponds well with data obtained by (31), 
who showed that replacing the corresponding 
asparagine residue (Asn85) in cellulose- and 
chitin-active MaLPMO10B with a 
phenylalanine drastically reduced chitinolytic 
activity.  

Trp141 was the only residue that was 
mutated in all selected chitin-active variants, 
and nearly 50 % of the mutants and 90 % of 
the mutants occurring multiple times had the 
W141Q mutation in this position. While this 
substitution does not correspond well with 
threonine being present in the corresponding 
position of strictly chitin-active 
SmLPMO10A-like LPMOs (Fig. 1C), it fits 
well with glutamine frequently being present 
in MaLPMO10B-like LPMOs. Of note, (20) 
showed that mutating the corresponding 
residue in SmLPMO10A (Thr111Ala) did not 
have a major impact on the activity, which 
could indicate that the primary reason for Trp 
not being favourable is its large size. The 
W141Q mutation alone drastically reduced the 
cellulolytic activity of ScLPMO10C (31), but 
did not yield chitinolytic activity. Likewise, 
introduction of the Q141W mutation in M18 
led to a minor reduction in chitinolytic activity, 
but a large increase in cellulolytic activity. 

The discovery of the peroxygenase activity 
of LPMOs (19) has created discussions in the 
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field as to the nature of the natural co-substrate 
of the LPMOs (44-46). It has been claimed that 
H2O2-driven reactions are less specific and 
lead to more enzyme damage than O2-driven 
reactions (46), but this is disputed (21,45). 
While an in-depth discussion or experimental 
assessment of these issues is beyond the scope 
of the present study, it is important to note that 
Fig. 5 shows that both SmLPMO10A and M18 
exert peroxygenase activity. Importantly, also 
in this case, the primary difference between 
M18 and the natural chitin-active 
SmLPMO10A lies in the lower operational 
stability of the former. 

In conclusion, the results presented in this 
study reveal structural determinants of the 
substrate specificity of LPMOs. However, first 
and foremost, these results underpin the 
complexity of substrate specificity in these 
fascinating enzymes. Apparently, substrate 
specificity depends on a multitude of correctly 
positioned collaborating residues and, despite 
progress such as described here, rational 
design of substrate specificity seems not yet 
feasible. Intriguingly, the multitude of 
mutations needed to confer chitinolytic 
activity upon ScLPMO10C and the rather poor 
properties of intermediate stages of evolution, 
raises questions as to how natural evolution of 
LPMOs takes place. Most importantly, the 
present results add to the notion that 
operational stability, provided by an optimized 
LPMO-substrate combination that protects the 
LPMO from entering off-pathway processes, 
really is a key determinant of LPMO 
performance. 

 
Experimental procedures 
 
Library design and generation of 
ScLPMO10C mutants 

Based on conservation patterns detected in 
a sequence alignment of 130 AA10 sequences 
belonging to LPMOs acting on cellulose (C1-
specific and mixed C1/C4-oxidizing), chitin 
(C1- specific), and to LPMOs with as yet 

unknown substrate-specificity, residues 
Tyr79, Asn80, Phe82, Tyr111 and Trp141 in 
the N-terminal AA10 domain of ScLPMO10C 
(Uniprot ID; Q9RJY2) were selected as targets 
in the design of a rational mutant library (see 
results section and Figure 1). In order to limit 
the library size, amino acid substitutions in 
these positions were restricted on the basis of 
naturally observed sequence variation. 
Mutations to alanine were included. The 
substitutions were Ala/Trp/Thr/Asp/Glu for 
Tyr79, Ala/Asp/Glu/Gln/Ser for Asn80, 
Ala/Gln/Asn/His/Tyr for Phe82, Ala/Phe/His 
for Tyr111, and Ala/Thr/Gln/Phe for Trp141 
(see Figure 1C). This implies a library size of 
4320 variants. The library was synthesized by 
GeneArt® Combinatorial Libraries (Life 
Technologies), and the amplified library was 
cloned into plasmid pWW0 for controlled 
expression with the XylS/Pm system (47,48). 
The plasmids harbouring the ScLPMO10C 
encoding mutant genes were subsequently 
transformed into the E. coli XL10 gold 
expression host.   

 
High throughput screening of the mutant 
library 
 
Cultivation of the mutant library 

The library, in E. coli XL10 gold, was 
spread on LA agar supplemented with 100 
µg/ml Ampicillin to ensure single colonies. 
The agar plates were incubated at 37 °C 
overnight. Colonies were picked and 
inoculated to clear, flat, sterile polystyrene 384 
microwell plates (Nunc 242757) containing 30 
µl LB medium supplemented with 100 µg/ml 
Ampicillin using a Genetix QPixII robot. 11 
520 colonies were picked and stored as 
glycerol stocks at -80 °C.  

The 11 520 transformants were inoculated 
from the glycerol stocks using a Tecan 
Freedom EVO-2 200 robot system equipped 
with an MCA384 well pipetting tool, and 
cultivated in 96-well flat, polystyrene 
microwell plates (Greiner 655163) with Costar 
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lids (Corning 3931). Each well contained 80 µl 
of a defined basic medium (Red Hi+YE basic 
medium; see Supplementary Information) with 
100 µg/ml Ampicillin and 2 µl inoculum. The 
microwell plates with cultures were incubated 
at 37 °C, at 90 % relative humidity, 900 rpm, 
and 3 mm amplitude in an Infors HT Multitron 
Pro shaker incubator for 20 hours. To 
minimise evaporation, the microwell plates 
were incubated in stacks of 5 and wrapped in 
autoclave paper.  

After incubation, 40 µl of defined 
induction medium (Red Hi+YE induction 
medium; see Supplementary Information) 
supplemented with 1.5 mM m-toluate and 100 
µg/ml ampicillin was added to the cultures 
using a Beckman Coulter Biomek NXP and 
SCARA robotic system. The cultures were 
then incubated at 16 °C, 900 rpm, for 24 hours, 
wrapped in autoclave paper. Upon this 
incubation, the cells were pelleted by 
centrifugation of the microwell plates at 4700 
rpm (3828 x g) for 20 minutes in a Thermo 
Scientific SL 40R laboratory centrifuge and 
supernatants were discarded. The cells were 
then lysed by addition of 120 µl ion-free water 
followed vortex-treatment using a Quantifoil 
Instruments GmbH BioShake 3000 elm, at 
1200 rpm for 60 sec. The goal of preparing cell 
lysates was to liberate correctly processed 
LPMO molecules from the periplasmic space. 
Cell lysates were stored at -20 °C.  
 
Primary screen for enzyme activity 

96-well microwell plates containing cell 
lysates were thawed in room temperature. 
Enzyme assays were performed in 384-well 
deep microwell plates (Corning™ 3965 
Costar™ 384-Well Storage Block). The Tecan 
robot system equipped with an MCA384 well 
pipetting tool was used to add 20 µl of 
substrate solution (4 mg/ml β-chitin in 100 
mM ammonium acetate buffer supplemented 
with 2 mM ascorbic acid and 15.8 µM CuCl2, 
pH 6.0) to each well of the 384-well plates. 
The Beckman and SCARA robot system was 

then used to add 20 µl cell lysate to each well 
containing substrate solution (one well per 
transformant). The microwell plates were then 
sealed and given a short spin in the centrifuge 
to collect all sample and substrate solution in 
the bottom of the wells. Next, the plates were 
vortexed on a BioShake at 2000 rpm for 20 
seconds to ensure proper mixing. The plates 
were then incubated over night at 40 °C, 1000 
rpm, 3 mm amplitude in an Infors HT 
Multitron Pro shaker incubator. The enzyme 
reaction was stopped by addition of 160 µl 100 
% acetonitrile. Plates were re-sealed, vortexed 
at 2000 rpm for 20 seconds and centrifuged at 
4700 rpm (3828 x g) for 15 minutes to pellet 
insoluble material. 80 µl of precipitate-free 
supernatant was transferred to new 384 deep 
microwell plates and stored at -20 °C awaiting 
analysis.  

The presence of soluble oxidized chitin-
oligomers was assessed using an Agilent 
RapidFire 365 instrument (Agilent G9530A) 
coupled to an Agilent triple quadrupole mass 
spectrometry detector (Agilent G6490A). An 
Agilent Hilic Rapidfire cartridge  (HILIC Type 
H1) was used as stationary phase in an SPE-
fashion, whilst the mobile phases used to retain 
and elute the oxidized chitin oligomers were a 
90-10 (v/v) mixture of acetonitrile-water  and 
a 10-90 (v/v) mixture of acetonitrile-water, 
each  with 0.1% (v/v) formic acid  and applied 
using a flow rate of 1 ml/min, respectively. The 
mass spectrometer was equipped with an ESI 
ion source run in negative mode (Gas 
temperature: 220 °C, Gas flow: 20 L/min, 
Nebulizer:40 psi, Sheath Gas Temperature: 
400 °C, Sheath Gas Flow: 11 L/min, Capillary: 
3300 V, Nozzle Voltage: 500 V,  iFunnel High: 
90; iFunnel Low 60V), and the chitin 
oligomers were quantified in MRM mode 
using the following  mass transitions:  DP2ox, 
m/z 439.1-> m/z 116.0; DP3ox, m/z 642-> m/z 
625.3; DP4ox, 845.4 m/z -> m/z 668.2; DP5ox, 
m/z 1048.5-> m/z 871.2; DP6ox, m/z 1251.1-> 
m/z 871.3; where DPnox, stands for an 
oligomer of N-acetylglucosamine (GlcNAc) 
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comprising n sugar residues of which one is 
oxidized to GlcNAc1A [e.g., DP3ox stands for 
(GlcNAc)n-1GlcNAc1A], and where the first 
m/z value given for each oligomer represents 
[M-H+], where M is the mass of the aldonic 
acid. 
 
Cultivation and screening of candidates 
selected for validation screening 

42 out of the 11520 transformants were 
selected for further screening. The location of 
each selected candidate in the library was 
identified and selected clones were spread on 
petri dishes containing LA agar supplemented 
with 100 µg/ml Ampicillin to obtain single 
colonies. The agar plates were incubated at 37 
°C overnight. Four single colonies were 
selected for each candidate and inoculated to 
120 µl medium in 96-well flat, polystyrene 
microwell plates (Greiner 655163) with Costar 
lids (Corning 3931). Two parallels were made: 
one microwell plate with LB medium 
supplemented with 100 µg/ml Ampicillin for 
use as a glycerol stock and one microwell plate 
with defined medium (Red Hi+YE basic 
medium) supplied with 100 µg/ml Ampicillin 
for further screening. The validation screening 
was performed as described above and 
included eight wells with E. coli producing the 
wild type ScLPMO10C-enzyme and four wells 
with E. coli without plasmid as controls. After 
the validation screening, three of the 42 
initially selected transformants were discarded 
as they did not show convincing chitinolytic 
activity. 
 
Sequence analysis of selected variants 

Single colonies of the 39 selected variants 
were inoculated in LB medium supplemented 
with 100 µg/ml Ampicillin and incubated at 37 
°C and 200 rpm overnight. Glycerol stocks 
were prepared and stored at -80 °C, and 
plasmids were isolated using a NucleoSpin 
Plasmid kit (Macherey-Nagel, Düren, 
Germany) and sent for Sanger sequencing 
(Eurofins GATC, Cologne, Germany). The 

sequence data was analysed in BioEdit 
(www.mbio.ncsu.edu/BioEdit/bioedit.html). 
Two variants contained unintended mutations, 
leaving 37 variants for further studies. After 
removing redundant sequences, 27 unique 
variants remained (see Results section for 
details).  

 
Generation of additional ScLPMO10C 
mutants 

The gene encoding the M18 mutant 
(Y79/D80/A82/F111/Q141) was transferred 
from the XylS/Pm controlled plasmid pWW0 
to the pRSETB expression vector using the 
InFusion HD cloning kit (Clontech) as 
previously described for wild-type 
ScLPMO10C (34). Transfer to this smaller 
plasmid was necessary to facilitate cloning of 
additional variants based on the M18 construct 
using the QuikChange II XL site-directed 
mutagenesis kit (Agilent Technologies). Then, 
two variants of M18 were produced to partially 
revert M18 to ScLPMO10C-WT, M18_D80N 
and M18_Q141W. After verification of the 
sequences of the mutated plasmids by Sanger 
sequencing (see above) the plasmids were 
transformed into One Shot® BL21 StarTM 
(DE3) chemically competent E. coli cells 
(Invitrogen) for protein expression (see 
below).  

 
Enzyme production 
 
Expression with the XylS/Pm system (pMM0 
vector) 

A subset of the mutants were selected for 
production and were produced essentially as 
described in (48). Briefly, E. coli XL10 gold 
carrying a mutant plasmid was inoculated from 
a glycerol stock in 333 mL of a defined basic 
medium (Red Hi+YE basic medium) supplied 
with 100 µg/mL ampicillin and incubated at 37 
°C and 200 rpm in a shake flask, overnight. 
After cooling the cultures on ice for five min, 
167 mL of a defined induction medium (Red 
Hi+YE induction medium) with 100 µg/mL 
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ampicillin and 1.5 mM m-tolutate (the inducer 
molecule of the XylS/Pm expression system) 
were added and the incubation was continued 
at 16 °C and 200 rpm for another 24 hours. Cell 
pellets were harvested by centrifugation at 
5000 x g for 15 minutes at 4 °C (Beckman 
Coulter Brea, California, USA), after which a 
periplasmic extract was prepared using an 
osmotic shock method (49).   
 
Expression with the pRSETB vector 

For production of mutants M18_D80N and 
M18_Q141W generated in the pRSETB 
vector, cells from a glycerol stock were used to 
inoculate 500 mL Terrific Broth (TB) 
supplemented with 100 µg/mL ampicillin, 
followed by incubation at 37 °C for 
approximately 20 hours in a Harbinger system 
(Harbinger Biotechnology & Engineering, 
Markham, Canada). Note that expression was 
driven by leakiness of the T7 promoter and that 
no inducer molecule was added. Cells were 
harvested and a periplasmic extract was 
prepared as described above.  
 
Protein purification 

Periplasmic extracts containing the mature 
(i.e. signal peptide-free) proteins were filtered 
using 0.45 µm syringe filters (Sarstedt, 
Nümbrecht, Germany) and adjusted to 50 mM 
Tris-HCl (pH 7.5) after which the proteins 
were purified by anion exchange 
chromatography using an ÄKTA pure 
chromatography system (GE HealthCare, 
Chicago, USA) equipped with a 5-ml HiTrap 
DEAE FF column (GE Healthcare), with 50 
mM Tris-HCl (pH 7.5) as running buffer. The 
proteins were eluted by applying a linear salt 
gradient (0-500 mM NaCl) over 60 column 
volumes (CV). Protein fractions were 
examined by SDS-PAGE (Bio-Rad, Hercules, 
California, USA) and relevant fractions were 
pooled and concentrated to 1 mL using 10,000 
MWCO (Molecular Weight Cut-Off) Vivaspin 
ultrafiltration tubes (Sartorius, Göttingen, 
Germany). The proteins were further purified 

by size exclusion chromatography using a 
HiLoad 16/60 Superdex 75 column with a 
running buffer consisting of 50 mM Tris-HCl 
(pH 8.0) and 200 mM NaCl. Fractions 
containing the LPMO were concentrated using 
10,000 MWCO Vivaspin ultrafiltration tubes 
(Sartorius) with simultaneous buffer exchange 
to 20 mM sodium phosphate buffer (pH 6.0). 
Protein purity was assessed by SDS-PAGE. 
Before being employed in enzymatic 
reactions, the purified LPMOs were saturated 
with Cu(II) by a 30 minute incubation with 
CuSO4 in a 1:3 molar ratio (LPMO:Cu2+), 
followed by desalting using PD Midi-Trap G-
25 columns (GE Healthcare) equilibrated with 
20 mM sodium phosphate (pH 6.0) to remove 
excess Cu2+, as described previously (5). 
Protein concentrations were determined by 
measuring A280 (absorbance at 280 nm) in a 
spectrophotometer (Eppendorf 
Biophotometer, Eppendorf, Hamburg) and 
absorbances were converted to protein 
concentrations using theoretical extinction 
coefficients calculated with the ExPASy 
ProtParam tool. The purified and copper 
saturated LPMOs were stored at 4 °C. 
 
Additional enzymes 

The Serratia marcescens GH18 exo-
chitinase SmChi18A and endo-chitinase 
SmChi18C, its GH20 chitobiase (SmGH20) as 
well as its chitin-oxidizing AA10 LPMO 
(SmLPMO10A, also known as CBP21) were 
expressed and purified as previously described 
(5,43,50). Full-length LPMO10C from S. 
coelicolor A3(2) (ScLPMO10C) and a 
truncated variant lacking the CBM2 
(ScLPMO10Ccd) were produced and purified 
as previously described (34). Purified 
Thermobifida fusca GH5 endoglucanase 
TfCel5A (51) was provided as a kind gift from 
the late Prof. David Wilson (Cornell 
University, NY, USA).       
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Determination of apparent melting 
temperature (Tm) 

The apparent melting temperature (Tm) of 
the proteins was determined according to a 
protein thermal shift assay (ThermoFisher 
Scientific) based on using the fluorescent dye 
SYPRO orange  to monitor protein unfolding 
(39). The quantum yield of the dye is 
significantly increased upon binding to 
hydrophobic regions of the protein that 
become accessible as the protein unfolds. The 
fluorescence emission was monitored using a 
StepOnePlus real-time PCR machine 
(ThermoFisher Scientific). 0.1 g/L LPMO in 
50 mM sodium phosphate buffer (pH 6.0) was 
heated in the presence of the dye in a 96-well 
plate from 25 °C to 99 °C over 50 minutes. For 
each protein, the experiment was carried out in 
quadruplicates (i.e. n = 4). 

 
Substrates 

Activity was assessed on α- and β-chitin 
and phosphoric acid swollen cellulose 
(PASC). β-chitin (extracted from squid pen 
and deproteinized, batch 20140101, France 
Chitin, Orange, France) was ball-milled and 
sieved in order to produce particles with a size 
< 0.85 mm. Shrimp (Pandalus borealis) shell 
α-chitin was purchased from Chitinor AS 
(Senjahopen, Norway; demineralized by 
hydrochloric acid treatment and subsequent 
deproteinized by alkaline (NaOH) treatment). 
PASC was prepared from Avicel PH-101 
(microcrystalline cellulose) as described by 
(52).  

 
Substrate binding assay 

Protein binding to β-chitin was evaluated 
using a slightly modified variant of the A280 
method described by (43). The binding 
mixtures contained 10 mg/mL β-chitin and 0.1 
mg/mL protein in 50 mM sodium phosphate 
pH 6.0 and were incubated at 22 °C and 1000 
rpm in an Eppendorf thermomixer (Eppendorf, 
Hamburg, Germany). Substrate binding was 
monitored by measuring the A280 of the 

supernatant at various time points, using 
aliquots that were taken from the binding 
reactions and immediately vacuum filtered 
over a 0.45 µm filter to separate unbound 
protein from protein bound to substrate. 
Theoretical extinction coefficients calculated 
with the ExPASy ProtParam tool were used to 
determine the protein concentration. 

 
Chitin degradation experiments 
 
Activity assays 

Unless stated otherwise, reactions were 
performed in 50 mM sodium phosphate buffer 
(pH 6.0) in the presence of 1 mM ascorbic acid 
(reductant) at 40 °C and 800 rpm in an 
Eppendorf thermomixer. All reactions were 
performed in triplicates. 
 
Qualitative analysis of chitinolytic activity 

For the initial verification of chitinolytic 
activity, the mutants were incubated at 10 µM 
with 10 g/L β-chitin. Wild-type ScLPMO10C 
and chitin-active SmLPMO10A (CBP21) were 
included in the experiment as controls. After 
separation of the solid material by vacuum 
filtering through a 0.45 µm filter, supernatants 
were analysed by MALDI-ToF (see below) for 
detection of oxidized chito-oligomers. 
 
Quantitative analysis of β-chitin activity 

For quantitative analysis of the activity 
towards β-chitin, the LPMOs were incubated 
at 1 µM with 10 g/L β-chitin for up to 24 hours. 
A purified chitinase (ChiC from S. 
marcescens) was added to all reactions at 0.25 
µM to facilitate solubilization of oxidized 
chain ends. Aliquots were withdrawn at 
selected time points and filtered before the 
soluble fraction was merged with an identical 
volume of a 1 µM solution of chitobiase in 5 
mM Tris-HCl (pH 8.0), followed by overnight 
incubation at 37 °C. As a result of this 
procedure, all oxidized products appear as 
oxidized chitobiose, which facilitates 
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quantification. The products were analyzed 
using an UHPLC system (see below).  
 
Probing the cause of enzyme inactivation  

Reactions were set up as above, and 
samples were collected and filtered after four 
hours and six hours. At six hours, the 
remaining reaction mixture was divided into 
three identical fractions, where fresh reductant 
(1 mM) was added to one fraction, fresh 
reductant and fresh substrate (10 g/L) to 
another, and fresh reductant and fresh LPMO 
(1 µM) to the third fraction. The incubation 
was continued overnight before stopping the 
reactions by filtration. All supernatants were 
subjected to a chitobiase treatment, as above, 
before product quantification using an UHPLC 
system (see below).  
 
LPMO reactions with H2O2 feeding 

The LPMOs were pre-incubated at 1 µM in 
50 mM sodium phosphate (pH 6.0) containing 
10 g/L β-chitin and at 1000 rpm for 10 minutes 
to reach 40 °C. This pre-incubation was 
followed by addition of ascorbic acid to a final 
concentration of 100 µM to prime the LPMOs 
by reduction of the catalytic copper from the 
Cu(II) to the Cu(I) state. Addition of ascorbic 
acid was immediately followed by addition of 
H2O2 to a final concentration of 15 µM. 
Control reactions without added H2O2 were 
also included.  Aliquots were withdrawn and 
immediately vacuum filtered every 7.5 
minutes, and every 15 minutes a fresh batch of 
ascorbic acid and H2O2 was added 
subsequently to withdrawing an aliquot from 
the reaction. The H2O2-driven reactions were 
also carried out using different ascorbic acid 
concentrations (2-100 µM) and a higher H2O2 
concentration (100 µM added every 20 
minutes for 60 minutes). Reaction 
supernatants were subjected to chitobiase 
treatment, as above. At the final time point (60 
minutes), next to preparing a product-
containing supernatant by the usual filtration 
procedure, part of the reaction mixture 

(containing soluble and insoluble products) 
was boiled for 10 minutes at 98 °C to stop the 
LPMO reaction and merged with an identical 
volume of a chitinase cocktail (10 µM ChiA, 6 
µM ChiC, 1 µM chitobiase), followed by 
overnight incubation at 37 °C and 600 rpm. 
The resulting hydrolysates were used to assess 
the total amount of oxidized products using 
UHPLC (see below).  
 
Cellulose degradation experiments  

The LPMOs were incubated at 1 µM with 
5 g/L PASC, prepared from Avicel essentially 
as described in (52), and aliquots were taken 
and filtered after 1 and 4 hours. Oxidized 
products were quantified by HPAEC-PAD 
(see below) after conversion of the solubilized 
oxidized products to a mixture of oxidized 
dimers (GlcGlc1A) and trimers (Glc2Glc1A) 
by overnight incubation at 37 °C with 0.5 µM 
of an endoglucanase (TfCel5A from 
Thermobifida fusca). An aliquot not degraded 
with endoglucanase was also analysed. 

 
Product analysis 
 
MALDI-ToF analysis 

Reaction supernatants were assayed 
qualitatively using a matrix-assisted laser 
desorption/ionization time-of-flight (MALDI-
ToF) UltrafleXtreme mass spectrometer 
(Bruker Daltonics GmbH, Bremen, Germany) 
equipped with a Nitrogen 337-nm laser. 
Reaction products (1 µl) were applied to an 
MTP 384 ground steel target plate TF (Bruker 
Daltonics) and merged with 2 µl of 9 mg/ml of 
2,5-dihydroxybenzoic acid (DHB) dissolved in 
30% acetonitrile, followed by air-drying. Data 
collection and analysis were carried out using 
the Bruker FlexAnalysis software.  

 
UHPLC analysis 

Quantification of oxidized chitobiose was 
achieved using a Dionex Ultimate 3000 
UHPLC system (DionexCorp., Sunnyvale, 
CA, USA) equipped with a Rezex RFQ-Fast 
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Acid H+ (8%) 7.8×100 mm column 
(Phenomenex, Torrance, CA) operated at 85 
°C. Sample components were eluted 
isocratically using 5 mM sulfuric acid as 
mobile phase, and were detected using UV 
absorption at 194 nm. Data collection and 
analysis were carried out with the Chromeleon 
7.0 software. Standards were generated in-
house by complete oxidation of N-acetyl-
chitobiose (Megazyme; 95% purity) with a 
chitooligosaccharide oxidase from Fusarium 
graminearum (ChitO; (53) as described 
previously (5). 
 
HPAEC-PAD analysis 

Oxidized products generated from 
cellulosic substrates were analysed by high-
performance anion-exchange chromatography 
(HPAEC) using a Dionex™ ICS5000 system 
(Thermo Scientific, Sunnyvale, CA) equipped 
with a disposable electrochemical gold 
electrode and a CarboPac PA1 column 
(Dionex) operated with 0.1 M NaOH (eluent 
A) at a column temperature of 30 °C. A 

multistep linear gradient with increasing 
amounts of eluent B (0.1 M NaOH + 1 M 
NaOAc) was used to elute the products, going 
from 0–10 % B over 10 min; 10–30 % B over 
25 min; 30–100 % B over 5 min; 100–0% B 
over 1 min; and 0% B (reconditioning) for 9 
min. Data collection and analysis were carried 
out with the Chromeleon 7.0 software. For 
analysis of endoglucanase-treated samples 
containing only two oxidized products, 
oxidized cellobiose and cellotriose, a steeper 
gradient of eluent B was used, as follows: 0–
10 % B over 10 min; 10–14 % B over 5 min; 
14–30 % B over 1 min; 30–100 % B over 2 
min; 100–0 % B over 0.1 min; and 0% B 
(reconditioning) for 10.9 min. Cellobiose 
(Sigma Aldrich) and cellotriose (Megazyme) 
were used as substrates for production of the 
C1-oxidized standards cellobionic acid 
(GlcGlc1A) and cellotrionic acid (Glc2Glc1A), 
respectively, by incubation with cellobiose 
dehydrogenase from Myriococcum 
thermophilum (MtCDH) (54).  
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Figure S1. Substrate binding surfaces of various LPMO10s, highlighting the residues 
targeted in this study. The pictures show the catalytic domains of ScLPMO10C (PDB 4OY7; 
(Forsberg et al. 2014a)) representing a C1-specific cellulose oxidizer, MaLPMO10B (PDB 
5OPF; (Forsberg et al. 2018)) representing LPMO10s with mixed C1/C4 cellulose oxidizing 
activity and C1-specific chitin-oxidizing activity, M18 with C1-specific chitin oxidizing and 
some remaining cellulose-oxidizing activity (this study), and  CjLPMO10A (PBD 5FJQ; 
(Forsberg et al. 2016)) and SmLPMO10A (PDB 2BEM; (Vaaje-Kolstad et al. 2005b)), which 
are both C1-specific chitin oxidizers. The structural model of M18 was made using the 
mutagenesis tool in PyMOL. Position 4 is only found in ScLPMO10C-like enzymes, although 
a conserved arginine in MaLPMO10B (R115, shown as lines) has its side chain in the same 
position as ScLPMO10C_Y111. 
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Figure S2. Screening for chitinolytic activity. RapidFire ESI triple quadrupole MRM 
chromatograms for M2 (four independent wells, light green) and wild-type ScLPMO10C (four 
independent wells, grey). The ESI MRM intensity is given on the y-axis while time (seconds) 
is on the x-axis Chromatograms A-E:  A) DP2ox: ESI MRM m/z 439.1-> m/z 116.0, B) DP3 ox: 
m/z 642-> m/z 625.3, C) DP4 ox: 845.4 m/z -> m/z 668.2, D) DP5 ox: m/z 1048.5-> m/z 871.2, 
E) DP6 ox: m/z 1251.1-> m/z 871.3. Note the differences in intensity on the y-axis. 
 
 
 
 

 
 
Figure S3. Enzyme purity. SDS-PAGE of ScLPMO10C wild-type and mutants M2, M5 and 
M18 after expression using the Pm/XylS system and purification of the enzyme from 
periplasmic extracts by anion exchange followed by size exclusion chromatography. The 
samples loaded onto the gel contained 50 pmol of protein (approx. 1.7 μg). A protein 
benchmark ladder was included on either side to verify the molecular size of ScLPMO10C 
(calculated to be 34.6 kDa).  
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Figure S4. Probing the cause of early enzyme inactivation. The mutants M5, M2 and M18 
were incubated at 1 µM with 10 g/L β-chitin at 40 °C and pH 6.0 in the presence of 1 mM 
ascorbic acid. The oxidized dimer was quantified after degradation of the solubilized oxidized 
products by chitobiase. Panel A demonstrates that for the three mutants, product generation 
had stopped prior to four hours of incubation, as no increase in product yield was detected 
between four and six hours. Panel B shows product formation upon addition of fresh reactants 
at 6 hours followed by continued incubation for another 18 hours. The data show that neither 
addition of fresh reductant (1 mM ascorbic acid) nor fresh substrate (10 g/L) together with 
fresh reductant restored the reaction. When fresh LPMO (1 µM) and fresh reductant were 
added, the product yield increased for all three mutants, indicating that the stagnation in product 
formation is primarily due to inactivation of the LPMO. 
 

 

 
 
Figure S5. Oxidative instability of M18 and control reactions without addition of H2O2. 
Panel A shows the same reaction as displayed in Figure 5, except that H2O2 was added every 
20 minutes at 100 µM (together with 100 μM ascorbic acid). Sample aliquots were only 
withdrawn immediately prior to adding fresh H2O2. Panel B shows a zoom-in view of control 
reactions related to Figure 5A. In the reactions labeled “without H2O2“, water was added to the 
reactions instead of H2O2. The graph also shows H2O2–driven product formation by wild-type 
ScLPMO10C (same curve as in Fig. 5A). Note that these are very low product levels, making 
quantification difficult.  
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Figure S6. Chitin-binding by various LPMOs. The curves show binding to β-chitin for 
SmLPMO10A (which does not contain a CBM), wild-type ScLPMO10C (with a CBM2), M18 
(with a CBM2) and the catalytic domain (cd) of ScLPMO10C.  
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Supplementary methods 
 
Recipe for Red Hi+Ye medium.  
The initial phase of the incubation was carried out in the basic medium, while the induction 
medium is added later. See details in the experimental procedures.  
         
1. Basic medium       
            
Stock solutions:           

Component g/L         
Fe(III) citrate hydrate 6         
H3BO3 30         
MnCl2*4H2O 10         
EDTA*2H2O  84         
CuCl2*2H2O 15         
Na2Mo4O4*2H2O 25         
CoCl2*6H2O 25         
Zn(CH3COO)2*2H20 4         
            

Solution A:       Solution B:   
Component g/L ml stock/L   Component g/L 
Na2HPO4*2H2O 8.6     Citrate monohydrate 20 
KH2PO4 3     Adjust pH to 7.0 with NaOH 
NH4Cl 0.3         
NaCl 0.5     Solution C:   
Fe(III) citrate hydrate   3.3   Component Molar 
H3BO3   0.03   MgSO4 * 7H2O 1 
MnCl2*4H2O   0.5       

EDTA*2H2O   0.03       

CuCl2*2H2O   0.03       

Na2Mo4O4*2H2O   0.03       

CoCl2*6H2O   0.03       

Zn(CH3COO)2*2H20   0.67       

Yeast extract (Oxoid) 2         

Glucose*H2O 11         

            
650 mL Solution A is mixed with 50 mL Solution B and 0.9 mL Solution C.   
Ampicillin is added to a final concentration of 100 μg/mL before use. 
            

2. Induction medium 
            

Component g/L         

Glycerol (87%) 15         

Yeast extract 24         

            
1.5 M m-toluate stock in ethanol is added to a final concentration of 1.5 mM before use.   

Ampicillin is added to a final concentration of 100 μg/mL before use. 
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