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SUMMARY 

The efficient depolymerization of lignocellulosic biomass to fermentable sugars by 
enzymatic hydrolysis is a key step in the transition towards a more environmentally friendly 
and sustainable bio-economy. However, the complexity and recalcitrant nature of the 
substrate limit enzyme performance on lignocellulosic plant biomass, and at present the 
enzyme cocktails required for depolymerization represent a major cost in the production of 
biomass-based chemicals and fuels. The recent discovery of lytic polysaccharide 
monooxygenases (LPMOs) has changed our general understanding of polysaccharide 
deconstruction, and given rise to high expectations for further development of enzyme tools 
for biomass processing, since LPMOs enhance the activity of glycoside hydrolases. 

LPMOs are copper-dependent enzymes that oxidize recalcitrant polysaccharides 
such as chitin and cellulose in the presence of dioxygen, and an external electron donor. 
Before the discovery of their enzymatic function, in 2010, LPMOs were classified as either 
family 33 of carbohydrate-binding modules (now family 10 of auxiliary activities, AA10, 
LPMO10) or family 61 of glycoside hydrolases (now AA9, LPMO9). Prior to the studies 
presented here, catalytic activity had just been demonstrated for a chitin-active bacterial 
AA10-type of LPMO from Serratia marcescens called CBP21. The work on CBP21 
formed the basis for the first goal of this study, namely finding or engineering an LPMO 
targeting cellulose substrates. Paper I describes CelS2, a naturally occurring AA10-type 
LPMO from the Gram-positive bacterium Streptomyces coelicolor that cleaves crystalline 
cellulose and produces C1-oxidized cello-oligosaccharides appearing in solution as aldonic 
acids. The generation of oxidized products was demonstrated using both mass spectrometry 
and chromatographic methods. CelS2, which comprises an N-terminal AA10 and a C-
terminal cellulose-binding carbohydrate-binding module classified as CBM2, represents the 
first described LPMO that is active on cellulose. It was shown that CelS2 stimulates the 
release of soluble sugars from filter paper by Celluclast® (a commercial enzyme cocktail). 

Papers II and III of this study describe structure-function studies of cellulose-active 
AA10-type LPMOs with the purpose of unraveling the basic characteristics of these 
proteins and perhaps identify factors determining substrate specificity and the 
regioselectivity of hydroxylation (C1 versus C4 oxidation). Paper II describes a 
comparative study of four C1-oxidizing LPMOs, two of which are active on chitin and two 
on cellulose, and includes the description of one novel chitin-active LPMO10 
(BlLPMO10A from Bacillus licheniformis) and one novel cellulose-active LPMO10 (E8 
from Thermobifida fusca). Sequence analysis showed that all residues in the immediate 
copper coordination sphere were conserved in these four LPMOs. Conversely, electron 
paramagnetic resonance spectroscopy (EPR) analyses indicated that the electronic 
environments of the copper differed between the chitin- and cellulose-active LPMOs. The 
differences in the EPR spectra are thus likely to reflect variation in residues outside the 
direct copper coordination sphere, where the chitin-active and cellulose-active AA10-type 
of LPMOs indeed show considerable variation.  



  Summary 

III 
 

Paper III presents the first crystal structures of cellulose-active AA10-type LPMOs, 
which allowed for the first time a structural comparison of LPMOs with different substrate 
specificities. The two S. coelicolor LPMO for which the structures were determined, CelS2 
and ScLPMO10B, represent a conserved pair of LPMOs found in cellulolytic 
actinomycetes. The two enzymes are upregulated during growth on cellulose substrates and 
we show that they act synergistically when degrading cellulose. CelS2 shows strict C1-
oxidation on cellulose substrates, whereas ScLPMO10B catalyzes oxidation of C1 and C4 
in cellulose, as well as C1-oxidation on β-chitin. A structural comparison of the two 
cellulose-active LPMO10s revealed a difference in the copper coordination sphere that may 
relate to the (in)ability to oxidize C4. Structural comparisons of chitin-active and cellulose-
active LPMO10s revealed a potential binding-pocket for a C2 acetamido group in chitin-
active LPMO10s only. All LPMO10s had similar redox potentials and copper binding 
affinities, but showed a substrate-dependent difference in EPR spectra, as discussed in 
Paper II. Substrate-specificity thus seems to be determined by variation in substrate-binding 
and –positioning combined with variation in the electronic structure of the copper site. 

In conclusion, this study represents the discovery and first in-depth characterization 
of LPMOs from family 10 of auxiliary activities that are active on cellulose. The work 
presented here has provided fundamental insight into how these enzymes work and 
contributed to method development, thereby constituting an important basis for future 
LPMO research.  
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SAMMANFATTNING  

Effektiv enzymatisk depolymerisation av lignocellulosisk biomassa till fermenterbara 
sockerarter är ett viktigt steg i övergången till en mer miljövänlig och hållbar bioekonomi. 
Komplexiteten och resistensen av substratet begränsar dock enzym sammansättningarna 
som finns tillgängliga idag, vilket leder till att dessa preparat utgör en av de största 
kostnaderna vid produktion av biomassa-baserade kemikalier och bränslen. De nyligen 
upptäckta lytiska polysackarid-monooxygenaserna (LPMO-enzymer) har förändrat vår 
generella bild av polysackaridnedbrytning då dessa enzymer ökar aktiviteten till 
glykosidhydrolaser. LPMO-enzymer har till följd av detta gett höga förväntningar för 
vidare utveckling av enzym-verktyg för behandling av biomassa. 

LPMO-enzymer är koppar-beroende enzymer som i närvaro av syrgas och en extern 
elektrondonator oxiderar svårnedbrytbara polysackarider såsom kitin och cellulosa. Innan 
upptäckten av dess enzymatiska funktion, år 2010, var LPMO-enzymer klassificerade som 
familj 33 kolhydratsbindande moduler (numera familj 10 av auxiliär-aktiviteter, AA10, 
LPMO10) eller familj 61 av glykosidhydrolaser (numera AA9, LPMO9). Innan studierna 
som presenteras här påbörjades hade katalytisk aktivitet precis visats för en kitin-aktiv 
bakteriell LPMO10, kallad CBP21, från Serratia marcescens. Denna upptäckt lade grunden 
till det första målet för denna studie, nämligen att hitta eller konstruera en LPMO aktiv på 
cellulosa-substrat. Artikel I beskriver CelS2, en naturligt förekommande LPMO10 från den 
Gram-positiva bakterien Streptomyces coelicolor. Detta enzym klyver kristallinsk cellulosa 
och producerar C1-oxiderade cello-oligosackarider som i lösning ses i form av aldonsyror. 
Genereringen av oxiderade produkter demonstrerades med både masspektrometri och 
kromatografiska metoder. CelS2 består av en N-terminal AA10 och en C-terminal 
cellulosa-bindande kolhydrats-bindande modul, klassificerad som en CBM2, och 
representerar den första beskrivna LPMO som är aktiv på cellulosa. Det visades även att 
CelS2 stimulerade Celluclast® (ett kommersiellt enzym preparat) vid frigörandet av lösliga 
socker från hydrolys av filterpapper. 

Artikel II och III beskriver struktur-funktionsstudier av cellulosa-aktiva LPMO10-
enzymer med syfte att ta reda på grundläggande egenskaper tillhörande dessa proteiner, 
samt att om möjligt identifiera faktorer som påverkar substratspecificitet och regioselektiv 
hydroxylering (d.v.s. C1- kontra C4-oxidation). Artikel II beskriver en jämförande studie av 
fyra C1-oxiderande LPMO10-enzymer, varav två är aktiva på kitin och två är aktiva på 
cellulosa. Aktiviteten hos två av dessa har tidigare inte dokumenterats, en visade aktivitet 
på kitin (BlLPMO10A från Bacillus licheniformis) och en på cellulosa (E8 från 
Thermobifida fusca). Sekvensanalys visade att alla aminosyror i den direkt koppar-
koordinerande sfären är konserverade i de fyra LPMO10-enzymerna, men 
elektronparamagnetisk resonans (EPR) spektroskopi indikerade att den elektroniska miljön 
kring kopparatomen skiljde sig mellan kitin-aktiva och cellulosa-aktiva LPMO-enzymer. 
Det är därför troligt att skillnaden i EPR-spektra mellan kitin-aktiva och cellulosa-aktiva 
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LPMO-enzymer reflekterar variation i aminosyror utanför den direkt koppar-koordinerande 
sfären. 

I Artikel III presenteras de första kristallstrukturerna på cellulosa-aktiva LPMO10-
enzymer, vilket för fösta gången gjorde det möjligt att utföra en strukturell jämförelse av 
LPMO-enzymer med olika substratspecificiteter. De två S. coelicolor LPMO-enzymerna 
vars struktur bestämdes, CelS2 och ScLPMO10B, utgör ett konserverat par av LPMO10-
enzymer som förekommer i cellulolytiska aktinomyceter. De två enzymerna är 
uppreglerade under bakteriell tillväxt på cellulosa och i denna studie visar vi att detta par 
agerar synergistiskt vid nedbrytning av cellulosa. CelS2 visar strikt C1-oxidation av 
cellulosa-substrat medan ScLPMO10B katalyserar oxidation på både C1- och C4-kolet i 
cellulosa samt C1-oxidation av β-kitin. En strukturell jämförelse av de två cellulosa-aktiva 
LPMO10-enzymerna avslöjade en skillnad i koppar-koordinationssfären som kan förklara 
(o)förmågan att oxidera C4-kolet. Strukturella jämförelser av kitin-aktiva och cellulosa-
aktiva LPMO10-enzymer visade en potentiell bindningsficka för en C2 acetamido-grupp i 
kitin-aktiva LPMO10-enzymer. Alla LPMO10-enzymer har likvärdiga redox-potentialer 
och bindningsaffiniteter för koppar, men visar en substrat-beroende skillnad i EPR-spektra 
som diskuterat i Artikel II. Till följd av detta verkar substratspecificitet vara beroende av 
variation i substrat-bindning och -positionering samt dessa i kombination med variation i 
den elektroniska strukturen för kopparsätet. 

Sammantaget utgör denna studie upptäckten av det första cellulosa-aktiva LPMO-
enzymet tillhörande familj 10 av auxiliär-aktiviteter, samt det första djupgående 
karaktäriseringsarbetet kring dessa typer av enzymer. Det föreliggande arbetet har på så sätt 
bidragit till grundläggande kännedom om dessa enzymer, samt till metodutveckling och 
utgör därmed en viktig bas för framtida LPMO-forskning. 
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1 INTRODUCTION 

1.1 The transition towards a sustainable bio-economy 

The ever-increasing global wealth and population is generating challenges of providing 

sufficient energy and food to sustain our current lifestyle. Currently, the world economy is 

fueled by hydrocarbons, which have been formed over millions of years through 

decomposition of plants and animals. Oil reservoirs are being depleted at an increasing rate 

resulting in increased emission of CO2, one of the key drivers of the global climate change 

(Vanholme et al., 2013). This situation has led to an increased interest in the use of 

renewable and sustainable energy forms, such as solar, wind, geothermal, hydroelectric and 

wave energy. However, none of these alternative energy sources can alone fulfill 

contemporary energy needs, nor do they provide a renewable source of materials, which is 

another prerequisite for a sustainable economy (Lund, 2007, Chang et al., 2010). Therefore, 

another alternative, namely the use of plant biomass, has come into focus (Figure 1). Plant 

biomass is easily available worldwide and cellulose, the main component in the plant cell 

wall, is the most abundant biopolymer on earth. Plant biomass is produced from 

photosynthesis, where atmospheric carbon dioxide is converted to carbohydrates using solar 

energy.  

The bio-based economy is today mainly using easily accessible sugars, derived from so 

called “first generation” feedstocks such as corn and sugarcane carbohydrates, for ethanol 

production and rapeseed oil for the production of biodiesel (Himmel et al., 2007, Solomon, 

2010). The use of first generation resources leads to a direct negative effect as it competes 

with food and feed industry (Williams, 2008). For that reason, research efforts in the past 

decade have focused on exploiting lignocellulosic plant biomass, also known as “second 

generation” biomass, which mainly derives from agricultural and forestry sources. The 

annual global production of plant biomass is estimated to 170-200 × 109 tons (Lieth and 

Whittaker, 1975), whereof about 70% consists of plant cell walls with about three quarters 

of these plant cell walls being polysaccharides (Duchesne and Larson, 1989). The central 

mono-sugar in the plant cell wall is glucose, which is an ideal carbon source that easily can 

be converted to ethanol and a variety of other chemical compounds by microorganisms and 

enzymes. Glucose occurs in (homopolymeric) cellulose as well as in certain 

heteropolymeric hemicelluloses such as xyloglucan. Other abundant mono-sugars in plant 

cell walls are xylose and mannose, which occur in the hemicellulose fraction. 
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Figure 1. The concept of a biorefinery based on lignocellulosic feedstocks. 

 

The future prospect for saccharification of lignocellulosic biomass to replace first 

generation biomass entails both technical and economic challenges that are mainly due to 

the complexity of the lignocellulosic substrate and the performance of the digestive 

enzymes used for its depolymerization (Himmel et al., 2007, Jørgensen et al., 2007, 

Banerjee et al., 2010, Chundawat et al., 2011, Cannella and Jørgensen, 2014). Therefore, 

efforts to improve the efficiency of biomass pretreatment and subsequent enzymatic 

hydrolysis methods are in focus. There are many ways to improve the enzyme cocktails, for 

instance by searching for new enzyme activities, engineering critical enzyme properties, or 

by optimizing enzyme compositions for different substrates. The goal of these efforts is to 

establish more cost-effective technologies for exploitation of lignocellulosic feedstocks as a 

renewable source of energy, chemicals and materials (Figure 1). 

 

1.2 Carbohydrates  

Carbohydrates (i.e. sugars) make up one of the four major classes of biomolecules, along 

with proteins, nucleic acids and lipids. Historically, the word carbohydrate derives from the 

fact that glucose, the first carbohydrate obtained in pure form, has the chemical formula 



  Introduction 
 

3 
 

C6H12O6 and it was therefore thought to be a “hydrate of carbon,” C6(H2O)6. This 

interpretation was later abandoned as carbohydrates are aldehydes or ketone compounds 

with hydroxyl groups, but the name persisted. Monosaccharides are the basic units of 

carbohydrates. The monosaccharide building blocks can be joined together to form 

disaccharides or longer oligo- or polysaccharides. The chemistry and structures of oligo- 

and polysaccharides are diverse as the formation of glycosidic bonds, which is catalyzed by 

enzymes called glycoside transferases, may yield a large variety of arrangements (various 

monosaccharides, various types of glycosidic linkages, modifications such as acetylations). 

Carbohydrates make up most of the organic matter on earth due to their extensive roles in 

all forms of life, with functions ranging from cell-cell communication to being structural 

elements in cells walls (e.g. cellulose and chitin, discussed below). Carbohydrates serve as 

nutrients for organisms from all kingdoms and are also used as energy storage (e.g. starch 

and glycogen) in many organisms. 

 

1.2.1 The plant cell wall 

The plant cell wall is a cell organelle that provides mechanical strength and is 

responsible for diverse functions such as regulating transport, providing protection, 

signaling, and storage of energy reserves (Brett and Waldron, 1990). The plant cell wall 

consists of a network of cross-linked polysaccharides (cellulose and hemicellulose) and 

lignin (Figure 2), as well as minor fractions of pectin, glycoproteins, lipids, minerals, 

soluble sugars and extractives. The plant cell wall is built up in layers: the middle lamella, 

the primary cell wall, the secondary cell wall and the warty layer (Sjöström, 1993). The 

primary cell wall contains an irregular network of cellulose, hemicellulose and pectin that is 

supported by the secondary cell wall, which is produced after the cell has stopped growing. 

The secondary cell wall is rich in organized cellulose microfibrils, with a higher degree of 

polymerization (DP) than the cellulose found in the primary cell wall (Brett, 2000). The 

secondary cell wall also contains hemicelluloses, which are heteropolymeric 

polysaccharides and which composition varies between plant types. Hemicelluloses are 

cross-linked to lignin, a high molecular weight phenolic heteropolymer that provides the 

cells with mechanical support and strength (Higuchi, 1990). The ratio between cellulose, 

hemicellulose and lignin in the cell wall differs between different plant species and tissues. 

For example hard- and softwoods are generally rich in cellulose and lignin, which favors 
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Figure 2. Structural organization of the plant cell wall. Panel A) visualizes the 
arrangement and composition of the main components, cellulose, hemicellulose and lignin. 
In panel B) the cellulose synthase rosette complexes are shown in the plasma membrane 
producing cellulose ending up in the secondary wall together with hemicellulose, lignin and 
proteins. Panel C) shows the different layers of the plant cell wall with focus on the 
secondary wall containing the more organized cellulose microfibrils. Picture A was taken 
from (Rubin, 2008) and pictures B and C from (Sticklen, 2008). 

 

rigidity, whereas agricultural plants have a relatively high content of hemicelluloses, 

making their tissues more flexible than wood (Olsson et al., 2004).  

 

1.2.1.1 Cellulose 

Cellulose, the main component of plant cell walls (35-50%), is a linear non-branched 

homopolymer made up of D-glucopyranose units that are linked by β-1,4-glycosidic bonds 

(Figure 3). The glucose units in cellulose chains are rotated by 180° relative to each other, 

making the disaccharide, cellobiose, the repeating unit (Cocinero et al., 2009). In higher 

plants, cellulose is synthesized at the plasma membrane by large cellulose synthase 

complexes (Figure 2B). The complexes appear as six hexameric rosettes and presumably 

comprise 36 individual cellulose synthase proteins (Somerville, 2006, Mutwil et al., 2008). 

Shortly after biosynthesis, the cellulose chains aggregate into microfibrils that are stabilized 
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through inter- and intramolecular hydrogen bonds and van der Waals forces (Somerville et 

al., 2004, Parthasarathi et al., 2011). Due to the huge potential for hydrogen bond 

formation, cello-oligosaccharides longer than DP8 are insoluble as they have greater 

affinity for another glucan chain than for the aqueous solvent (Brown, 2004). Based on X-

ray scattering data (Fernandes et al., 2011) and information about the cellulose synthase 

(Endler and Persson, 2011), elementary cellulose fibrils are thought to consist of 24 to 36 

cellulose chains, where all the hydroxyl groups are positioned equatorially while the 

hydrogens are in axial positions. As a consequence of this arrangement, the elementary 

fibrils possess polar sides and a hydrophobic top and bottom (Beckham et al., 2011). 

Elementary fibrils associate into highly ordered structures called microfibrils. Microfibrils 

vary in crystallinity: the inner core of a fibril is highly organized (i.e. crystalline), whereas 

fibril chains located on or closer to the surface are sub-crystalline (Ding and Himmel, 

2006). These latter regions show a lower degree of structural order mainly due to a lower 

number of intramolecular bonds and are sometimes referred to as amorphous. Altogether, 

the features of the fibril make cellulose highly resistant to chemical and enzymatic 

hydrolysis (Nishiyama et al., 2002, Himmel et al., 2007).  

 

There are seven polymorphs of cellulose (Iα, Iβ, II, IIII, IIIII, IVI and IVII) that differ in 

symmetry and chain geometry (O'Sullivan, 1997). Native cellulose is found in two 

crystalline forms, cellulose Iα and Iβ, in which the latter is the more thermodynamically 

stable. Cellulose Iβ is the most abundant form found in nature, since it is the main cellulose 

form in higher plants (Brown, 2004). Several Gram-positive and Gram-negative bacteria 

are capable of synthesizing cellulose used to form a protective envelope around their cells. 

The predominant polymorph isolated from bacteria is cellulose Iα (Ross et al., 1991). 

Cellulose Iα and Iβ have the same conformation, with a parallel chain arrangement but 

differ in hydrogen bonding patterns. Most pretreatment methods of cellulose retain the 

cellulose I polymorph, although certain treatments, e.g. with ionic liquids or liquid 

ammonia (or other amines), may lead to formation of cellulose II and cellulose III, 

respectively. Ionic liquids can fully solubilize cellulose and recrystallization often forms 

cellulose II which is arranged as antiparallel sheets (Swatloski et al., 2002). Pretreatment of 

cellulose I (or II) with ammonia forms cellulose IIII (or IIIII) that has an expanded surface 

area with loss of microfibril orientation (Wada et al., 2004). Cellulose III has been shown to 

have significantly lower recalcitrance to enzyme deconstruction than native cellulose I 
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(Igarashi et al., 2007). Heating of cellulose IIII or IIIII forms the cellulose polymorphs IVI 

and IVII (O'Sullivan, 1997).  

 

1.2.1.2 Hemicellulose 

Hemicelluloses are non-cellulose plant polysaccharides commonly with a β-1,4-linked 

backbone. Hemicelluloses include xyloglucans, xylans, mannans, glucomannans and mixed 

β-1,3(4)-linked glucans and their composition is highly variable between different plants 

and different plant cells (Scheller and Ulvskov, 2010). These soluble polysaccharides coat 

the cellulose microfibrils and consist of aldohexoses (glucose, galactose or mannose), 

pentoses (xylose, arabinose) and uronic acid building blocks. Some hemicellulose polymers 

are linear, whereas others are more complex, containing branches and chemical 

modifications of certain sugars. The hemicelluloses coat the cellulose microfibrils in the 

plant cell wall and may be covalently attached to lignin through ester bonds. Xylans and 

glucomannans constitute the two most abundant hemicelluloses, as xylans are the major 

hemicellulose in hardwoods and agricultural plants and glucomannans dominate in 

softwoods. 

 

1.2.2 Chitin 

After cellulose, the second most abundant polymer in nature is chitin, which appears as a 

structural component in yeast and fungal cell walls as well as in the exoskeletons of 

arthropods (e.g. crabs and shrimps) and insects. Chitin is similar to cellulose (Figure 3), 

consisting of linear β-1,4-linked N-acetyl-D-glucosamine (GlcNAc) units that are rotated 

by 180° relative to each other, making N,N’-diacetylchitobiose the repeating unit (Gooday, 

1990). There are two crystalline polymorphs of chitin found in nature and the most 

common form is α-chitin. In α-chitin the polysaccharide chains are arranged in an 

antiparallel fashion making this chitin form more dense and rigid than β-chitin, which has a 

more open structure due to a parallel chain arrangement (Gardner and Blackwell, 1975, 

Minke and Blackwell, 1978). Sufficient deacetylation [i.e. minimally approximately 35%; 

(Vårum et al., 1994)] of the acetamido groups in GlcNAc to form D-glucosamine (GlcN) 

leads to formation of a soluble polysaccharide that is referred to as chitosan. Chitosan and 

chitooligosaccharides are valuable biodegradable and biocompatible products with a 
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Figure 3. Repeating unit of A) cellulose and B) chitin. 

 

number of applications in agriculture, cosmetics, wastewater treatment, and medicine (Aam 

et al., 2010). 

 

1.3 Microbial degradation of structural polysaccharides 

As described above, polysaccharides such as cellulose and chitin are insoluble and 

contain a high degree of structural order, which makes them resistant to microbial 

degradation. Nevertheless, microbes have evolved enzyme systems to deconstruct these 

polysaccharides, and such enzyme systems provide a good starting point for designing 

industrial enzyme cocktails for biomass saccharification. Cellulolytic microorganisms 

include bacteria, protozoa and fungi, and these microbes occupy a number of ecosystems 

that include soils, composts, swamps, rivers, lakes, seawater sediments, decaying vegetable 

matters and more (Ljungdahl and Eriksson, 1985). Cellulose-degrading bacteria can also be 

found in cellulolytic animals for example in the digestive tract of ruminants (Leschine, 

1995) or in the guts of wood-degrading termites (Warnecke et al., 2007). Cellulose 

utilization by bacteria occurs in aerobic, anaerobic, mesophilic and thermophilic 

environments (Lynd et al., 2002). 

Aerobic bacteria and fungi secrete their enzymes which then act in the surroundings of 

the microbe. These secreted free enzyme systems tend to contain a variety of enzyme types 

targeting cellulose, hemicellulose and in some cases also lignin. The wood-decay fungus 

Trichoderma reesei (also known as Hypocrea jecorina) has for long been used as a model 

organism for the study of free enzyme systems (Martinez et al., 2008). 
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Anaerobic bacteria that utilize lignocellulosic biomass as carbon source have evolved 

another enzyme system wherein the enzymes are organized into large extracellular 

multienzyme complexes called cellulosomes, first described for the thermophilic bacterium 

Clostridium thermocellum (Bayer et al., 1998). In cellulosomes various lignocellulolytic 

enzymes, each containing a dockerin domain, assemble on a scaffoldin protein containing 

multiple cohesin domains through cohesin-dockerin interactions. The scaffoldin may be 

anchored to the bacterial cell, but evidence for free extracellular cellulosomes exist (Fontes 

and Gilbert, 2010, Zhou et al., 2014). The enzymes found in these macromolecular 

assemblies contain multiple specificities and act in close proximity to each other, which is 

thought to be beneficial when degrading the complex polysaccharides of the plant cell wall 

(Bayer et al., 1998, Bayer et al., 2008, Fontes and Gilbert, 2010). Interestingly, it was 

recently shown that cellulosomes and free enzyme systems act in synergy in the 

degradation of cellulose and pretreated corn stover (Resch et al., 2013, Resch et al., 2014). 

A recent analysis of a complex microbial cellulolytic community indicates that this 

community exploits the combined action of cellulosome and free enzyme systems (Zhou et 

al., 2014). 

In this thesis, aerobic free enzyme systems for cellulose deconstruction will be in focus. 

The following sections deal with the typical enzymes that are part of such systems. 

 

1.4 Carbohydrate active enzymes  

The term Carbohydrate Active enZymes (CAZymes) refers to enzymes that act on 

carbohydrate substrates, i.e. in the synthesis and breakdown of glycoconjugates, oligo- and 

polysaccharides. As discussed above (Section 1.2), the variety of monosaccharides 

combined with the variety of sugar linkages, and not to mention the fact that many 

molecules in biological systems can be glycosylated (e.g. glycoproteins), makes 

carbohydrate substrates among the most structurally diverse in nature. Thus, nature needs a 

large variety of enzymes acting on these substrates, which are involved in a wide range of 

biological processes (Cantarel et al., 2009). CAZymes usually have to perform their 

function with high specificity, which is a challenging task, considering the only very minor 

variations between some of the carbohydrates. As the number of known CAZymes has 

increased during the last decades, a database has been built up for such enzymes, called 

CAZy [www.cazy.org (Cantarel et al., 2009, Lombard et al., 2014)]. The CAZy 

classification system is primarily based on amino acid sequence similarities, which implies 
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that the classification correlates better with structural fold and catalytic mechanism than 

with enzyme specificity. Consequently, enzymes with the same specificity can be found in 

several families and vice versa. 

The CAZy database current holds more than 300 protein families divided into six 

enzyme classes, including one class that comprise non-catalytic, associated modules 

(carbohydrate-binding modules, CBMs). The biggest and most well studied CAZyme class 

is represented by the glycoside hydrolases (GHs), which currently are divided into more 

than 130 families, and are responsible for hydrolysis of glycosidic bonds (Henrissat and 

Davies, 1997). Some GHs can also perform transglycosylation, meaning that another sugar 

molecule is used as acceptor instead of water (as in hydrolysis), leading to the formation of 

a new glycosidic bond. About 40% of the GH families contain enzymes that contribute to 

plant cell wall deconstruction (Gilbert, 2010). 

The other classes of CAZymes are the glycosyl transferases (GTs) that are involved in 

the biosynthesis of glycosidic bonds from phospho-activated sugar donors, the 

polysaccharide lysases (PLs) that cleave glycosidic bonds in uronic acid containing 

polysaccharides using a β-elimination mechanism and the carbohydrate esterases (CEs) that 

remove ester-based modifications (Cantarel et al., 2009). The latest addition to CAZy is a 

rather diverse collection of redox enzymes that goes under the name “auxiliary activities” 

(AAs). Unlike the other enzyme classes, enzymes in the AA class do not exclusively act on 

carbohydrates. Enzymes acting on lignin (i.e. laccases, manganese peroxidases and lignin 

peroxidases) have been included since lignin is found in conjunction with polysaccharides 

in the plant cell wall (Levasseur et al., 2013). One major reason for this recent expansion of 

the CAZy database was the discovery of enzymes that today are called lytic polysaccharide 

monooxygenases (LPMOs) and that carry out oxidative cleavage of polysaccharides 

[(Vaaje-Kolstad et al., 2010, Horn et al., 2012b) and Paper I in this thesis]. These enzymes 

were previously classified as GH61 or CBM33 and are discussed in detail in section 1.5, 

below.  

The final CAZy class comprises the carbohydrate-binding modules (CBMs) which are 

non-catalytic modules that are associated to other CAZymes. By binding to 

polysaccharides, CBMs bring the catalytic domains into close proximity to target substrates 

thus potentiating catalysis (Bolam et al., 1998, Boraston et al., 2004). CBMs display large 

variation in binding specificity to the extent that cellulose-binding CBMs, which occur in 

several families, seem optimized to bind different types and faces of cellulose (Blake et al., 
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2006). Interestingly, several studies indicate discrepancies between the binding preferences 

of CBMs and the substrate specificity of the catalytic domains they are appended too 

(Hervé et al., 2010, Cuskin et al., 2012). The most likely explanation for these observations 

is referred to as the “proximity effect”, i.e. by binding to one polysaccharide type in the 

plant cell wall, the CBM brings the catalytic domain in proximity of its substrate, which is 

another type of polysaccharide (Hervé et al., 2010). Notably, a recent study has shown that 

the beneficial effect of CBMs on enzyme efficiency diminishes at high substrate 

concentration, which is a finding with important practical applications for the biorefinery 

(Várnai et al., 2013).  

 

1.4.1 Synergism in cellulose degradation 

Some enzymes are known to perform more efficiently when acting together than alone, a 

phenomenon known as synergism. Synergism is said to occur when the action of two 

enzymes combined is higher than the sum of actions of the individual enzymes (Wood and 

Garcia-Campayo, 1990). The efficiency of secreted cellulolytic enzyme systems, found in 

fungi and bacteria, is thought to be in part due to the synergistic action of three different 

types of glycoside hydrolases (Merino and Cherry, 2007) (Figure 4). These enzymes are 

known as cellobiohydrolases, acting from the non-reducing end (EC 3.2.1.91) or the 

reducing end (EC 3.2.1.176), endoglucanases (EC 3.2.1.4), and β-glucosidases (EC 

3.2.1.21). Two types of synergism are well-described in literature: synergy between 

endoglucanases and cellobiohydrolases, termed the endo-exo-synergism, and synergy 

between different cellobiohydrolases termed exo-exo-synergism (Henrissat et al., 1985, 

Nidetzky et al., 1993, Väljamäe et al., 1999). 

Endoglucanases (EGs) are mostly non-processive enzymes and are thought to randomly 

hydrolyze polysaccharide chains, probably in the more amorphous regions of the cellulose 

polymer. Enzymes with EG activity are found in 15 of the GH families. Some are single 

domain enzymes, whereas some have additional CBMs. Endoglucanase activity results in 

generation of new chain ends, one reducing and one non-reducing end, thus generating an 

increased number of access points for the cellobiohydrolases (CBHs). CBHs are processive 

enzymes, meaning that the enzymes thread a single carbohydrate chain through their active 

sites and repetitively cleave off cellobiose using a stepwise sliding movement. CBHs 

attacking the substrate from the reducing end include the fungal CBHs of GH family 7 and 
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the bacterial CBHs of GH family 48. CBHs attacking the substrate from the non-reducing 

end include cellulases of GH family 6, occurring in both fungi and bacteria. 

Processive enzymes remain closely associated to the substrate in between subsequent 

hydrolytic reactions, which is an energetically favorable trait especially for enzymes acting 

on crystalline surfaces (Teeri, 1997, Horn et al., 2006, Eijsink et al., 2008, Zakariassen et 

al., 2010). The basic idea behind this reasoning is that once the decrystallization penalty for 

extracting a polysaccharide chain from its insoluble and possibly crystalline context has 

been paid, it is favorable that this chain stays attached to the enzyme in between catalytic 

steps rather than (partly) re-associating with the insoluble material (Teeri, 1997, Horn et al., 

2006, Beckham et al., 2011, Beckham et al., 2014). Detailed studies on processive 

chitinases (Horn et al., 2006, Zakariassen et al., 2009, Horn et al., 2012a, Vaaje-Kolstad et 

al., 2013) have shown that aromatic residues lining the substrate binding clefts are crucial 

for processivity. Importantly, by analyzing non-processive mutants, these studies have also 

shown that, while processivity indeed improves efficiency on crystalline substrates, the 

structural features necessary to achieve processivity slow down the enzymes when acting 

on soluble substrates (Horn et al., 2006). 

The cellobiose released by the CBHs is the substrate for the third group of glycoside 

hydrolases involved in degradation of cellulose, namely the β-glucosidases (found in family 

GH1 and GH3). These enzymes convert solubilized cello-oligomers and cellobiose to 

monomeric glucose, mitigating CBH product inhibition arising from cellobiose (Henrissat 

et al., 1985, Wilson, 2009). 

Because of the homopolymeric and unbranched nature of cellulose, only a few enzyme 

activities are needed for its depolymerization. The situation for the heteropolymeric 

hemicelluloses is quite different. Xylans and glucomannans are often branched and contain 

various substitutions and modifications (see section 1.2.1.2). Due to this complexity, 

depolymerziation of hemicelluloses requires a more diverse portfolio of CAZyme activities, 

making synergism in such systems more difficult to study (de Vries and Visser, 2001). 

 

1.4.2 The C1, Cx hypothesis and accessory proteins 

In 1950, Reese et al. suggested that cellulolytic organisms may have two systems to 

convert cellulose into smaller sugars that then can diffuse into the cell. The hypothesis was 

based on their observations that many microorganisms possessing enzymes that are able to 

hydrolyze β-(1→4)-glycosidic bonds, showed a very limited ability to utilize native 
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crystalline cellulose. Based on this observation, it was suggested that the microbes that can 

utilize native cellulose have at least two enzyme systems, the C1 system and the Cx system. 

The C1 system was postulated to transform native crystalline cellulose into shorter and 

more accessible linear polysaccharides, which would then be accessible for degradation by 

the Cx system that is not restricted to cellulolytic microbes only. The Cx system comprises 

hydrolytic enzymes that cleave the β-(1→4)-glycosidic linkage, but at the time, the C1 

system remained unknown (Reese et al., 1950). 

Since 1950, a limited number of non-hydrolytic proteins have been discovered that 

enhance cellulose degradation. One type of accessory protein is known as expansins, which 

occur in plants and are used to mechanically destabilize the plant cell wall during cell 

growth (Cosgrove, 2000). This type of protein is also found in certain bacteria and fungi, 

that probably acquired this by horizontal gene transfer (Nikolaidis et al., 2014). An 

expansin-like secreted protein from Bacillus subtilis was shown to bind plant cell walls, 

cellulose and peptidoglycan and promote plant cell wall extension similar to plant-

expansins. Deletion of the encoding gene reduced the ability of the bacterium to colonize 

maize roots (Kerff et al., 2008). One fungal expansin homologue, called swollenin, has 

received particular attention. It comprises a CBM1 cellulose-binding domain and an 

expansin-like domain and has been shown to be involved in fiber disruption (Saloheimo et 

al., 2002). Another accessory protein was discovered in 2005, when Vaaje-Kolstad et al. 

showed that a chitin-binding protein from family 33 of CBMs greatly enhanced the 

efficiency of hydrolytic enzymes in the degradation of chitin (Vaaje-Kolstad et al., 2005a, 

Vaaje-Kolstad et al., 2005b). Five years later it was shown that this CBM33 protein in fact 

is an enzyme that uses an oxidative mechanism to cleave crystalline chitin (Vaaje-Kolstad 

et al., 2010). Today, these enzymes go under the name lytic polysaccharide 

monooxygenases (LPMOs) (Figure 4) and are recognized as being important novel tools for 

biotechnology and biorefining (Horn et al., 2012b). 

 

1.5 Lytic polysaccharide monooxygenases (LPMOs) 

In 2010 and 2011, it was discovered that proteins/enzymes belonging to family 33 of 

CBMs (CBM33) and family 61 of GHs (GH61) in fact are oxidative enzymes capable of 

cleaving chitin and cellulose chains using an unprecedented oxidative mechanism (Vaaje-

Kolstad et al., 2010, Forsberg et al., 2011, Phillips et al., 2011, Quinlan et al., 2011). These 

enzymes are today classified in auxiliary activity families 10 and 9 (AA10 and AA9), 
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respectively, and are collectively referred to as lytic polysaccharide monooxygenases 

(LPMOs). LPMO are copper-enzymes and their activity depends on the presence of 

dioxygen and an external electron donor. 

CBM33 proteins have been isolated from a number of chitinolytic bacteria and generally 

show high affinity for chitin substrates (Schnellmann et al., 1994, Kolbe et al., 1998, 

Suzuki et al., 1998, Schrempf et al., 1999, Folders et al., 2000, Chu et al., 2001). This 

affinity combined with the presence of conserved aromatic residues (Zeltins and Schrempf, 

1997), which is a common feature of CBMs (Gilbert et al., 2002, Boraston et al., 2004), 

was the reason for classifying these proteins as CBMs. The first crystal structure of a 

CBM33 revealed that the majority of the conserved aromatic amino acids in fact are located 

internally and led to the suggestion that the binding surface is made up of mainly polar 

residues (Vaaje-Kolstad et al., 2005a). This first CBM33 structure was the structure of a 21 

kDa Chitin-Binding Protein (CBP21) produced by the chitinolytic bacterium Serratia 

marcescens. It was originally thought to be a non-catalytic chitin binding protein, hence the 

name, and it represents one of the major proteins in the supernatant of S. marcescens when 

grown in the presence of chitin (Suzuki et al., 1998). As alluded to above, CBP21 was 

shown to enhance chitinase activity in the degradation of β-chitin as early as in 2005 

(Vaaje-Kolstad et al., 2005b). Back then, this effect that was ascribed to CBP21 interfering 

with the structure of crystalline chitin, possibly causing partial decrystallization, which 

would increase substrate accessibility and, thus increased chitinase efficiency (Vaaje-

Kolstad et al., 2005b, Eijsink et al., 2008). 

In 1997, a T. reesei gene was cloned, expressed and shown to have weak endoglucanase 

activity on cellulose substrates (Saloheimo et al., 1997). The new enzyme laid the basis for 

the new family 61 of GHs (GH61). The GH61 enzyme (previous name EG-IV) is induced 

together with cellulases when T. reesei grows on cellulose, but its cellulase activity was 

found to be several orders of magnitude lower compared to the other cellulases. Due to the 

low activity on cellulose, a variety of plant cell wall polysaccharides was tested as potential 

substrates, but no activity was detected (Karlsson et al., 2001). Determination of the first 

structure of a GH61 revealed structural similarities to the CBP21 protein (Karkehabadi et 

al., 2008). In 2010, Harris et al. showed that a GH61 enzyme isolated from the fungus 

Thielavia terrestris enhanced cellulase activity, thus revealing clear functional similarity to 

CBP21 (Vaaje-Kolstad et al., 2005a, Vaaje-Kolstad et al., 2005b). One year after the 

 



 

 
 

 

Figure 4. Cellulose degradation in aerobic microorganisms using the secreted free enzyme system. The enzymes include the lytic 
polysaccharide monooxygenases (LPMOs) shown in red, which can either oxidize C1 and/or C4, leading to a gluconic acid (Glc1A; red) or 
gemdiol (Glc4gem; yellow) chain ends. The LPMOs are copper dependent (orange dots) and their activity depends on electrons that can 
originate from a variety of sources (e.g. ascorbate, cellobiose dehydrogenase or lignin). Endoglucanases (green) hydrolyze the cellulose 
leading to formation of new chain ends, one reducing end and one non-reducing, which serve as substrates for the processive 
cellobiohydrolases (blue). Finally, β-glucosidases (orange) convert solubilized cello-oligomers and dimers to monomeric glucose. 
Cellobionic acid (C1-oxidized dimer) has been shown to be hydrolyzed to glucose and gluconic acid by β-glucosidases with 10-fold 
reduced efficiency compared to cellobiose (Cannella et al., 2012). There are currently no available data on the activity of beta-glucosidases 
on C4-oxidized cello-oligomers, but since the enzymes cleave from the non-reducing end, β-glucosidase activity on these compounds is not 
likely.  
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discovery that CBP21 as an oxidative enzyme (Vaaje-Kolstad et al., 2010), papers 

describing oxidative cleave of cellulose were published [Paper I of this thesis and (Phillips 

et al., 2011, Quinlan et al., 2011, Beeson et al., 2012)]. 

Today, it is widely accepted that the proteins previously classified as GH61 or CBM33 

and today classified as AA9 or AA10 are enzymes that carry out oxidative cleavage of 

glycosidic bonds in crystalline substrates such as cellulose and chitin (Horn et al., 2012b, 

Hemsworth et al., 2013b). 

 

1.5.1 Occurrence of LPMOs  

LPMOs are found in families 9-11 of auxiliary activities in the CAZy database 

(Levasseur et al., 2013). Family AA9 consists of fungal proteins only and its members were 

previously classified as family 61 glycoside hydrolases (GH61). Family AA10 proteins are 

found in all domains of life (Figure 5), but only bacterial members have been characterized 

so far. As mentioned above, AA10-type LPMOs were originally thought to be non-catalytic 

carbohydrate binding proteins and were therefore classified as family 33 carbohydrate-

binding modules (CBM33). The last LPMO family is AA11, which was very recently 

described for the first time (Hemsworth et al., 2014). Currently, this family includes fungal 

sequences only. Notably, as discussed below, all LPMOs have similar structures, while 

sequence diversity is huge.  

The genomes of biomass degrading fungi encode a plethora of LPMOs (up to 40 genes 

in one fungus) several of which are upregulated when grown on biomass substrates (Berka 

et al., 2011, Eastwood et al., 2011, Hori et al., 2011, Adav et al., 2012, Yakovlev et al., 

2012, Poidevin et al., 2014). The genomes of LPMO-containing bacteria usually encode 

only one or two LPMOs, but some species, such as the soil bacterium Streptomyces 

coelicolor A3(2), contain up to seven LPMO genes (Bentley et al., 2002). Some bacterial 

LPMOs have been shown to be co-regulated with cellulases (Garda et al., 1997, 

Ramachandran et al., 2000), and some are known to be secreted upon growth on various 

types of biomass such as chitin (Suzuki et al., 1998) and cellulose (Adav et al., 2010, 

Takasuka et al., 2013, Book et al., 2014). 

LPMOs often seem related to biomass degradation, but family AA10 proteins, which are 

the main focus of this study, also occur in viral genomes, as well as in the genomes of 

pathogenic bacterial species whose roles in biomass conversion are not obvious. As an 

example, the pathogen Vibrio cholera, which causes diarrhea in humans, possesses a 
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GlcNAc-binding protein A (GbpA), which has an N-terminal LPMO10 domain. It has been 

shown that this protein is a colonization factor for bacterial attachment to both marine 

chitin and mammalian intestinal mucin, a N-acetyl-glucosamine contain polymer (Wong et 

al., 2012). Knock-out studies have shown that bacterial virulence is significantly reduced in 

the absence of GbpA (Kirn et al., 2005). Interestingly, several studies suggest that AA10 

proteins may be involved in bacterial virulence, for example in Listeria monocytogenes, 

which causes severe food-borne infections, as well as in opportunistic pathogens such as 

Pseudomonas aeruginosa (Tran et al., 2011) and Enterococcus faecalis (Vaaje-Kolstad et 

al., 2012). Also probiotic bacteria such as Lactococcus lactis ssp. lactis and Lactobacillus 

plantarum have AA10 proteins, which bind N-acetyl-glucosamine containing polymers 

(Vaaje-Kolstad et al., 2009, Sanchez et al., 2011), but whose biological function is unclear.  

 

 

 

 

 

Figure 5. Species distribution of proteins belonging to families AA9 and AA10. The 
picture is constructed from information found in the Pfam database (AA9s, Pfam ID: 
PF03443; AA10s, Pfam ID: PF03067). The AA9 family contains fungal protein domains 
only, manly from the Ascomycota phylum, but also from the Basidiomycota phylum. 
Family AA10 on the other hand contains protein domains from all four kingdoms, with an 
abundance of bacterial proteins from the Proteobacteria, Firmicutes and Actinobacteria. 
The total number of entries is 827 for AA9 and 1556 for AA10. 
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1.5.2 LPMO substrates  

The first LPMO to be characterized was CBP21 from S. marcescens (SmLPMO10A), 

which was shown to be active on crystalline β-chitin and to a lesser extent on α-chitin 

(Vaaje-Kolstad et al., 2010). In another study of the same LPMO (Nakagawa et al., 2013), 

it was shown that the synergy between CBP21 and the S. marcescens chitinases declines as 

the crystallinity index of the substrate was reduced, indicating that this LPMO is active on 

crystalline materials. Activity on cellulose has been described for both LPMO9s 

(previously GH61s) and LPMO10s [see Paper I of this thesis and (Quinlan et al., 2011)]. 

Very recently, it has been shown that an LPMO9 from Neurospora crassa (NcLPMO9C) is 

active on both crystalline cellulose and soluble cello-oligosaccharides (Isaksen et al., 2014). 

Importantly, it was also shown that this enzyme is active on hemicelluloses with a β-

(1→4)-glucan backbone, such as xyloglucan, and that it accepts various substitutions on the 

glucan backbone (Agger et al., 2014). These latter discoveries indicate that LPMO 

substrates may be far more diverse than first anticipated. 

 

According to the Pfam database (Finn et al., 2010), proteins from the LPMO containing 

AA families appear as single domains as well as in combination with CBMs or other 

domains. AA10s (Pfam ID: PF03067) most commonly occur as single domain proteins 

(Figure 6) but are also found with CBMs from family 5/12 (chitin binding) or family 2 

(cellulose binding). Some fungal AA10s contain a CBM20, which is known to bind starch 

substrates (Boraston et al., 2004, Christiansen et al., 2009). Several other combinations 

occur (Figure 6), including combinations with glycoside hydrolases from family 18 and 19 

(chitinases) and with a GH5 mannanase (Sunna et al., 2000). The fungal AA9s (Pfam ID: 

PF03443) show a less diverse architecture. Approximately 75% occur as single domain 

proteins, whereas approximately 20% have a family 1 cellulose binding CBM. The 

remaining AA9s have additional modules with indistinct and uncertain annotations.  

The new family AA11 LPMO from Aspergillus oryzae was discovered by “module 

walking”. A module with unknown function found in AA9s, called X278, was used to 

search for other proteins with the same module. A large number of secreted proteins, other 

than AA9, were found, suggesting that some could be CAZymes. Some of these had an N-

terminal histidine that is characteristic for LPMOs. A truncated version of the AoAA11 

protein (without the X278 domain) was then expressed and shown to possess LPMO 
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Figure 6. Domain structure of naturally occurring AA10 proteins. Twenty of the 34 
different AA10 domain architectures, described in the Pfam database [(PF03067) 
http://pfam.sanger.ac.uk/]. The blue colored domains are related to chitin binding or 
degradation whereas orange colored domains are related to cellulose binding. The total 
number of entries is given in parenthesis. 

 

activity towards chitin (Hemsworth et al., 2014). At present, there are about 50 AA11 

sequences in the CAZy database. 

 

1.5.3 Cellulose oxidation by LPMOs  

The first LPMO to show activity towards cellulose substrates was the S. coelicolor 

enzyme CelS2, which produces C1-oxidized products (see Paper I of this thesis). The firstly 

described LPMO9 active on cellulosic substrates [TaLPMO9A, (Quinlan et al., 2011)] 

generated a more complex product profile than CelS2, suggesting that this LPMO9 enzyme 

could oxidize the C1 carbon as well as the C4 or C6 carbon. Shortly after, Phillips et al. 

(2011) described the activity of three of the 14 LPMO9s in the fungus Neurospora crassa, 

all with a different oxidation pattern. One was shown to produce C1 oxidized products 

only, one was shown to oxidize C4 only, and the third showed a mixed activity similar to 

TaLPMO9A described by Quinlan et al (2011). Phillips et al. (2011) rejected the possibility 

of C6 oxidation as this will not lead to cleavage of the glycosidic bond, in contrast to C1 
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and C4 oxidation. Thus, C4 oxidation, which results in formation of ketoaldoses, was 

suggested as the second major oxidative activity of LPMOs (next to C1 oxidation). 

Evidence for C4 oxidation, has since then been provided in several studies (Beeson et al., 

2012, Isaksen et al., 2014, Vu et al., 2014). 

Phylogenetic analysis of AA9s shows four major clusters (Figure 7) and three of these 

correlate to the regioselectivity of substrate oxidation (Li et al., 2012, Vu et al., 2014). The 

four groups constitute PMO-1 (PMO for polysaccharide monooxygenase) that oxidizes the 

C1-carbon, PMO-2 that oxidizes the C4-carbon, and PMO-3 that can oxidize both the C1- 

and C4-carbon. The fourth group has been named PMO-3* as the sequences are similar to 

PMO-3s, but activities are equal those found in the PMO-1 cluster (Vu et al., 2014). 

 

 

 

Figure 7. Phylogenetic tree of 497 AA9 sequences. Respective oxidation products are 
shown next to the LPMO group. Black colored groups are unclassified, due to lack of 
characterized representatives. The magnified entities represent enzymes for which 
regioselective hydroxylation has been demonstrated or for which structural data are 
available. This picture was taken from (Vu et al., 2014). 
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Figure 8 shows the various products formed by the three types of LPMOs. Native 

oligosaccharides are released by all LPMOs as a result of oxidation close to a chain end. C1 

oxidation initially leads to the formation of δ-1,5-lactones, which at physiological pH will 

be hydrolyzed to aldonic acids (Vaaje-Kolstad et al., 2010). Oxidation of the non-reducing 

end (C4-oxidation) results in formation of 4-ketoaldoses. The hydrated forms of 4-

ketoaldoses are referred to as gemdiols. LPMOs with a mixed C1/C4-oxidizing activity can 

also produce “double oxidized” products (i.e. an oligosaccharide oxidized at both the 

reducing and the non-reducing end), which are formed when a polysaccharide chain is 

cleaved twice, once with C1 oxidation and once with C4 oxidation. 

 

 

 

 

 

Figure 8. Oxidized products formed upon C1 (left) or C4 (right) oxidation of a 
cellulose chain. C1 oxidation results in the formation of a lactone that spontaneously will 
become hydrolyzed to the more stable aldonic acid form. C4 oxidation leads to formation of 
a ketoaldose and that is in equilibrium with its gemdiol form. 
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1.5.4 Three-dimensional structures of LPMOs 

At the time of writing, April 2014, there existed six 3D-structures of LPMO9s, eight 

structures of LPMO10s and one incomplete structure of an AA11-type LPMO in the 

Protein Data Bank database (http://www.pdb.org/), including two AA10 structures that are 

presented and discussed in Paper III of this thesis. The enzymes in the three different 

LPMO families share a similar structural fold (Figure 9), but have low sequence similarity 

(> 10%). The structure of CBP21 was the first LPMO structure to be determined (Vaaje-

Kolstad et al., 2005a). The structure of CBP21 was also later determined by NMR 

spectroscopy, which confirmed the crystal structure and revealed that this LPMO is a 

compact and rigid molecule (Aachmann et al., 2012). In 2008, Karkehabadi et al. 

determined the first structure of an AA9-type of LPMO, namely HjLPMO9B (GH61B), 

from the filamentous fungi Hypocrea jecorina. LPMOs have small and globular 

immunoglobulin-like structures with antiparallel β-stands in a distorted β-sandwich fold. 

The strands are connected by loops with a varying number of α-helix insertions [Figure 9 

(Karkehabadi et al., 2008, Harris et al., 2010, Quinlan et al., 2011, Li et al., 2012, Vaaje-

Kolstad et al., 2012, Wong et al., 2012, Wu et al., 2013, Hemsworth et al., 2013a, 

Hemsworth et al., 2014) and Paper III of this thesis]. Most of the variable structural 

elements in LPMOs are found in a loop referred to as loop 2 (L2), which differs in size and 

conformation and which may play a role in determining substrate specificity and perhaps 

even the regioselectivitiy of substrate hydroxylation [(Li et al., 2012, Wu et al., 2013, Vu et 

al., 2014) and Paper III of this thesis]. In LPMO9s that have mixed C1/C4 activity, the L2 

loop is extended which leads to an increased surface area (shown in yellow, Figure 9). 

Outside the L2 loop, other differences occur that may explain functional variation. For 

example, the structure of C4-oxidizing NcLPMO9D (a PMO-2), shows an additional -

helix (see dotted box in Figure 9) that is conserved in LPMOs with predicted C4-oxidation 

activity (Vu et al., 2014).  

LPMOs possess flat binding surfaces (Vaaje-Kolstad et al., 2010, Aachmann et al., 

2012) that harbors a type-2 copper center (Quinlan et al., 2011, Hemsworth et al., 2013a). 

Aromatic residues are commonly involved in enzyme-carbohydrate interactions (Boraston 

et al., 2004) and the binding surface of LPMO9s indeed possess two to three conserved 

tyrosine residues with rings parallel to the binding surface (Figure 9) that suggest a role in 

substrate binding (Li et al., 2012, Wu et al., 2013, Hemsworth et al., 2013b). The binding 

surface in LPMO10s is dominated by polar residues and only one aromatic residue 
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(Tyr/Trp) is presented in an orientation that could be parallel to the substrate. Mutation of 

this residue (Tyr54) in CBP21 to alanine resulted in reduced substrate binding (Vaaje-

Kolstad et al., 2005a). The substrate binding surface of CBP21 has been studied in detail by 

 

 

Figure 9. Cartoon representation of six cellulose active LPMO9s (grey), three chitin 
active LPMO10s (green) and one chitin active LPMO11 (purple). The box in 
NcLPMO9D shows an additional helix that, as suggested by sequence alignments, is 
conserved in LPMO9s with predicted C4-oxidizing activity (PMO-2). The L2 loop is 
colored yellow and tends to be extended in the LPMO9s on the second row which are 
classified as C1/C4-oxidizing LPMO9s (PMO-3s). Residues with aromatic rings lying 
parallel to the putative substrate-binding surface are shown as sticks. Various metal ions 
(Cu, Mg, Ni, and Na) refined in the catalytic centers are shown as spheres. Figures were 
made with PyMOL (DeLano and Lam, 2005). 
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NMR, which revealed that a major part of the surface residues is involved in substrate 

binding (Aachmann et al., 2012). 

1.5.5 The copper active site  

The first LPMO structures revealed a solvent exposed metal-binding site formed by the 

δ-nitrogen of the N-terminal histidine, its main chain amino group, and the ε-nitrogen of 

another highly conserved histidine (Vaaje-Kolstad et al., 2005a, Karkehabadi et al., 2008) 

(Figure 10). Later, studies have shown that this metal binding site is a type 2 copper site 

that is essential for the LPMO activity (Quinlan et al., 2011, Westereng et al., 2011, Vaaje-

Kolstad et al., 2012, Aachmann et al., 2012). The structure and binding affinity of the 

copper site has been studied by X-ray crystallography, electron paramagnetic resonance 

(EPR) spectroscopy, nuclear magnetic resonance (NMR) spectroscopy and isothermal 

titration calorimetry (ITC). Crystal structures have been obtained for apo-LPMOs (free 

from metal ligands) as well as LPMOs binding a variety of divalent metal ions (Ni2+, Zn2+, 

Mg2+).  

Early work studying the effects of CBM33 and GH61 proteins on chitin and cellulose 

degradation (Vaaje-Kolstad et al., 2005a, Harris et al., 2010, Vaaje-Kolstad et al., 2010) left 

an impression that LPMOs could employ various metal ions, but today it is clear that 

LPMOs are copper-enzymes. In 2011, Quinlan et al. showed by various methods that 

Thermoascus aurantiacus LPMO9A (TaLPMO9A) is a Cu-dependent enzyme, thus 

providing the first solid evidence for the role of this transition metal in LPMO activity. The 

structure of TaLPMO9A was determined with a copper ion in the active site (Figure 9 and 

Figure 10), and the ligands were shown to include the two histidines described above that 

form a T-shaped geometry referred to as the ‘histidine brace’ (Quinlan et al., 2011). 

Another finding was that the N-terminal histidine was methylated on the ε-nitrogen, a post 

transcriptional modification with unknown function that later has been identified in all 

fungal LPMO structures where the proteins have been produced in their native hosts 

(Quinlan et al., 2011, Li et al., 2012). The overall copper coordination in LPMO9s displays 

an octahedral geometry with Jahn-Teller distortion (i.e. with six ligands). In addition to the 

histidine brace ligands, the LPMO9s have a conserved glutamine residue (Gln173 in 

TaLPMO9A; Figure 10) that coordinates a water molecule that represents the fourth 

equatorial ligand. The axial positions are occupied by a highly conserved tyrosine (most 

likely a tyrosinate; Tyr175 in TaLPMO9A), and a free water molecule on the solvent-facing 
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side. In the two N. crassa structures determined by Li et al. (2012), density possibly 

representing dioxygen species was found in the solvent-facing axial region, albeit with a 

distance that is significantly longer (~ 2.9 Å) then than expected for a copper-oxygen bond 

[~ 2.0 Å (Hemsworth et al., 2013b)]. 

The T-shaped histidine brace is the key structural element conserved in all LPMO active 

sites (Figure 10). The axial positions differ between the LPMO families. In LPMO10s, 

these positions are usually occupied by hydrophobic residues: a phenylalanine (Phe187 in 

CBP21 vs Tyr175 in TaLPMO9A) on the protein side and an alanine (Ala112 in CBP21) 

on the solvent side. The alanine is conserved in LPMO10s and has been proposed to restrict 

axial access to the copper site in LPMO10s (Hemsworth et al., 2013b). LPMO10s, which 

have all been expressed heterogeneously, show no electron density reflecting His 

methylation and neither do LPMO9s from heterogeneous expression in Pichia pastoris (Wu 

et al., 2013) that are still active (Westereng et al., 2011, Kittl et al., 2012). The LPMO11 

structure (Figure 9 and Figure 10) shows features from both LPMO9s and LPMO10s. The 

LPMO11 has the alanine in the solvent-facing axial region, while it contains a Tyr in the 

other axial position, albeit quite far from the copper (Tyr140 in AoLPMO11 with a Cu-O 

distance of 3.2 Å). 

In the study by Quinlan et al. (2011) an EPR spectrum for TaLPMO9A-Cu2+ was 

presented showing the characteristics of a type 2 copper site according to the Peisach-

Blumberg classification of type 1 and type 2 copper proteins (Peisach and Blumberg, 1974). 

In 2013, Hemsworth et al. (2013a) showed an EPR spectrum for Bacillus amyloliquefaciens 

LPMO10A (BaLPMO10A), a protein that has been reported to have high affinity for chitin 

substrates (Chu et al., 2001), but for which no catalytic activity has been reported so far. 

The EPR spectrum showed that BaLPMO10A falls between the typical type 1 and 2 copper 

proteins although a copper type 2 classification was suggested to be appropriate for 

LPMO10s based on the overall axial envelope visible in the crystal structure (Hemsworth et 

al., 2013a). EPR analysis of AoLPMO11, active on β-chitin (Hemsworth et al., 2014), 

showed a spectrum similar to that of cellulose active TaLPMO9A. A comparative EPR 

study of LPMO10s is presented in Paper II of this thesis. 

Isothermal titration calorimetry has been used to measure the dissociation constant (Kd) 

for LPMO-Cu2+. In the study of TaLPMO9A, the Kd could not be determined due to too  
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Figure 10. LPMO active sites. The pictures are stick representations of the active sites and 
include residues within 6 Å from the copper (golden spheres) of LPMOs. Magenta, 
TaLPMO9A, an LPMO9 oxidizing C1 and C4 in cellulose; grey, SmLPMO10A (CBP21), 
which oxidizes C1 on chitin substrates; yellow, AoLPMO11, which also oxidizes C1 in 
chitin substrates. Figures were made with PyMOL (DeLano and Lam, 2005). 

 

high affinity and was therefore suggested to be lower than 1 nM (Quinlan et al., 2011). For 

CBP21 the Kd was estimated to be 55 nM at pH 6.5 and by determining the redox potential 

for the LPMO-Cu2+ + e- → LPMO-Cu+ redox couple, a theoretical Kd for CBP21-Cu+ of 1 

nM was calculated (Aachmann et al., 2012). In the latter study, the fact that reduced copper 

binds stronger to CBP21 than oxidized copper was demonstrated by several methods. ITC 

was also used by Hemsworth et al. (2013a) to determine the Cu2+ dissociation constant for 

BaLPMO10A and AoLPMO11. The Kd was estimated to range from 80 nM at pH 8.0 to 6 

nM at pH 5.0 for BaLPMO10A and to be 0.8 nM at pH 5.0 for AoLPMO11 (Hemsworth et 

al., 2013a, Hemsworth et al., 2014). 

 

1.5.6 Reaction mechanism  

In 2010, when it became evident that LPMOs are enzymes that cleave glycosidic bonds 

in an oxidative manner, it was shown by oxygen isotope labelling (H2
18O and 18O2) that 

CBP21 (SmLPMO10A) introduces one oxygen atom from molecular oxygen into the 

product (Figure 11). It was also shown that the reaction was boosted by the presence of an 

external electron donor such as ascorbic acid or reduced glutathione (Vaaje-Kolstad et al., 

2010).  

Interestingly, it has been shown that the electrons needed for LPMO action can be 

supplied by an enzyme known as cellobiose dehydrogenase (CDH; EC 1.1.99.18), which is 

found in some fungal secretomes (Langston et al., 2011, Phillips et al., 2011). CDHs are 
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oxidoreductases found in family AA3 and AA8 (Levasseur et al., 2013) that catalyze the 

oxidation of cellobiose or longer cellodextrins to δ-1,5-lactones that then are spontaneously 

hydrolyzed in solution to form aldonic acids. Even though the function of CDHs has been 

known for a long time, these enzymes have no clearly defined biological roles. In a 

knockout study, it was shown that deletion of the major cdh gene in the filamentous 

ascomycete N. crassa caused substantially reduced overall cellulose-degrading activity, an 

effect that could be ascribed to the lack of electron input to LPMOs (Phillips et al., 2011). 

CDHs have a heme and a flavin domain and some CDHs have an additional cellulose 

binding module belonging to family 1 CBMs. Cellobiose oxidation leads to reduction of the 

flavin group that subsequently transfers electrons to the heme domain. The reduced heme 

can further reduce a variety of compounds, including copper in the active site of LPMO9s. 

There is ample data in the literature showing that fungal LPMO9s may use both small 

molecule electron donors and CDH as electron donor (Langston et al., 2011, Phillips et al., 

2011, Beeson et al., 2012, Kittl et al., 2012). Whether CDH is the natural electron donor for 

LPMOs remains uncertain as CDH is not found in all LPMO-containing fungal genomes 

and neither in bacterial genomes (Phillips et al., 2011).  

In line with initial observations by Harris et al. (2010), it has been proposed in several 

studies that lignin may supply the electrons and stimulate LPMO activity (Cannella et al., 

2012, Dimarogona et al., 2012, Hu et al., 2014). In the very recent study by Hu el al., it was 

shown that the activity of an enzyme cocktail supplemented with an LPMO9 on substrates 

with residual lignin content did not depend on the addition of gallate, a small molecule 

reducing-agent. Addition of gallate was only necessary to boost the hydrolysis of “pure” 

cellulosic substrates. In the same study, a boosting effect of hydrolysis was seen when 

hemicelluloses were present, and, more specifically, when xylan was supplemented to the 

reaction. 

 

 

Figure 11. Chitin cleavage and oxidation catalyzed by CBP21. In the final oxidized 
product, an aldonic acid, one oxygen atom has been incorporated from molecular oxygen 
(blue) and one from water (red). The figure was taken from (Vaaje-Kolstad et al., 2010). 
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How the electrons are delivered to the catalytic center of LPMOs is unclear, but a cluster 

of conserved aromatic residues in proximity to the metal binding site has received attention 

in this respect, as it could potentially be involved in electron tunneling (Vaaje-Kolstad et 

al., 2005a, Li et al., 2012, Hemsworth et al., 2013a). 

 

Since the discovery of LPMOs, putative reaction mechanisms for LPMO9s have been 

described (Phillips et al., 2011, Beeson et al., 2012, Li et al., 2012). The basic scenario, 

described for the first time by the Marletta group, is that the reduced copper activates 

molecular oxygen, which then abstracts a hydrogen atom from either C1 or C4. This is 

followed by hydroxylation of the same carbon, followed by a spontaneous elimination 

reaction leading to scission of the glycosidic bond (Phillips et al., 2011). In a recent study 

by Kim et al. (2014), quantum mechanical calculations were used in an attempt to identify 

the reactive oxygen species used by LPMOs as well as the key steps in the oxidative 

mechanism. These researchers used density functional theory calculations on an active site 

model based on the TaLPMO9A structure [a C1/C4-active LPMO9 acting on cellulose 

substrates (Quinlan et al., 2011)] to compare two hypothesized reaction pathways for 

hydrogen abstraction and subsequent polysaccharide hydroxylation. One of the pathways 

involves the formation of a Cu(II)-superoxo intermediate, as originally proposed by the 

Marletta group (Phillips et al., 2011). The other tested mechanism, which came out as the 

most energetically preferred, involves formation of a Cu(II)-oxyl radical which has a 

stronger oxidative character than a Cu(II)-superoxo intermediate. The proposed “copper-

oxyl, oxygen rebound” mechanism (Kim et al., 2014) is depicted in Figure 12. The study by 

Kim et al (2014) also addressed the effect of the N-terminal methylation found in LPMO9s 

with the outcome that this modification had minor effects on the reaction cycle (Kim et al., 

2014). 

 

The mechanism suggested by Kim et al. (2014) implies oxygen activation from the axial 

position. In LPMO10 structures, access to the solvent-facing axial position seems to be 

restricted by a highly conserved alanine residue (Hemsworth et al., 2013b). Thus, it is 

possible that oxygen activation differs between LPMO families. Additional data addressing 

this issue is presented in paper III in this thesis. 
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Figure 12. Proposed copper-oxyl mechanism for C1-hydroxylation by TaLPMO9A 
based on quantum mechanical calculations. In brief, dioxygen binds end-on to copper to 
form a copper-superoxo intermediate, Cu(II)-O-O·. Next, the intermediate is reduced by a 
two electron transfer to a copper-oxyl radical, Cu(II)-O·. The radical subsequently abstracts 
hydrogen from the substrate, and the resulting [Cu(II)]-OH complex transfers the OH group 
to the sugar radical via an oxygen-rebound mechanism, resulting in hydroxylation of the 
substrate and reformation to the reduced copper state. The picture was taken from (Kim et 
al., 2014). 
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2 OUTLINE OF THE THESIS 

During the last four years, LPMOs have become enzymes of great interest, which have 

profoundly changed our understanding of the enzymatic conversion of recalcitrant 

polysaccharides. At the time this work was initiated, in spring 2010, it was not known that 

proteins within the former family 33 of carbohydrate-binding modules (today family 10 of 

the auxiliary activities) were oxidative enzymes. This knowledge was first gained in 

October 2010 for an enzyme active on chitin. Since enzymes responsible for chitin 

degradation often have counterparts related to cellulose degradation, the first goal of the 

project was to identify a cellulose-targeting LPMO. This was not only of fundamental 

scientific interest, since new cellulose-active enzymes that may boost the efficiency of 

“classical” cellulases are of major importance for the growing biorefining industry, where 

lignocellulosic biomass is a major feedstock for production of biofuels and chemicals. 

 

Due to the presence of multiple LPMO encoding genes, including genes encoding two-

domain LPMOs containing cellulose binding modules, Streptomyces species were 

identified as a starting point for the search for cellulose-active AA10-type LPMOs. A 

protein referred to as CelS2 from S. coelicolor was targeted based on the observation that it 

contained a cellulose-binding module and that its expression was co-regulated with a 

cellulase. The subsequent study led to the identification of the first cellulose-targeting 

AA10-type LPMO which, at the time, in fact was the first cellulose targeting LPMO ever 

described. This work is described in the first paper of the thesis. CelS2 was shown to 

generate C1-oxidized cello-oligosaccharides from Avicel (a cellulose substrate) in the 

presence of dioxygen and an external electron donor. The activity of CelS2 was also shown 

to enhance the performance on Celluclast®, a commercial enzyme cocktail, in the 

degradation of filter paper. 

 

As discussed in the Introduction of the thesis, LPMO enzymes have surface-exposed 

copper-containing active sites that cleave crystalline substrates in the presence of dioxygen 

and an external electron donor. Although reactants and some products of LPMO catalysis 

have been identified, not much is known about the reaction mechanism and enzyme 

properties governing substrate specificity and catalysis. In order to obtain a deeper 

understanding of the fundamental properties governing LPMO mechanism, research 
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following the work described in Paper I was devoted to structural and functional 

characterization of bacterial (AA10-type) LPMOs. Paper II describes the activity of two 

novel bacterial LPMOs, one active on cellulose and one active on chitin. This paper also 

describes a comparative study of the two novel and two well-known LPMOs, CBP21 and 

CelS2, combining EPR spectroscopy with in-depth sequence analysis. The EPR analysis 

showed that the electronic environment of the copper in the active site varies within the 

AA10 family and that this variation is coupled to substrate specificity. 

 

Paper III describes the crystal structures of two cellulose targeting LPMO10s from S. 

coelicolor, CelS2 (ScLPMO10C) and ScLPMO10B. These are the first cellulose-oxidizing 

LPMO10 structures ever to be determined, permitting, for the first time, structural 

comparisons of LPMOs within one family with different substrate specificities (chitin- and 

cellulose-active LPMO10s) and of LPMOs in different families with similar substrate 

specificities (cellulose-active LPMO9s and LPMO10s). This pair of LPMOs is conserved in 

several cellulolytic actinomycetes. The data presented in Paper III show that the two 

enzymes from S. coelicolor and two homologous enzymes from T. fusca oxidize the 

substrate differently and act synergistically when degrading cellulose. Paper III also 

addresses possible differences in active site architectures (for LPMO9s and LPMO10s) that 

could determine the regioselectivity of the oxidation. 
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3 MAIN RESULTS AND DISCUSSION 

3.1 Discovery of cellulose-active LPMO10s (Paper I) 

The prelude to the work presented in this thesis was the discovery of a new enzyme 

activity that boosted the enzymatic solubilization of chitin (Vaaje-Kolstad et al., 2005a, 

Vaaje-Kolstad et al., 2010). Most enzyme activities related to chitin degradation also exist 

in the enzymatic machineries that target cellulose. Thus the primary objective of research in 

the initial phase of the thesis work was to identify a bacterial LPMO that could cleave the 

glycosidic bonds of cellulose chains. At the planning stage of the first study (Paper I), 

several leads indicating the existence of a cellulose-active LPMO were identified through 

studying the existing literature. The existence of cellulose targeting “stimulating proteins” 

was suggested by work on the fungal “GH61” proteins (now classified as family AA9 

LPMOs) from T. reesei (Karlsson et al., 2001, Karkehabadi et al., 2008, Harris et al., 2010). 

In addition, at the time, it was known that genomes of cellulolytic bacteria found in the 

CAZy database encoded putative LPMO10s (Bentley et al., 2002, Moser et al., 2008) and 

that some bacterial LPMOs were co-regulated with cellulases and upregulated upon growth 

on cellulose substrates (Garda et al., 1997, Ramachandran et al., 2000, Adav et al., 2010). 

These studies and observations collectively indicated that cellulose oxidizing LPMO10s 

homologous to CBP21 existed in nature and motivated the study presented in Paper I. 

The bacterial genome selected for screening for putative cellulose-active LPMOs was 

that of Streptomyces coelicolor A3(2). This actinomycete is widely represented in the 

ecological niche of soil (Hodgson, 2000). S. coelicolor A3(2) is genetically the most well-

studied species in the Streptomyces genus, and its genome encodes more than 220 

CAZymes whereof 13 chitinases and eight cellulases/β-glucosidases (Hopwood, 1999, 

Bentley et al., 2002). According to the CAZy database, the S. coelicolor genome contains 

genes encoding seven putative secreted LPMOs, which is among the highest number of 

LPMOs found in a bacterium. One of these genes contains a cell-wall anchoring motif 

(Walter and Schrempf, 2008). Three of the other six LPMOs contain an additional CBM, 

two having a CBM5/12 chitin binding module and one having a CBM2 cellulose binding 

module. The latter LPMO, CelS2, is a 34.5 kDa protein with a N-terminal LPMO domain 

and a well-defined C-terminal CBM2a cellulose binding domain (Simpson et al., 2000). In 

the genome, it is clustered and co-regulated with a GH12 β-(1→4)-endoglucanase (Garda et 
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al., 1997, Ramachandran et al., 2000). Thus, at the time, CelS2 was an obvious candidate 

for cloning, expression and characterization. 

CelS2 was produced with a native N-terminus (i.e. the catalytically crucial N-terminal 

histidine) and degradation experiments showed that CelS2 produced oxidized cello-

oligosaccharides in reactions containing Avicel or filter paper (Whatman #1) and an 

external electron donor (ascorbate or reduced glutathione). A lower quantity of soluble 

sugars was generated from reactions with filter paper compared to Avicel. This difference 

is likely due to a difference in the degree of polymerization of the substrate [2000 vs. 200, 

respectively (Zhang and Lynd, 2005)]. Since cello-oligosaccharides have limited solubility 

in water and must be below a certain DP (~DP8) before dissociating from the cellulose 

crystal, more bond cleavages must take place on a high DP substrate compared to a low DP 

substrate to reach the same level of accumulated soluble products (Figure 13). 

Two new chain ends are generated when CelS2-catalyzed hydroxylation occurs at C1, 

one native non-reducing end and an “oxidized reducing end”. Since it makes no sense to 

refer to an “oxidized reducing end”, the terms “downstream end” (the reducing side of the 

saccharide chain) and “upstream end” (the non-reducing end of the saccharide chain) were 

introduced by Westereng et al. (Westereng et al., 2013). Oxidation of the C1 carbon on the 

downstream end of a cello-oligosaccharide yields an aldonic acid (gluconic acid), which is 

in a pH dependent equilibrium with the corresponding -1,5-lactone (-glucono-lactone). 

Indeed Figure 1 in Paper I, showing oxidized products detected by MALDI-TOF MS, 

contains minor peaks that correspond to the masses of the -1,5-lactone forms of various 

oligomeric products, but is dominated by signals representing aldonic acids. 

Notably, product analysis itself was a major achievement of the work described in Paper 

I, as no chromatographic protocols or standards existed for the analysis of cello-

oligosaccharides with a gluconic acid moiety at the downstream end. Although only lightly 

touched upon in the manuscript text, the method development was an essential constituent 

of the study that enabled verification of the identity of the oxidized products. This work 

included the generation of standards of cello-oligosaccharides containing a downstream end 

gluconic acid, which was produced using a two-step protocol involving production of cello-

oligosaccharides by chemical hydrolysis (Wing and Freer, 1984) followed by a mild 

oxidation using iodine as an oxidant (Kobayashi et al., 1985, Kobayashi et al., 1996). The 

standards produced were verified by 13C NMR spectroscopy and thereafter used to identify 
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CelS2-generated products by high-performance ion-exchange chromatography (see Figure 

S1 of Paper I). 

Oxidized products generated by CelS2 showed a DP ranging from 2-7 with a dominance 

of even numbered cello-oligosaccharides. A similar product profile has been observed for 

the chitin active CBP21 (Vaaje-Kolstad et al., 2010). Vaaje-Kolstad et al. (2010) 

hypothesized that the dominance of even numbered products may indicate that the 

hydroxylation occurs on a solvent exposed polysaccharide chain that is embedded in a 

crystalline structure (Figure 13). The repeating unit of the cellulose chain is cellobiose since 

the monosaccharides are rotated by 180° relative to each other (Figure 3). Thus, if 

productive binding of CelS2 (or the LPMO in general) is dictated by the molecular 

topology of the cellulose crystal surface, only positions located at an even number of sugar 

monomers from an initial point of cleavage in the same chain will be accessible for 

productive binding by the LPMO. Interestingly, recent experiments by the author on a 

variety of LPMOs have shown that the product profiles of LPMOs change with the 

concentration of reductant used in the reaction; the products become shorter, with less 

dominance of even-numbered oligomers in reactions with higher reductant concentration 

(unpublished observations). It is conceivable that the increasing reducing power in the 

reaction may activate the LPMO to act on soluble substrates. In favor of this speculation, it 

should be noted that an LPMO9 was recently shown to cleave soluble oligosaccharides 

(Agger et al., 2014, Isaksen et al., 2014).  

Prior to and after the discovery of LPMOs in the former CBM33 family (now AA10), it 

has been repeatedly shown that these proteins act in synergy with hydrolytic enzymes 

(Vaaje-Kolstad et al., 2005b, Moser et al., 2008, Vaaje-Kolstad et al., 2009, Vaaje-Kolstad 

et al., 2012, Kostylev and Wilson, 2013, Nakagawa et al., 2013). LPMOs release few 

soluble products themselves due their low catalytic rates (Vaaje-Kolstad et al., 2010, Agger 

et al., 2014). While LPMOs by themselves can cause some degree of substrate 

depolymerization, their key function is believed to be the disruption of crystalline regions 

of the substrate, making these regions more accessible to glycoside hydrolases (Vaaje-

Kolstad et al., 2005b, Horn et al., 2012b). Although evidence supporting this hypothesis is 

limited, it can be envisioned that the negative charge (aldonic acid) introduced on the 

substrate surface by LPMOs can have a disruptive effect on the crystal, as has been 

observed for chemically oxidized cellulose (Bondeson et al., 2006). 
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Figure 13. Schematic illustration of LPMO action on crystalline polysaccharides. 
Panel A) illustrates how the same number of hydroxylations causes more soluble (S) 
products to be released from substrates with lower DP (Avicel) compared to substrates with 
higher DP (filter paper). Panel B) illustrates the periodicity of even numbered cello/ chito-
oligosaccharides released from a crystalline substrate region. The white sugar moieties in 
the cross-section represent surface exposed areas whereas the brown are embedded and not 
solvent exposed. The arrows indicate where productive binding can occur in a crystalline 
context (left) and in a soluble context (right). Panel C) shows MALDI-TOF MS spectra of 

soluble products released from β-chitin by combined treatment with a chitin-deacetylase (to 

increase product solubility) and CBP21 (a chitin-active LPMO; top) or chitinase C (an 
endochitinase; bottom). Only CBP1 generates a dominance of even-number products, 
suggesting that it acts on polysaccharide chains in a crystalline context, in contrast to 
chitinase C. Panel C) was taken from (Vaaje-Kolstad et al., 2010). 

 

By analogy to previous findings for chitin-active LPMO10s, it was expected that CelS2 

would be able to act in synergy with cellulases. This hypothesis was explored by incubating 

CelS2 with cellulolytic enzymes from the commercial enzyme cocktail Celluclast® 

(Novozymes) using high molecular weight filter paper as substrate, in the presence or 

absence of reduced glutathione (GSH) as electron donor. The activity of CelS2 did indeed 

enhance the hydrolytic enzymes, both in presence and absence of GSH. As expected, the 

highest product yield was obtained with reducing agent present in the reaction mixture, but 

the effect of adding the reductant was surprisingly small compared to what had been 

observed for chitin-active LPMO10s. When CelS2 was incubated with filter paper in the 
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absence of the cellulases, no detectable native products could be observed. The fact that 

CelS2 had an effect in the absence of reducing agent may be explained by the presence of 

compounds in the Celluclast mixture being able to provide electrons to the LPMO reaction. 

Synergistic affects were also observed with single hydrolytic enzymes (Figure 14), namely 

with a GH7 cellobiohydrolase from Trichoderma reesei (TrCel7A) and a GH5 β-(1→4)-

endoglucanase from Thermobifida fusca (TfCel5A) (Vaaje-Kolstad et al., 2011). The 

hydrolytic enzymes also seemed to stay active over a longer time in the presence of CelS2, 

a result that might be due to the LPMO removing “obstacles” that otherwise would lead to 

unproductive cellulase binding (Igarashi et al., 2011, Kurasin and Väljamäe, 2011).  

At the time of studying the synergy between CelS2 and various cellulases, not much was 

known about the optimal conditions for LPMO activity, not to mention the fact that the 

catalytic copper ligand had not yet been identified. With that information in mind, it is 

perhaps not surprising that high concentrations of CelS2, relative to the concentration of 

Celluclast (Figure 2 in Paper I), was needed to obtain a detectable boosting effect of CelS2. 

In early work, before the catalytic power of LPMOs had been discovered, Moser et al. 

(2008) showed that it was necessary to use low concentrations of the hydrolytic enzymes in 

order to detect effects of the T. fusca LPMOs (E7 and E8, which are further described in 

Paper III), and that the hydrolytic enzyme with the lowest activity (TfCel48A 

cellobiohydrolase) benefited the most from the presence of LPMOs (Moser et al., 2008).  

The synergy observed between cellulose active LPMOs [from family AA9 and AA10; 

(Moser et al., 2008, Harris et al., 2010) and Paper I] and cellulases is much weaker than the 

LPMO-hydrolase synergies observed for chitinolytic enzyme systems (Vaaje-Kolstad et al., 

2010, Vaaje-Kolstad et al., 2012, Nakagawa et al., 2013, Vaaje-Kolstad et al., 2013). Even 

though cellulose and chitin are similar, differences in the crystalline packing, which is less 

rigid and dense in the most LPMO-susceptible chitin form, β-chitin, could be one of the 

reasons for the stronger effects of chitin-active LPMOs. One might speculate that 

differences in the crystalline structure could affect enzyme-substrate interactions as well as, 

perhaps, oxygen binding.  

In the particular case of CelS2 and the experiments described in Paper I, it must be noted 

that the nature of the metal ion essential for catalysis by LPMOs was not yet known and 

that it was assumed that the enzymes were relatively promiscuous in their metal 

preferences. Based on the few existing papers published on LPMOs (Karkehabadi et al., 
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2008, Harris et al., 2010, Vaaje-Kolstad et al., 2010) Mg2+ was supplemented to the LPMO 

reactions, as this metal gave optimal activity for CBP21 (Vaaje-Kolstad et al., 2010). 

Shortly after Paper I was published, Quinlan et al. (2011) and Phillips et al. (2011) 

convincingly demonstrated that LPMOs from family AA9 (previously GH61) were copper-

dependent enzymes. Soon after the copper-dependency of bacterial LPMOs was also 

demonstrated (Vaaje-Kolstad et al., 2011, Vaaje-Kolstad et al., 2012, Aachmann et al., 

2012). LPMOs turned out to have very high affinities for copper, which enables LPMOs to 

scavenge metals that are found in the substrate (Quinlan et al., 2011, Aachmann et al., 

2012), perhaps even more so in the presence of added bivalent metal ions that can compete 

for “metal-binding sites” in the substrate. This explains why CelS2 activity could be 

observed at all, even though it was not supplemented with copper prior to the experiments. 

Still, the putative lack of copper in the reactions may have caused an underestimation of the 

potential synergy of the system. On the other hand all LPMO-cellulase synergies reported 

so far in the literature (Langston et al., 2011, Westereng et al., 2011, Kostylev and Wilson, 

2013, Hu et al., 2014) are modest compared to the effects seen in chitin degradation. 

 

 

Figure 14. Synergism between CelS2 and cellulases. Synergy between CelS2 and a 
cellobiohydrolase (TrCel7A; A) or an endoglucanase (TfCel5A; B) in the degradation of 
filter paper. The reactions were set up with 5 µg/mL cellulase and 40 µg/mL LPMO in the 
presence or absence of 1 mM reduced glutathione (GSH) as electron donor in 20 mM 
sodium acetate buffer pH 5.5. CelS2 alone produced no detectable amounts of native cello-
oligosaccharides and the curve for this reaction is not included in the figures. The figure is 
taken from (Vaaje-Kolstad et al., 2011). 
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The synergy between LPMOs and glycoside hydrolases is still poorly understood, one 

reason being that the substrates are variable and not fully understood. Even with one 

substrate type, large variations may occur. A recent study of an AA9-type LPMO from T. 

aurantiacus showed that specific substrate properties affected the level of synergy obtained 

when combining glycoside hydrolase and LPMOs in a degradation reaction. The most 

critical parameter determined was the relative amount of accessible crystalline cellulose. 

The same study showed that synergy occurred in reactions with cellulose I, but not in 

reactions with the more amorphous polymorphs, cellulose II and III, where the substrate is 

already easily available for the GHs (Hu et al., 2014). Likewise, it has been shown that the 

synergy between CBP21 and chitinases is reduced as the chitin substrate crystallinity 

decreases (Nakagawa et al., 2013). Importantly, it should be kept in mind that almost all 

studies are done with ‘model’ substrates, such as filter paper in the CelS2 study, which are 

(almost) pure cellulose substrates that have been modified and may not reflect how the 

enzymes would behave in the presence of natural substrates. Notably, it has been shown 

that CelS2 also enhances Celluclast® in the degradation of steam exploded saw dust from 

poplar (Vaaje-Kolstad et al., 2011). 

 

3.2 Comparative functional and structural studies of LPMOs (Papers II & III) 

In paper II, the activity of two new LPMOs is presented, BlLPMO10A from Bacillus 

licheniformis that has C1 activity on chitin substrates, similar to CBP21, and TfLPMO10B 

(E8) from Thermobifida fusca that has C1 activity on cellulose substrates, similar to CelS2. 

Paper II further presents a comparative study of two chitin-active (CBP21 & BlLPMO10A) 

and two cellulose-active (CelS2 and E8) C1 oxidizing LPMO10s with the aim of finding 

correlations between substrate specificity, primary sequence, active site architectures and 

copper coordination as reflected in EPR spectra. Such correlations could be used as 

predictive tools for classifying LPMOs and also to provide new insight into LPMO 

mechanism. 

In order to guide the interpretation of LPMO substrate preferences and EPR signatures, a 

structure-based multiple sequence alignment was constructed. All LPMO10 structures 

determined were used to set up a structure-based alignment using PyMOD and PyMOL 

(DeLano and Lam, 2005, Bramucci et al., 2012). At the time, no structural data were 

available for cellulose active LPMO10s nor for BlLPMO10A, so the sequences for CelS2, 
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E8 and BlLPMO10A had to be added to the structural alignment without the structural 

knowledge of these enzymes. The sequence identity between LPMOs with the same 

substrate specificity is in the order of 50%, whereas it is in the order of 30 % between 

LPMOs with different substrate specificity. The active site residues appeared to be highly 

conserved between all LPMOs considered in this study. These residues include the two 

histidines that form the T-shaped ‘histidine brace’ as well as the hydrophobic phenylalanine 

and alanine in the axial positions. It was noted that there are differences in the outer 

coordination sphere that could relate to both substrate binding and electron transport, as 

discussed further below and in Paper III. 

Copper coordination in the four LPMOs (i.e. CelS2, E8, CBP21 and BlLPMO10A) was 

analyzed by EPR spectroscopy. Prior to the study described in Paper II, EPR spectroscopy 

had been used to examine the copper active site in TaLPMO9A (Quinlan et al., 2011) and 

BaLPMO10A (Hemsworth et al., 2013a). The data generated by these two studies showed 

that the LPMO9 contains a typical type 2 copper center whereas the copper center geometry 

in the LPMO10 was concluded to fall between the typical type 1 and type 2 copper center 

geometries. This conclusion was reached by comparing obtained spin Hamiltonian 

parameters with a plot of typical type 1 and 2 proteins made by Peisach and Blumberg 

(1974). The overall shape of the EPR signal suggests that a type 2 classification for 

LPMO10s is appropriate (Hemsworth et al., 2013a). Hemsworth et al. (2013a) have 

suggested that the different copper site geometries reflect inherent differences between 

LPMOs in families AA9 and AA10 (Hemsworth et al., 2013a). This is, however, not in 

agreement with the observations made in Paper II, which shows that the EPR spectra 

recorded for cellulose-active LPMO10s (Paper II) are very similar to the EPR spectrum of 

(cellulose-active) TaLPMO9A. The chitin active LPMOs (BlLPMO10A and CBP21) gave 

EPR spectra that were similar to that observed for BaLPMO10A. The observed differences 

within the LPMO10 family imply that the EPR signals and, thus, the electronic 

environment of the copper ion, are correlated with substrate-specificity rather than the type 

of LPMO family. 

All LPMO9s characterized so far have a conserved tyrosine/tyrosinate in the active site 

and the hydroxyl group acts as an axial copper ligand in an octahedral geometry (Figure 

10). In the LPMO10s analyzed in Paper II, this position is occupied by a phenylalanine. In 

order to investigate the role of this residue in copper coordination and LPMO mechanism, 
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CelS2 mutants F219A and F219Y were analyzed for relative activity and copper 

coordination was studied by EPR spectroscopy. The F219A mutant showed a reduced 

activity whereas the F219Y mutant was inactive. Based on analysis of the CelS2 structure, 

which was determined later (Paper III), it seems that a hydroxyl group added to the Cζ of 

the phenylalanine side chain may be positioned too close to the copper ion (1.7 Å; Figure 

15). In LPMO9s, which contain a Tyr at this position and that coordinate copper in an 

octahedral geometry, the distance between the copper atom and the Tyr hydroxyl group is 

~2.8 Å. This distance is compatible with a Jahn-Teller distorted geometry, where the axial 

ligands are positioned further away from the copper atom than the ligands in the equatorial 

positions. Clearly, positioning of the Tyr hydroxyl group “too close” to the copper ion 

might prevent correct coordination and possibly give a coordination geometry that is 

incompatible with catalysis. Interestingly, both CelS2 mutants showed only small variations 

in EPR spectra compared to wild type CelS2 with slightly lower gz values and higher Az  

 

  

 

Figure 15. Active site of CelS2 in the wild type (WT) and the F219Y mutant. The 
F219Y structure represents a model that was generated using the mutagenesis function in 
PyMOL. The distances are taken from the CelS2 structure chain A (presented in Paper III) 
and illustrate that the tyrosine hydroxyl group is so close to the copper that structural 
adjustments will be needed. Such adjustments may cause a change in copper coordination, 
but could also entail displacement of the tyrosine side and main chain. The latter could 
affect close neighbors such as Glu217.  
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values. This shows that copper is still bound to the active site and that the electronics of the 

copper-site are “wildtype-like”. Since the g and A Cu tensors reflect the active site copper 

coordination environment, the small gz and Az value changes may reflect variations in the 

copper geometry caused by the mutations relative to the wild type protein. To address this 

issue properly, the X-ray crystallographic structure of the CelS2 F219Y mutant could 

provide a better understanding as to the nature of the mechanisms of inactivation. A 

“reverse” mutation has earlier been made in LPMO9E from T. terrestris (TtLPMO9E), 

which, judged by phylogenetic clustering (Vu et al., 2014), probably oxidizes C1. This 

mutation, Y153F, resulted in reduced cellulose conversion when the enzyme was combined 

with a cellulase preparation from T. reesei (Harris et al., 2010). The conserved active site 

aromatic residue (Tyr/Phe) is in close proximity to a conserved cluster of aromatic residues 

in the core of the LPMO10s (Figure 16), comprising three Trps in the chitin-active LPMOs 

 

 

Figure 16. Expanded view of the active site of three LPMO10s with different substrate 
specificities. From the left: CBP21 (white) that oxidizes C1 in chitin, CelS2 (green) that 
oxidizes C1 in cellulose, and ScLPMO10B (orange) that oxidizes C1 and C4 in cellulose 

and C1 in β-chitin. Shown is a top view of the copper active site including side chain 

residues that are protruding from the imaginary substrate binding surface and may be 
determinants of substrate specificity. The figures show the side chains of a conserved 
aromatic cluster that is located beneath the surface and that differs between the three 
presented LPMOs (W119, W108, W178; Y138, F148, W210; F155, W210, respectively). 
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and Tyr-Phe-Trp and Tyr-Trp-Trp in CelS2 and E8, respectively [(Vaaje-Kolstad et al., 

2005a, Hemsworth et al., 2013a) and Paper II]. It is possible that the Phe/Tyr residue is an 

extension of this aromatic cluster and that it is involved in electron transfer. The Phe → Try 

mutation in CelS2 is likely to displace this residue, which again could affect a putative 

electron-transfer chain. Variation in the cluster of aromatic residues could perhaps also 

explain why the EPR signals of the chitin-active and cellulose-active LPMPO10s differ, 

despite the highly conserved direct coordination spheres of the copper ion (Figure 16). 

The data discussed so far indicate that the substrate specificity of LPMO10s somehow is 

related to the electronics of the copper site, possibly combined with variation in substrate 

positioning that is brought about by the quite extensive sequence variation in surface areas 

outside the direct copper coordination sphere. The final experimental section of Paper II 

describes assays of the affinity of full length CelS2 and CelS2 lacking the cellulose binding 

CBM2 domain towards crystalline cellulose and chitin. Both the full length and truncated 

CelS2 variant showed stronger binding to chitin than to cellulose. This result is remarkable 

in the sense that CelS2 (full length or truncated form) is incapable of oxidizing chitin (this 

has been determined in experiments repeated several times for both α- and β-chitin). The 

binding experiment also shows that one cannot judge substrate preference based on binding 

experiment alone, which in accordance with findings on the “proximity effect” of CBMs 

discussed in section 1.4 (Hervé et al., 2010). It is known the CBM2s can bind chitin 

(Boraston et al., 2004), but it was unexpected that the truncated CelS2 also showed strong 

affinity to both chitin substrates and almost no binding to filter paper. It should be noted 

that the CBM2 is of importance for activity on cellulose, as the activity of the full length 

enzyme is substantially higher than the activity of the truncated variant (see Figure 2 and 

Figure S5 in Paper III). These unexpected findings regarding binding affinities add to the 

idea that fine-tuning of the geometry of the enzyme-substrate complex, perhaps affecting 

electron transfer paths, determines LPMO specificity.  

In the final study of the thesis, the main goal was to obtain a more detailed structural and 

mechanistic understanding of LPMO10s. The focus was still on cellulose-active LPMOs, as 

these enzymes remained greatly unexplored at the time. In summary, Paper III describes the 

structures of CelS2 (ScLPMO10C) and a second LPMO from S. coelicolor, ScLPMO10B, 

as well as functional studies of these two enzymes addressing activity, metal-binding and 

redox properties. The CelS2 and ScLPMO10B structures were the first to be solved for 
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cellulose-active LPMO10s. Activity experiments showed that the new enzyme, 

ScLPMO10B, has a mixed C1 and C4 activity on cellulose substrates, demonstrating that 

C4 oxidation is not confined to LPMO9s. ScLPMO10B also showed activity on β-chitin, 

with a preference for deacetylated regions of the substrate, but no products were obtained 

from α-chitin. 

Homologues of CelS2 and ScLPMO10B are found in other cellulolytic actinomycetes, 

such as T. fusca, where the corresponding LPMO10s are known as E7 and E8. The 

conservation of these two genes/ proteins indicates that they possibly have co-evolved and 

constitute a pair of enzymes that functionally complement each other. Analysis of the E7 

and E8 pair from T. fusca showed activities that were very similar to the corresponding 

proteins from S. coelicolor (ScLPMO10B and CelS2, respectively). In other words, E7 was 

active on cellulose and β-chitin whereas E8, the activity of which was already described in 

Paper II, showed strict C1-oxidation on cellulose, like CelS2. When the two activities 

(CelS2 and ScLPMO10B or E7 and E8) where combined in a reaction, a clear synergy was 

observed. It does indeed seem like this pair of LPMOs exist to support each other’s activity 

in cellulose degradation, much like what is observed for exo-processive cellobiohydrolases 

and endoglucanases (Henrissat et al., 1985, Nidetzky et al., 1993). There is no obvious 

explanation for the observed synergy. Possibly, the activity of one enzyme provides 

attachment sites for the other enzyme. Another option is that the two enzymes attack 

different parts/sides of the substrate. LPMO substrate hydroxylation generates both soluble 

products and products with higher DP that remain associated with the insoluble substrate. 

Only full degradation of LPMO- treated substrate with GHs can reveal the number of 

oxidative cleavages by the LPMO. In the study performed in Paper III, only the soluble 

fractions were analyzed, and therefore, a third possibility for the observed synergy is that 

the combined activity yields a higher degree of released (soluble) products. A final 

hypothesis could be that the LPMO enzymes themselves act as electron donors for each 

other, thus increasing the overall reducing power in the reaction and thereby the amount of 

released sugars. 

The synergy/complementarity observed for the LPMO pair studied in Paper III may help 

explain the high number of LPMO genes in some microbial genomes. The most obvious 

reason for LPMO multiplicity is that these enzymes act on several substrates. Today, chitin, 

cellulose and β-(1→4)-glucan hemicelluloses have been identified, whereas other substrates 
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are likely to be discovered in the future. Paper III shows that microbes may use several 

LPMOs to simultaneously act on the same substrate. 

Phylogenetic analysis of LPMOs (see Figure 4 in Paper III) revealed three major clusters 

of LPMO10s, which seem correlated to substrate specificity and regioselectivity of the 

hydroxylation they catalyze. The three clusters comprise chitin-active LPMOs, cellulose-

active C1 oxidizing LPMOs and cellulose-active mixed C1/C4 oxidizing (and β-chitin 

oxidizing) LPMOs. The chitin active LPMOs further divide into two sub-groups where 

bacteria from Proteobacteria and Actinobacteria cluster differently (see Figure 4 in Paper 

III). 

Importantly, the two structures of cellulose oxidizing LPMO10s allowed for the first 

time structural comparison of LPMO10s with different substrate specificities and also 

comparison of LPMOs from different families having the same substrate specificity. The 

overall structures of both CelS2 and ScLPMO10B are similar to those of chitin-active 

LPMO10s, but with variation in loop 2 (L2) that comprises almost half of the substrate 

binding surface. In LPMO9s, several aromatic residues are located on the substrate binding 

surface and have been suggested to be involved in substrate binding (Li et al., 2012, Wu et 

al., 2013, Hemsworth et al., 2013b). In the structures determined for LPMO10s (cellulose- 

as well as chitin-active), only one aromatic amino acid (Tyr or Trp) is found on the 

substrate binding surface. This residue has been shown to be important for both binding and 

activity of the chitin active LPMO CBP21 (Vaaje-Kolstad et al., 2005a, Vaaje-Kolstad et 

al., 2005b). 

The active sites of CelS2 and ScLPMO10B both contain the conserved histidines that 

bind copper in the so called ‘histidine brace’ (Figure 17). The histidine brace is conserved 

in all LPMOs, the only variation being methylation of the Nε of the N-terminal histidine in 

LPMO9s expressed in their fungal hosts. The importance of this post-translational 

modification is unclear. Recent modelling studies of the catalytic mechanism [see section 

1.5.6 (Kim et al., 2014)] showed that the methylation plays a minor role. In CBP21 (a 

bacterial LPMO10) isolated from its natural producer organism, S. marcescens and in all 

heterologously expressed LPMOs this posttranscriptional modification is absent (Paper II). 

Some of the other active site residues do differ between CelS2 and ScLPMO10B and all 

other structurally characterized LPMO10s (which all are likely to be active on chitin, based 
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on sequence alignments and phylogenetic clustering) (Figure 3 in Paper III). For the C1/C4 

oxidizing ScLPMO10B, the active site resembles the active site of LPMO9s that, in 

addition to the histidine brace, includes an axial tyrosine (3.3 Å from the copper in 

ScLPMO10B) and a glutamine that interacts with a water molecule occupying the fourth 

equatorial position in the copper-site in some LPMO9 structures. No water molecule ligand 

was present in the ScLPMO10B structure. ScLPMO10B was crystallized in a high acetate 

concentration and an acetate ion close to the copper occupies the solvent facing axial 

position, while its other oxygen extends partially into the fourth equatorial position. The 

CelS2 active site is more similar to those of chitin active LPMO10s (Vaaje-Kolstad et al., 

2005a, Vaaje-Kolstad et al., 2012, Hemsworth et al., 2013a), although differences are found 

in residues that are located close to the active site (Figure 16). For instance, the glutamic 

acid in CelS2 is located on strand nine, but structurally it has the same position as the 

glutamic acid located on strand two in CBP21. Glu217 in CelS2 forms a hydrogen bond 

with Arg212 that fills a surface cavity that is found in the previously determined LPMO10 

structures. This cavity has been suggested to be the dioxygen binding pocket (Hemsworth 

et al., 2013a), but as it is absent in cellulose-active LPMOs it is more likely that the cavity 

in chitin-active LPMO10s interacts with an acetamido group in the substrate during chitin 

oxidation (Figure S8, Paper III). The absence of the cavity in ScLPMO10B, which also 

  

 

Figure 17. Active site of ScLPMO10B (orange) and CelS2 (green). Note the position of 
the acetate ion (white) from the ScLPMO10B structure, which makes up both an axial and a 
skewed equatorial ligand. When overlaid, the CelS2 alanine (Ala142) clearly is too close to 
the acetate ion indicating that the alanine restricts axial access to the copper ion. 
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showed activity on β-chitin, may explain the release of partially deacetylated oxidized 

products, as glucosamine resembles glucose rather than N-acetylglucosamine (the β-chitin 

used in the study had approximately eight percent deacetylated sugars). 

CelS2 crystallized with eight molecules in the asymmetric unit showing variation in 

copper site bond lengths and geometry. All chains showed density in the equatorial position 

(refined as a water molecule) with a 1.6-2.0 Å distance from the copper ion and in 

proximity to the glutamate residue describe above. The average distance of 1.8 Å observed 

is most likely too short for a Cu-OH2 bond, and it is thus possible that the density refined as 

a water molecule may represent a different ligand. The distances resulting from simulation 

of the Cu(II)-oxyl complex (Kim et al., 2014) indicate a bond length in the same range (1.8 

Å), and this distance has also been reported from simulations on other enzymatic and 

synthetic copper hydroxylation reactions (Crespo et al., 2006, Yoshizawa et al., 2006, 

Huber et al., 2009, Kim et al., 2014). However, a Cu(II)-oxyl complex has never been 

experimentally observed in a protein crystal structure and it is thus unlikely that this 

complex is observed in the CelS2 structure. 

As discussed in Paper II, the axial positions in LPMO10s are most commonly occupied 

by two hydrophobic residues, a phenylalanine and an alanine. The alanine has been 

postulated to prevent ligands from binding in the in the solvent-facing axial position, 

rendering dioxygen activation more likely in the equatorial position (Hemsworth et al., 

2013a, Hemsworth et al., 2013b). Dioxygen binding has been proposed to occur from the 

solvent-facing axial position in TaLPMO9A that oxidizes both C1 and C4, and lacks the 

alanine (Kim et al., 2014). In cellulose- oxidizing LPMO10s, this alanine is conserved in 

the active site, but the structural studies described in Paper III revealed that its position 

differs significantly between LPMO10s that are known to oxidize C1 (in cellulose and 

chitin) and ScLPMO10B, which also can oxidize the C4 position (in cellulose). Moreover 

the structure shows that ScLPMO10B coordinates a ligand (acetate) in the solvent-facing 

axial position, despite the presence of the alanine. Comparison of the two structures of 

cellulose-oxidizing LPMO10 shows that the loop hosting the conserved alanine adopts 

different conformations. In ScLPMO10B, Asp146 forces the main chain of the loop into a 

conformation that positions Ala148 2.5 Å away from the position of the corresponding 

alanine (Ala142) in CelS2, allowing sufficient space for a ligand to bind in the solvent-

facing axial position. Asp146 is conserved in LPMO10s that, according to phylogenetic 
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grouping, are likely to exhibit C1/C4 oxidation activity. Importantly, closer inspection of 

available LPMO9 structures revealed a similar scenario where LPMO9s with C4 and C1/C4 

oxidizing activity have an open solvent-facing axial coordination site, whereas LPMO9s 

known to be strict C1 oxidizers have a tyrosine preventing optimal axial access to the 

copper ion (see Figure S15 in Paper III). Thus, the ability to bind a ligand in the axial 

position could be a determinant of C4 oxidizing activity.  

The affinity of LPMOs for copper has been subject of debate especially since Quinlan et 

al. (2011) indicated that LPMO9s have a Kd well below1 nM for this metal ion. Phillips et 

al. (2011) also reported high affinity for the N. crassa LPMOs, but no dissociation 

constants were reported. The first well documented dissociation constant for Cu2+ was 

determined for CBP21, and estimated to be 55 nM at pH 6.5 (Aachmann et al., 2012). 

Subsequently, Hemsworth et al. (2013a) reported a Kd of 6-80 nM for BaLPMO10A in the 

pH range of 5-7. In Paper III, Cu2+ dissociation constants for the two cellulose-active 

LPMOs were measured with ITC at pH 5.5 and determined to be 31 nM (CelS2) and 12 nM 

(ScLPMO10B). Thus, it seems that LPMO10s have comparable dissociation constants for 

Cu2+, regardless of substrate specificity. The limited available data of fungal LPMO9s as 

well as data on the only characterized LPMO11 indicate that fungal LPMOS have a 

somewhat higher affinity for Cu2+ (Quinlan et al., 2011, Hemsworth et al., 2014). The 

copper-binding site of the bacterial copper binding protein CopC, involved in a copper 

resistance response, is very similar to that of the LPMOs. For CopC the Kd for Cu2+ was 

estimated to be in the picomolar range at pH 7.0, using equilibrium ligand competition 

reactions (Zhang et al., 2006). All in all, available data suggest that proteins with seemingly 

very similar copper binding sites may show considerable differences in copper affinity, 

which indicates that binding affinity in not only determined by the copper ligands, but also 

by other macromolecular properties. 

In order to determine the dissociation constants for Cu+, the cell potentials for the 

LPMO10-Cu2+/LPMO10-Cu+ redox couple were determined. The data obtained showed a 

cell potential of 242 mV and 251 mV, for CelS2 and ScLPMO10B respectively. These 

values correspond to an average increase of ~90 mV compared to the redox potential for 

Cu2+/Cu+ in water. By combining the redox potentials and the Cu2+ dissociation constant in 

three thermodynamic relationships the dissociation constant for LPMO-Cu+ could be 

estimated, resulting in values of 1.1 nM for CelS2 and 0.3 nM for ScLPMO10B, 
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respectively. The values for the redox potential and the binding constants for Cu2+ and Cu+ 

are similar to values previously determined for chitin-active CBP21 (Aachmann et al., 

2012). 

Finally, copper coordination in CelS2 and ScLPMO10B was also investigated by EPR 

spectroscopy as a follow up study to Paper II. The EPR spectrum for ScLPMO10B was 

similar to the EPR spectra obtained for other cellulose active LPMOs (AA9 & AA10) even 

though it also can hydroxylate β-chitin. Interestingly, in a Peisach-Blumberg plot 

containing all LPMOs with known EPR parameters and a selection of typical type 1 and 

type 2 copper proteins, the chitin-active LPMO10s grouped differently, displaying a lower 

Az
Cu tensor than cellulose-active LPMOs (from family AA9 and AA10). A common feature 

for chitin-active LPMO10s is the presence of a cavity close to the active site that potentially 

accommodates an N-acetylgroup from the chitin substrate. In the cellulose-active LPMOs 

this cavity is “filled” with a positively charged amino acid side chain (R212 in CelS2 and 

H214 in ScLPMO10B) that contributes to a flat surface topology. This difference in 

electronic environment could perhaps cause the variations that are observed in the ERP 

spectra of chitin- and cellulose-active LPMOs. This hypothesis is only valid for LPMO10s 

since the structure of (chitin-active) AoLPMO11 also shows a cavity adjacent to the active 

site (Hemsworth et al., 2014), but has an EPR signal that resembles those observed for 

cellulose-active LPMOs. It should be noted, however, that the structure of AoLPMO11 is 

incomplete as two loops are missing, including one that likely contributes to the substrate-

binding surface close to the active site. Thus the crystal structure may not reflect the real 

active site structure. 

All in all the data in Paper III provide important novel information on LPMO structure 

and function, and one of its most important conclusions is that there do not seem to be 

fundamental differences between fungal and bacterial LPMOs. LPMOs display a 

continuum of active site configurations, but the observed variations cannot easily be 

coupled to variation in substrate specificities and/or oxidative power. Together, Papers II 

and III suggest that LPMO functionality is determined by variation outside the direct 

copper coordination sphere. 
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4 CONCLUDING REMARKS AND FUTURE PERSPECTIVES 

The discovery of LPMOs, which are able to cleave glycosidic bonds in a crystalline 

context, has changed the paradigm of enzymatic conversion of polysaccharides and thereby 

provided new enzyme tools for biotechnology and biorefining. At this early stage of LPMO 

research, there is a need for fundamental work to unveil the molecular mechanism of these 

enzymes and how they can be exploited in biotechnological processes. The work presented 

in this thesis comprises the discovery and the first characterization of LPMOs from the 

family 10 of auxiliary activities that are active on cellulose substrates. 

In terms of their function in cellulose degradation, this study sheds light on how LPMOs 

influence the activity of GHs and how different LPMOs may work together. In Paper I, the 

first cellulose-active LPMO is described and this enzyme showed synergistic action when 

combined with various cellulolytic glycoside hydrolases. Paper III describes another type of 

synergy observed within a conserved pair of LPMO10s with different regioselectivities of 

hydroxylation. What underlays these synergies is still poorly understood, despite the high 

value of LPMOs for industrial purposes, which is due to the fact that they tend to 

significantly increase the enzymatic hydrolysis rates in the conversion of lignocellulosic 

biomass. Experimental data indicate that synergy is dependent on the type of enzyme, 

enzyme ratios, as well as the type of the substrate, but, for reasons discussed above, it is 

clear that more studies are needed to understand and maximize synergistic effects. One key 

issue, discussed above, will be to create conditions in which all factors potentially limiting 

LPMO activity (e.g. copper concentration, electron availability, substrate concentration, 

damage by H2O2 production) are under control. 

For better design of enzyme cocktail compositions, a good starting point is to study the 

secretomes/transcriptomes of microorganism grown on different biomasses. Such studies 

will increase our understanding of how LPMOs are regulated in nature, i.e. in which phase 

of the degradation process they are expressed, in what quantities, and with which other 

CAZymes, which may give clues to optimal enzyme combinations. A problem that limits 

the value of much of the current knowledge on LPMOs is the use of heavily processed 

substrates. This is a critical aspect, as enzymes may perform differently on model substrates 

than on realistic substrates. Clearly, more applied research on industrially realistic biomass 

substrates is needed. 
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The recent finding of a xyloglucan active LPMO9 and the variation in domain 

composition seen for AA10-type LPMOs (Figure 6) indicate that the substrate spectrum of 

LPMOs may be wider then first anticipated. Such widening may have implications beyond 

biomass processing, as suggested by the fact that AA10 sequences are also found in the 

genomes of organisms that are not obviously connected to biomass deconstruction (e.g. in 

viruses and probiotic bacteria). 

Papers II and III provide a wealth of in-depth structure-function data for cellulose-active 

LPMO10s, without revealing differences that clearly can be correlated to LPMO substrate 

specificity and performance. From available structure data, it seems that LPMOs use a 

continuum of active site configurations, with the histidine brace being the key conserved 

element. Sequence diversity is found outside the direct copper coordination sphere, which 

is likely to affect both substrate affinity and the positioning of bound substrates relative to 

the catalytic center. The latter, combined with variation in the electronic structure of the 

copper site revealed by EPR, may determine LPMO substrate specificity and/or the site of 

oxidation. It is conceivable that precise aligning of a particular substrate affects the copper-

site (geometry, redox potential, electronic structure) and that this is essential for enzyme 

activity. The cavity that is unique for chitin-active LPMO10s and that potentially 

accommodate an N-actetylgroup may be important in this respect. A final, and potentially 

very important, finding described in Paper III concerns the variation in the position of the 

active site alanine, which might determine regioselectivity (i.e. C1 versus C4 oxidation). 

The experimental data and considerations described in Papers II and III provide an 

excellent basis for further work. Most ideas coming out of these papers may be tested 

experimentally by performing site directed mutagenesis experiments and such work is 

currently in progress.  

This thesis represents a step forward in the understanding of how LPMOs operate, 

provides new leads for designing enzyme cocktails, and puts forward novel ideas 

concerning the LPMO reaction mechanism. The current increase in the number of 

researchers pursuing the secrets of LPMOs will surely have a dramatic impact on our 

understanding of this captivating enzyme family in the years to come. 
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Abstract: Bacterial proteins categorized as family 33 carbohydrate-binding modules (CBM33) were
recently shown to cleave crystalline chitin, using a mechanism that involves hydrolysis and oxidation.

We show here that some members of the CBM33 family cleave crystalline cellulose as demonstrated

by chromatographic and mass spectrometric analyses of soluble products released from Avicel or
filter paper on incubation with CelS2, a CBM33-containing protein from Streptomyces coelicolor A3(2).

These enzymes act synergistically with cellulases and may thus become important tools for efficient

conversion of lignocellulosic biomass. Fungal proteins classified as glycoside hydrolase family 61 that
are known to act synergistically with cellulases are likely to use a similar mechanism.

Keywords: CBM33; cellulose oxidation; GH61; cellulose degradation

Introduction

For long the biochemically challenging and economi-

cally important process of enzymatic cellulose degra-

dation was thought to be achieved by the synergistic

action of endo- and exo-acting cellulases.1,2 Still

there have been speculations that other factors may

be involved, in particular factors that would make

the crystalline and recalcitrant polysaccharide more

accessible to the hydrolytic enzymes.1,3–5 In order

for cellulases to act on cellulose chains organized in

a crystalline matrix, the enzyme will need to

‘‘extract’’ several consecutive sugars from their crys-

talline context and bind them in its active site. This

is energetically demanding,6,7 except perhaps for

chain ends that may be present in limiting amounts

in substrates with high crystallinity.

Studies on the enzymatic depolymerization of

chitin, a cellulose analog used as a structural compo-

nent in, for example, crustaceans, insects and fungi,

have shown that, indeed, the concept of synergisti-

cally acting endo- and exo-enzymes may be incom-

plete. Some years ago, it was shown that chitinolytic

bacteria produce proteins classified as family 33 car-

bohydrate-binding modules (CBM33; see Refs. 8,9)

and most importantly, these proteins act synergisti-

cally with chitinases.10,11 In a very recent study, it

was shown that these proteins in fact are enzymes

that cleave chitin chains while still being in their

crystalline context, using an unprecedented mecha-

nism that involves a hydrolytic and an oxidative

step.12 Thus, the CBM33 generates two new chain

ends on the crystalline surface, one normal

Abbreviations: CBM, carbohydrate-binding module; DP, degree
of polymerization; Glc, glucose; GlcA, gluconic acid; GlcLA, glu-
conolactone; HPAEC, high pressure anion exchange chroma-
tography; MALDI-TOF MS, matrix-assisted laser desorption/
ionization time of flight mass spectrometry.
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nonreducing and an ‘‘oxidized reducing end,’’ that is,

an aldonic acid. It was also shown that the activity

of CBM33 proteins could be boosted by adding exter-

nal electron donors such as ascorbic acid.

These observations raise the question whether

there exist proteins that act in a similar way on cel-

lulose. Indeed, several bacteria that are able to de-

grade crystalline cellulose contain multiple CBM33

proteins13,14 and some of these are known to be core-

gulated with cellulases.15,16 Proteins classified as

glycoside hydrolase family 61 (GH61) are structur-

ally similar to CBM3317,18 and are known to act syn-

ergistically with cellulases. However, the potentiat-

ing mechanism of these proteins remains enigmatic

and activity has so far only been shown for rather

complex substrates, that is, not for pure cellulose.17

In this study, we demonstrate that CelS2 from

Streptomyces coelicolor A3(2), a two-domain protein

consisting of a 194-residue CBM33 supplemented

with a well-known 99-residue cellulose-binding do-

main (CBM2), indeed is capable of cellulose cleav-

age, generating oxidized chain ends and boosting

cellulase activity. This is the first time such an activ-

ity is experimentally shown.

Results and Discussion

We have cloned and analyzed the functionality of

CelS2 (Uniprot ID: Q9RJY2) from S. coelicolor A3(2)

consisting of a CBM33 domain and a C-terminal cel-

lulose-binding domain classified as a CBM2. Figure

1 shows high pressure anion exchange chromatogra-

phy (HPAEC) and matrix-assisted laser desorption/

ionization time of flight mass spectrometry (MALDI-

TOF MS) analyses of soluble oligosaccharides

released from Avicel by CelS2 and demonstrates

that this protein cleaves crystalline cellulose by a

mechanism that leads to the formation of oxidized

products. The observed masses [Fig. 1(B,C)] corre-

spond to those for oxidized cello-oligosaccharides and

the detection of the lactone form of the oxidized

cello-oligosaccharides [two atomic mass units

smaller than the native cello-oligosaccharide; Fig.

1(C)] confirms that the CelS2-derived products are

aldonic acids (i.e., analogous to the products detected

for CBM33 enzymes acting on chitin). The MS data

and the chromatogram [Fig. 1(A)] of the oxidized

CelS2-generated products also correlated with what

was observed for in-house generated cello-oligosac-

charide aldonic acids (GlcnGlcA; Supporting Infor-

mation Fig. S1). Figure 1(A and C) reveals the pres-

ence of both native and oxidized cello-

oligosaccharides in the product mixtures. This is

likely due to the low degree of polymerization (DP)

of Avicel (�100; See Ref. 20), which implies that a

soluble native cello-oligosaccharide is generated each

time CelS2 cleaves a chain near the reducing end.

As the CBM33 enzymatic mechanism includes both

a hydrolytic and oxidative step,12 it is also possible

Figure 1. The action of CelS2. Panels A and B show soluble native (Glc3–6) and oxidized (Glc2–6GlcA) cello-oligosaccharides

generated by CelS2 activity on Avicel, as detected by HPAEC (A) and MALDI-TOF MS (B). In panel B, only the major peaks in

each oligosaccharide cluster are labeled. Panel (C) shows details of the mass spectrum for Glc5GlcA. The oxidized

oligosaccharide is observed as sodium and potassium adducts, and as sodium and potassium adducts of the

oligosaccharide sodium/potassium salts, as is commonly seen for carbohydrates containing carboxylic groups.19 Observed

masses (m/z) in the Glc5GlcA cluster are 1011.22 (Glc5GlcLAþNa), 1013.25 (Glc6þNa), 1029.24 (Glc5GlcAþNa), 1045.21

(Glc5GlcAþK), 1051.24 (Glc5GlcA-Hþ2Na), and 1067.23 (Glc5GlcA-HþKþNa). GlcLA indicates the lactone form of the oxidized

cello-oligosaccharide.
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that CelS2 occasionally generates normal reducing

ends, by-passing the oxidative step. This would imply

that the hydrolytic step must be the first in the order

of events. Clarification of this issue awaits further

studies on the catalytic mechanism of CBM33s.

As the solubility of cello-oligosaccharides is low

and as these oligosaccharides tend to remain bound to

the crystalline substrate, it is difficult to show soluble

CelS2-generated products when using substrates with

high DP. Indeed, we detected only very minor

amounts of soluble products on incubation of filter pa-

per (estimated DP �2000; see Ref. 21) with CelS2

under the conditions used for producing Figure 1.

However, by addition of a ‘‘catalytic amount’’ of cellu-

lase activity, the action of CelS2 on filter paper could

be visualized as a ‘‘boosting effect’’ on cellulose degra-

dation, as shown in Figure 2. The data show that the

hydrolytic enzymes become more active as they are

presented to a more amenable substrate resulting

from the action of CelS2. Figure 2 also shows that

this boosting effect is increased in the presence of

reductants, albeit less vigorously than previously

observed for CBM33 proteins acting on chitin.

Interestingly, oxidized soluble products gener-

ated by CelS2 [Fig. 1(A and B)] show a dominance of

products with an even number of sugars. This may

indicate that CelS2 cleavage happens on a well-or-

dered chain, as would be the case when the chain is

in a crystalline context. CBM33s acting on chitin

show similar product patterns.12

These results reveal a new paradigm for enzy-

matic cellulose conversion and perhaps for enzy-

matic conversion of polysaccharides in general. Pro-

teins classified as GH61 seem to be the fungal

counterpart of the bacterial CBM33 proteins, as they

are structurally similar and have a potentiating

effect on cellulases,17 although their mechanism

remains unknown. The fact that such a ‘‘cellulase-

boosting activity’’ not only occurs in fungi (GH61)

but also in bacteria (CBM33) indicates the impor-

tance of this activity in nature. The occurrence of

this activity in bacteria also has practical consequen-

ces as it is easier to produce the bacterial CBM33s

recombinantly, with a cellulase-free background.

One important conclusion from our results is

that CBM33 proteins vary with respect to their sub-

strate specificities. In addition, we note that many

microorganisms contain multiple CBM33 or GH61

encoding genes. Thus, it seems possible that addi-

tional substrate specificities may be discovered in

the future. Another important issue for future stud-

ies is the role of the divalent metal ion which

remains somewhat enigmatic for both CBM33 and

GH61 enzymes.11,17,18 We have used Mg2þ in this

study because an initial screening showed high ac-

tivity when this metal was added. However, several

metals worked well, confirming the apparent prom-

iscuity that has been observed in other studies of

both CBM33s11 and GH61s.17 Purified CelS2

retained considerable activity without the addition

of metals and it is likely that this activity is due to

high affinity binding of another as yet unidentified

metal. Addition of ethylenediaminetetraacetic acid

(EDTA) inhibited the enzyme. Clearly, more work

needs to be done on the role of metals in CelS2, as

well as in other CBM33s and in GH61s.

Finally, and most importantly, the present find-

ings have major implications for further development

of an efficient cellulose-based biorefinery. CBM33 and

GH61 enzymes may turn out to be important tools for

achieving more efficient enzymatic conversion of recal-

citrant lignocellulosic biomass. Further process optimi-

zation work is needed, as it is currently not immedi-

ately obvious what enzyme ratios (i.e., hydrolases

versus CBM33/GH61) lead to optimal conversion rates

and how these ratios depend on the substrate and the

presence of reducing power (in the substrate or exter-

nally added; Forsberg et al., unpublished observations

and Refs. 14,17). Still, there is no doubt that this

novel class of enzymes will play a major role in the

current quest for efficient enzymatic processes for bio-

mass conversion.

Materials and Methods

Cloning, expression, and purification

The gene encoding the mature form of CelS2 (Uni-

prot ID: Q9RJY2; residues 35-364) from S. coelicolor

A3(2) was cloned into the pET-32 LIC vector follow-

ing the instructions provided by the supplier (Nova-

gen). Successful constructs were sequenced for veri-

fication and transformed into E. coli Rosetta DE(3)

Figure 2. Degradation of high-molecular weight filter paper

cellulose by Celluclast (CC), in the presence or absence of

CelS2 and reduced glutathione (RG) as shown by the

increase of soluble cello-oligosaccharides (Glc and Glc2;

converted to total Glc) over time. Under these conditions,

reactions with only CelS2 did not yield detectable amounts

of Glc or Glc2 (not shown). The chitin-active CBM33,

CBP2112 did not affect CC efficiency (not shown). RG had

no effect in reactions with only CC; only one of the two

overlapping curves is shown. Data are mean 6 SD (N ¼ 3);

error bars indicate SD. See the Materials and Methods

section for experimental details.
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cells that were cultured at 37�C, and induced by 0.1

mM isopropyl b-D-1-thiogalactopyranoside (IPTG) at

O.D. ¼ 0.6, followed by 20 h culturing at 20�C and

finally harvesting by centrifugation. Cell pellets

were resuspended in 20 mM Tris-HCl pH 8.0, 100

lM phenylmethylsulfonyl fluoride (PMSF), 0.1 mg/

mL lysozyme (Sigma), and 1U/mL DNAse (Fluka)

and lysed by sonication. Cell debris was removed by

centrifugation and CelS2 was purified by standard

immobilized metal affinity chromatography (IMAC)

purification protocols using the Nickel-NTA IMAC

resin (Qiagen). Purified protein was concentrated

using Sartorius Vivaspin protein concentration devi-

ces with a 10 kDa cutoff. To obtain a native N-termi-

nus, which is crucial for enzyme activity,12 the pure

protein was digested with Factor Xa according to the

instructions supplied by the manufacturer (Nova-

gen). The free His-Tag and Factor Xa were removed

using IMAC chromatography and Xarrest agarose

beads (Novagen), respectively. The buffer of the pure

protein was finally changed to 20 mM Tris pH 8.0.

Processing of the His-Tag and protein purity were

verified by sodium dodecyl sulfate polyacrylamide

gel electrophoresis (SDS-PAGE) analysis. Protein

concentrations were quantified using the Bio-Rad

Bradford micro assay (Bio-Rad).

Chemical oxidation of cello-oligosaccharides to

aldonic acids/lactones
Cello-oligosaccharides were obtained by trifluoroace-

tic acid (TFA) hydrolysis according to the method

described by Wing and Freer22 and lyophilized. The

material was oxidized using a mild oxidation method

that has been shown to selectively oxidize the hemi-

acetal carbon of carbohydrates to generate aldonic

acids.23,24 The oligosaccharide (2.90 g which

included an unspecified amount of salt) was sus-

pended in a minimum amount of water (10 mL) and

mixed with an iodine solution (7.3 mmol iodine in 15

mL methanol). While stirring, a 4% (w/w) solution of

KOH in methanol (48 mL) was added dropwise for

�15 min. The solution was heated to 40�C for 1 h

until the color disappeared. Cooling in the refrigera-

tor overnight yielded a precipitate of white crystals

that was filtered and washed with cold methanol.

Drying in a desiccator gave 0.96 g of off-white crys-

tals. 13C NMR spectra showed the carboxylic carbon

resulting from the oxidation at about 178 ppm (inter-

nal), anomeric carbons at 100–105 ppm, and carbinol

carbons at 60 – 80 ppm. Signals for the hemiacetal

region (91–97 ppm) were low relative to the signal for

the internal C1 carbons at 100–105 ppm (i.e., much

lower than in the nonoxidized material), confirming

that C1 had been oxidized. For assignment of NMR

signals, see Ref. 25; for an example of a study show-

ing that the hemiacetal C1 still would show chemical

shifts in the 91–97 ppm region if another carbon,

such as C6, had been oxidized, see Ref. 26.

Separation and fractionation of cello-
oligosaccharide aldonic acids/lactones

Oligosaccharides and their lactones/aldonic acids

were separated by porous graphitic carbon chroma-

tography run in reverse phase mode on an Ultimate

3000RSLC (Dionex corp.) with a Hypercarb 10 �
150 mm2 (5 lm) column (Thermo Scientific), oper-

ated at 70� with 5 mL/min flow rate, a 693 lL sam-

ple loop, and charged aerosol detection (Corona

Ultra, ESA). The following eluents were used: 0.05%

(v/v) trifluoroacetic acid (A), acetonitrile with 0.05%

(v/v) trifluoroacetic acid (B). Oligosaccharides were

eluted using the following gradient; 100% A for 1.8

min, then a linear gradient running for 25.6 min to

reach 27.5% B, and finally running 24.4 min to

reach 60% B. 60%B was kept for 13.4 min, followed

by a rapid change back to initial conditions, which

was kept for 16.5 min (column reconditioning). Frac-

tions were collected using a 1:20 custom-made post-

column split directing the flow to the detector and

the collecting tubes, respectively. The identities of

the solutes were verified by MALDI-TOF analysis

(using an identical method as described in Ref. 12).

Qualitative analysis of native and oxidized

cello-oligosaccharides
Soluble products generated by CelS2 activity on cel-

lulosic substrates were identified by MALDI-TOF

MS, using previously published methods,12 and by

HPAEC using a Dionex Bio-LC equipped with a Car-

boPack PA1 column operated with a flow rate of 0.25

mL/min 0.1M NaOH and column temperature of

30�C. Cello-oligosaccharides were eluted by applying

a stepwise linear gradient with increasing amounts

of NaOAc, going from 0.1M NaOH to 0.1M NaOH/

0.1M NaOAc in 10 min, then to 0.1M NaOH/0.3M

NaOAc in 25 min and then to 0.1M NaOH/1.0M

NaOAc in 5 min. Column reconditioning was

achieved running initial conditions for 9 min. Eluted

oligosaccharides were monitored by PAD detection.

Chromatograms were recorded and analyzed using

Chromeleon 7.0.

Cellulose degradation experiments

Quantitative assays were performed using 10 mg/

mL filter paper (Whatman no.1) in 20 mM sodium

acetate buffer pH 5.5 in the presence or absence of

40 lg/mL CelS2 and/or 0.8 lg/mL Celluclast (Novo-

zymes). Celluclast is an enzyme cocktail produced by

T. reesei (Rut C-30) where the dominant enzymes

are Cel7A (40–60%), Cel6A (12–20%), Cel7B (5–

10%), and Cel5A (1–10%); see Ref. 27. In reactions

where no CelS2 was present, 40 lg/mL purified bo-

vine serum albumin (BSA) (NEB) was added to

maintain an identical protein load. Qualitative anal-

ysis of soluble products generated by CelS2 alone

was performed by MALDI-TOF MS or HPAEC using
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10 mg/mL Avicel PH-101 (Sigma) as substrate in 25

mM Bis-Tris pH 6.5. Reduced glutathione (0.5 mM)

and ascorbic acid (1.0 mM) were used as external

electron donors in the quantitative and qualitative

experiments, respectively. All reactions contained 1.0

mM MgCl2 and were incubated with shaking at 900

rpm at 50�C. Peak assignments in HPAEC were

based on the use of purified external standards of

native or chemically oxidized cello-oligosaccharides.
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Supporting Information Figure 1. Analysis of an in-house generated aldonic acid standard (Glc4GlcA) generated 

by chemical oxidation of cellooligosaccharides. Note that the efficiency of the oxidation reaction is less than 100% 

and that some components partially co-elute in the subsequent purification step. Consequently, the Glc4GlcA 

sample also contains minor amounts of other compounds such as Glc5, Glc6 and Glc5GlnA. (A) Verification of 

the oxidized oligosaccharide by MALDI-TOF analysis. The mass spectrum shows the K and Na adducts of the 

lactone (Glc4GlcLA), aldonic acid (Glc4GlcA) and the native oligosaccharide (Glc5). Additionally, the K and Na 

adducts of the K and Na aldonic acid salts are observed. A distribution of ions representing the oxidized 

hexameric cellooligosaccharide (Glc5GlcLA/ Glc5GlcA/ Glc6) can also be observed. (B) HPAEC analysis. The 

picture shows an overlay of a chromatogram for the chemically oxidized oligosaccharide (dotted line) with a 

chromatogram for products generated by CelS2 action on Avicel (solid line). The chromatogram of the pentameric 

standard shows the same species as detected by MS analysis: the aldonic acid, the lactone and native form (Nb. 

Formally, the peak labeled Glc4GlcLA must be regarded as “unknown”; the peak was annotated as Glc4GlcLA by 

inference from the mass spectrum of panel A). The absence of the lactone form in the CelS2 product mix is due to 

the slow equilibrium between lactone and aldonic acid at the pH of the reaction (pH 6.5). 
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ABSTRACT: Lytic polysaccharide monooxygenases (LPMOs), found
in family 9 (previously GH61), family 10 (previously CBM33), and the
newly discovered family 11 of auxiliary activities (AA) in the
carbohydrate-active enzyme classification system, are copper-dependent
enzymes that oxidize sp3-carbons in recalcitrant polysaccharides such as
chitin and cellulose in the presence of an external electron donor. In this
study, we describe the activity of two AA10-type LPMOs whose
activities have not been described before and we compare in total four
different AA10-type LPMOs with the aim of finding possible
correlations between their substrate specificities, sequences, and EPR
signals. EPR spectra indicate that the electronic environment of the copper varies within the AA10 family even though amino
acids directly interacting with the copper atom are identical in all four enzymes. This variation seems to be correlated to substrate
specificity and is likely caused by sequence variation in areas that affect substrate binding geometry and/or by variation in a
cluster of conserved aromatic residues likely involved in electron transfer. Interestingly, EPR signals for cellulose-active AA10
enzymes were similar to those previously observed for cellulose-active AA9 enzymes. Mutation of the conserved phenylalanine
positioned in close proximity to the copper center in AA10-type LPMOs to Tyr (the corresponding residue in most AA9-type
LPMOs) or Ala, led to complete or partial inactivation, respectively, while in both cases the ability to bind copper was
maintained. Moreover, substrate binding affinity and degradation ability seemed hardly correlated, further emphasizing the crucial
role of the active site configuration in determining LPMO functionality.

Lytic polysaccharide monooxygenases (LPMOs) make up a
newly discovered group of carbohydrate-active enzymes,

that as of 2013 are classified as auxiliary activities (AA) in the
CAZy database.1 Family AA9, previously classified as glycoside
hydrolase family 61 (GH61), and family AA10, previously
classified as carbohydrate binding module family 33 (CBM33),
use an oxidative mechanism to cleave crystalline polysacchar-
ides such as cellulose and chitin.2−4 Recently, a new family
(AA11) active on chitin that appears to have characteristics of
both AA9 and AA10 has been discovered.5 AA10-type proteins
occur in all domains of life and are best known from work on
bacterial and viral family members, which initially were believed
to be chitin binding proteins lacking a catalytic function.6,7

AA9-type proteins occur in fungi and were originally classified
as glycoside hydrolases because of the observation of a low
endo activity in cellulose degradation.8,9 Most LPMO-
containing organisms encode several LPMOs that are
upregulated when different cellulose or chitin substrates are
used as the sole carbon source, indicating that these enzymes
are important for the organism’s ability to degrade biomass.10,11

The first indications of AA10 enzyme activity were published
in 2005 and 2008; chitin binding protein 21 (CBP21) from
Serratia marcescens and E7 and E8 from Thermobif ida fusca,

respectively, were shown to enhance the enzymatic conversion
of insoluble polysaccharides.12,13 In 2010, Vaaje-Kolstad et al.2

showed that CBP21 is an oxidative enzyme that introduces
chain breaks into crystalline chitin in a reaction dependent on a
divalent metal ion, an external electron donor, and molecular
oxygen. Shortly afterward, it was shown that an AA103 as well
as AA9-type LPMOs4,14−16 could cleave and oxidize cellulosic
substrates. After some initial confusion about the nature of the
divalent metal ion, it has become clear that LPMOs are copper-
dependent enzymes.4,17 In addition to having different substrate
specificities, LPMOs also differ in terms of their preference for
the position of reaction. All AA10 enzymes described so far
oxidize C1, whereas for AA9 enzymes, oxidation has been
reported at C1 and C4 or C6.4,15,16,18

The CBP21 crystal structure was the first LPMO structure to
be determined.19 This AA10 enzyme has a small and globular
structure with a flat binding surface that seems to be adapted to
binding to crystalline parts of the chitin substrate primarily
through polar interactions. The first AA9-type LPMO structure
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to be determined was that of Cel61B from Hypocrea jecorina
(HjAA9B, CAZy abbreviation).20 AA9- and AA10-type LPMOs
have no significant overall sequence identity but are structurally
similar and contain a highly conserved metal binding site in
their catalytic centers.21,22 X-ray crystallography and EPR
studies of AA9-type LPMOs have shown that these enzymes
contain a type 2 copper binding site where the copper has six
ligands. The four ligands in the equatorial plane include
nitrogens from two fully conserved histidine side chains and the
N-terminal amino group, together forming a T-shaped histidine
brace; the fourth equatorial ligand is a water molecule
coordinated by a conserved and functionally important
glutamine.4,9,21,22 The axial ligands are the hydroxyl group of
a conserved tyrosine (i.e., most likely a tyrosinate) and another
water molecule.4 Available structural information for AA10-type
LPMOs also shows or suggests a T-shaped coordination of the
metal, but only involving the equatorial sites. The tyrosine
residue in AA9-type LPMOs is replaced by phenylalanine in
most AA10-type LPMOs; the glutamine coordinating the axial
water is absent, and access to this axial site seems to be
restricted by a side chain (most commonly an alanine
residue).21 Another dissimilarity between the two LPMO
families concerns the N-terminal histidine, which tends to be
methylated (Nε-Me) in AA9-type LPMOs expressed in their
fungal hosts,4,23 whereas such methylation has not been
observed for AA10-type LPMOs [which were all expressed
heterologously (see below)].
Recently, EPR studies of an AA9-type LPMO active on

cellulose (TaAA9A, CAZy abbreviation) and an AA10-type
LPMO with strong affinity for chitin (BaAA10A, CAZy
abbreviation) have revealed differences in the electronic
structures of their copper binding sites.4,21 The AA9-type
LPMO displayed a typical type 2 copper EPR signal based on
the Peisach−Blumberg classifications of type 1 and 2 copper
enzymes. The EPR signal for BaAA10A indicated an
intermediate between type 1 and type 2 copper protein centers.
On the basis of the overall axial envelope of the EPR spectrum,
it was concluded that a type 2 classification is appropriate for
members of the AA10 family; the deviation from standard
values (and from members of the AA9 family) was ascribed to a
distorted coordination geometry, which indeed is visible in
available crystal structures.21 Notably, BaAA10A probably
oxidizes C1 in chitin (there are in fact no activity data for
this enzyme), whereas TaAA9A oxidizes both C1 and C4 or C6
in cellulose (Quinlan et al.,4 whether the enzyme oxidizes C4,
C6, or both is a matter of debate).
These dissimilarities in the EPR signals could reflect inherent

differences that separate LPMOs into two families, AA9 and
AA10, but could also relate to differences in substrate
specificity, catalytic efficiency, and/or oxidation mode. To
address this, we have expressed and analyzed the activity of two
AA10-type LPMOs whose oxidative activity had not been
described previously, one active on chitin (from Bacillus
licheniformis, BlAA10A, CAZy abbreviation) and one active on
cellulose (E8 from T. fusca YX, TfAA10B, CAZy abbreviation).
This then allowed us to compare the sequences (mapped on
available structures) and EPR spectra of four AA10-type
LPMOs, in total, two acting on cellulose and two acting on
chitin. The importance of the Phe/Tyr variation close to the
copper site mentioned above, which may codetermine
differences between members of the AA9 and AA10 families,
was addressed by site-directed mutagenesis of Phe219 in one of

the cellulose-active AA10 LPMOs, CelS2 (ScAA10C, CAZy
abbreviation).

■ MATERIALS AND METHODS
Cloning, Site-Directed Mutagenesis, and Protein

Expression. A DNA fragment encoding CBP21 (residues
1−197) from S. marcescens BJL200 (SmAA10A, UniProt entry
O83009) was cloned into the pRSET B expression vector
(Invitrogen) with its native signal peptide (residues 1−27), as
previously described.19 Full length CelS2 (residues 35−364)
from Streptomyces coelicolor A3(2) (ScAA10C, UniProt entry
Q9RJY2) was cloned into the pET-32 LIC vector (Novagen) as
previously described.3 The N-terminal LPMO domain
(residues 35−230) of CelS2, hereafter termed CelS2-N, was
amplified from the pET-32 LIC_cels2 vector and fused into
linearized pRSET B using the In-Fusion HD cloning kit
(Clontech). The pRSET B vector was precut with restriction
endonucleases (BsmI and HindIII) to remove the nucleotides
encoding the mature CBP21 protein but preserving its signal
sequence for periplasmic expression. The N-terminal LPMO
domain (residues 32−225) of E8 from T. fusca YX (TfAA10B,
UniProt entry Q47PB9), hereafter termed E8-N, was amplified
from genomic DNA (ATCC catalog no. BAA-629D-5), as was
the LPMO from B. licheniformis (BlAA10A, UniProt entry
Q62YN7) (residues 32−203) (genomic DNA, ATCC catalog
no. 14580D-5). Both of these latter LPMOs were cloned
without their natural signal peptide and inserted into the
pRSET B expression vector containing the signal sequence of
CBP21, as described for CelS2-N above. A general drawing of
the constructs and their domains is presented in Figure S1 of
the Supporting Information.
The pRSET B_cels2-n plasmid was used as a template for

site-directed mutagenesis of the conserved phenylalanine
residues near the catalytic site. CelS2-N mutants F219A and
F219Y were generated using the QuikChange II site-directed
mutagenesis kit (Agilent Technologies). After the mutated
expression vectors had been verified by DNA sequencing, they
were transformed by heat shock into chemically competent
One Shot BL21 Star (DE3) cells (Invitrogen).
For protein expression, fresh colonies were inoculated into

LB-Amp (Luria broth medium containing 50 μg/mL
ampicillin) medium and grown at 30 °C for 20 h at 200 rpm,
with the exception of the CBP21-producing strain, which was
grown at 37 °C for 16 h. Cells were harvested by centrifugation,
and periplasmic fractions were prepared by osmotic shocking.24

The periplasmic extracts were sterilized by filtration (0.2 μm)
and stored at 4 °C prior to protein purification.

Purification and Generation of Apoenzymes. CelS2-N
wild type and mutants, E8-N, and BlAA10A were purified using
a two-step protocol, starting with an anion exchange
chromatography step followed by gel filtration. The periplasmic
fraction was adjusted to buffer A [50 mM Tris-HCl (pH 7.5 or
8.5 for the BlAA10A enzyme)] and loaded onto a 5 mL HiTrap
DEAE FF column (GE Healthcare) connected to an ÄKTA
purifier fast protein liquid chromatography system (GE
Healthcare). LPMOs were eluted by applying a linear salt
gradient from 100% buffer A [50 mM Tris-HCl (pH 7.5 or
8.5)] to 50% buffer B (buffer A with 1 M NaCl) over 100 min
at a flow rate of 3 mL/min (200 min at 4.5 mL/min for
BlAA10A). CelS2-N and its mutants and E8-N were eluted at
approximately 12% buffer B, whereas BlAA10A eluted at 8%
buffer B. The LPMO-containing fractions were pooled and
concentrated to <1 mL, using Amicon Ultra centrifugal filters
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(Millipore) with a molecular mass cutoff of 10000 Da.
Subsequently, samples were loaded onto a HiLoad 16/60
Superdex 75 size exclusion column (GE Healthcare), with a
running buffer consisting of 50 mM Tris-HCl (pH 7.5) and 200
mM NaCl, using a flow rate of 1 mL/min. All LPMOs eluted
approximately 75 min after injection.
CBP21 was purified by chitin affinity chromatography using

chitin beads (NEB) equilibrated in 50 mM Tris-HCl (pH 8.0)
and 1 M (NH4)2SO4 and eluted with 20 mM acetic acid (pH
3.6).19

Full length CelS2 from intracellular expression was purified
as described previously,3 using standard immobilized metal
affinity chromatography (IMAC) and the nickel-NTA IMAC
resin (Qiagen) followed by removal of the His tag using Factor
Xa (Novagen). The free His tag and Factor Xa were removed
using IMAC chromatography and Xarrest agarose beads
(Novagen), respectively.
Protein purity was analyzed by sodium dodecyl sulfate−

polyacrylamide gel electrophoresis (SDS−PAGE), and fractions
containing pure protein were pooled and concentrated using
Amicon filters, followed by a change of buffer to 20 mM Tris-
HCl (pH 8.0). Protein concentrations were determined using
the Bradford assay (Bio-Rad).
Apo-LPMOs were generated by incubating 100 μM enzyme

with 400 μM EDTA in 20 mM Pipes buffer (pH 6.5) for 30
min at room temperature. Subsequently, the buffer was
changed to 20 mM Chelex 100 resin (Bio-Rad)-treated Pipes
buffer (pH 6.5), until the EDTA concentration was diluted and
estimated to be <0.1 nM. The protein concentrations were
measured using the Bradford assay.

Product Analysis by MALDI-TOF MS and HPAEC.
Products formed after incubation of the Cu(II)-saturated
LPMOs with various substrates were analyzed using MALDI-
TOF MS. Purified LPMOs at a concentration of 1 μM were
incubated with 1 mg/mL substrate (phosphoric acid-swollen
cellulose, PASC, prepared from Avicel),25 squid pen β-chitin
(France Chitin, Marseille, France), or shrimp shell α-chitin
(Hov Bio, Tromsø, Norway) in 20 mM Bis-Tris buffer (pH
6.0) at 37 °C in the presence of 1 mM ascorbic acid. After
incubation for 16 h, the reaction mixtures were centrifuged at
16100g for 5 min. Samples from the supernatants were mixed
with a 9% solution of 2,5-dihydroxybenzoic acid (DHB) matrix
in a 1:2 ratio, after which the samples were air-dried and
MALDI-TOF MS analysis was performed as described
previously.2

For semiquantitative analysis of the activity of CelS2-N wild
type and mutants, reactions were set up for each enzyme
variant using the conditions described above for PASC
degradation. After incubation for 16 h, soluble oxidized
products were analyzed by HPAEC using a CarboPac PA1
column and a PAD detector as described by Westereng et al.26

Analysis of Substrate Binding by CelS2. One microgram
of full length CelS2 or CelS2-N was incubated with an excess of
substrate [5−15 mg; filter paper (Whatman #1, 50 μm), dried
shrimp shell α-chitin or squid pen β-chitin] in 50 μL of 50 mM
Bis-Tris (pH 6.2) at room temperature with slow inversion of
the tubes. After 3.5 h, the supernatant was removed by
centrifugation and the substrate was washed three times with
500 μL of buffer to remove unspecifically bound enzyme. The
bound enzyme was released by denaturing with SDS when
boiling the substrates in 50 μL of SDS−PAGE sample buffer for

Figure 1. MALDI-TOF MS analysis of LPMO-generated soluble oxidized products. The top two panels show products generated from PASC
degradation by CelS2-N (A) and E8-N (B). The bottom two panels show products generated from β-chitin by CBP21 (C) and BlAA10A (D). The
annotated masses correspond to the potassium adducts of products in the range from DP6 to DP9 of oxidized cello- or chito-oligosaccharides
(Glc5−8Glc1A or GlcNAc5−8GlcNAc1A). The sodium adducts, at values m/z 16 lower, yield approximately equally intense signals. The inset in panel
A shows the different adducts found in an ionic cluster starting with the sodium adduct of the 1,5 δ-lactone, followed by the sodium and potassium
adducts of the aldonic acid, followed by the sodium adducts of the sodium and potassium salts; 100% relative intensity represents 2.2 × 104, 1.5 ×
104, 5.6 × 104, and 5.2 × 104 arbitrary units (a.u.) in panels A−D, respectively.
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10 min. Released proteins, as well as the unbound enzyme
fraction and purified enzyme, were then analyzed on an SDS−
PAGE gel, using Coomassie Brilliant Blue for staining (Bio-
Rad).
Structural Sequence Alignment. PyMod27 was used to

make a structure-based sequence alignment28 of five AA10-type
LPMOs with known structures: EfAA10A (PDB entry 4A02),
BpAA10A (PDB entry 3UAM), VcAA10B (PDB entry 2XWX),
BaAA10A (PDB entry 2YOX), and CBP21 (PDB entry
2BEM). Chitin activity and binding have been described for
all these LPMOs, except for BpAA10A.19,21,29,30 MUSCLE31

was then used to add the sequences of the AA10-type LPMOs
BlAA10A, TfAA10B, and ScAA10C, which are the subjects of
this study.
Electron Paramagnetic Resonance. The EPR spectra

were recorded using a BRUKER EleXsyS 560 SuperX
instrument equipped with an ER 4122 SHQE SuperX high-
sensitivity cavity. Typical settings when recording spectra at 77
K were a microwave power of 0.1−5.0 mW and a modulation
amplitude of 10 G (copper quantification purposes) or 30 K a
microwave power of 0.5 mW and a modulation amplitude of 5
G when using a liquid helium-cooled Oxford ESR900 cryostat.
To estimate the Cu(II) content in the samples, double integrals
of baseline-corrected EPR spectra, recorded for the samples and
a 100 μM Cu(II) standard in 1 M perchloric acid, were
compared.
Apoenzymes were generated as described above and were in

Chelex-treated 20 mM Pipes buffer (pH 6.5). EPR studies
using the standard conditions described below showed that the
apo forms of CelS2-N (enzyme concentration of 108 μM),
CBP21 (108 μM), BlAA10A (88 μM), CelS2-N F219A (108
μM), or CelS2-N F219Y (108 μM) did not contain detectable
levels of Cu(II). For E8-N (31 μM), approximately 22 μM
Cu(II) was detected in the “apoenzyme” (EDTA-treated).
Examples of apo-LPMO EPR spectra are shown in Figure S2 of
the Supporting Information. Then, Cu(II) was added to the
apoenzyme samples to achieve an ∼0.9:1 Cu(II):enzyme ratio.
Subsequently, samples were frozen in liquid nitrogen. All
Cu(II) added, or initially present and added in the case of E8-
N, in the samples could be identified within a margin of error of
∼20%, which is within the expected precision of such analyses.
For some of the samples, it was necessary to subtract a fraction
of the Cu(II) from the buffer EPR spectrum prior to EPR
spectrum simulation (see the simulation parameters listed in
Table 1), indicating that not all Cu(II) remained bound to the
protein upon the making of the frozen EPR samples. The
EasySpin toolbox developed for Matlab was used to simulate
and fit EPR spectra.32

■ RESULTS AND DISCUSSION

LPMO Activity Analysis. The four wild-type LPMOs were
successfully expressed in Escherichia coli. After being purified,
stripped of metal ions, and reconstituted with Cu(II), all
enzymes showed activity on insoluble polysaccharides [activity
measurements on apo-LPMO are not straightforward as it
appears that all LPMOs free of metal ions are able to scavenge
Cu(II) from the substrate and a large excess of EDTA is
required to inhibit oxidation].4,17,29 The N-terminal LPMO
domains of CelS23 and E8,13 called CelS2-N and E8-N,
respectively, produced C1-oxidized cello-oligosaccharides from
cellulose only (panels A and B of Figure 1, respectively),
whereas CBP212 and BlAA10A produced C1-oxidized chito-
oligosaccharides from α- and β-chitin [panels C and D of
Figure 1, respectively (data for α-chitin not shown)], but not
from cellulose. To the best of our knowledge, this is the first
time that oxidative cleavage of chitin and cellulose is shown for
BlAA10A and E8, respectively.
For comparative purposes, full length CelS2 was also

produced and purified.3 Binding studies of CelS2 showed that
full length CelS2 binds to filter paper whereas the truncated
version, CelS2-N, showed barely detectable binding. For CelS2-
N, SDS−PAGE analyses repetitively indicated a minor loss of
protein material (compare the filter paper unbound fraction
with the control in Figure 2, right panel), which could indicate
weak binding, as one would expect considering the detected
activity. Remarkably, both full length and truncated CelS2
showed strong binding to both α- and β-chitin. Whereas it is
well-known that CBM2s, as present in full length CelS2, bind

Table 1. Spin Hamiltonian Parametersa

Cu(II) buffer CelS2-Nb,c E8-Nb CBP21 BlAA10A CelS2-N F219A CelS2-N F219Y

gx 2.059 2.015 2.018 2.039 2.038 2.056 2.048
gy 2.059 2.102 2.103 2.116 2.108 2.058 2.062
gz 2.270 2.267 2.262 2.260 2.262 2.258 2.248
Ax

Cu d 12.3 11.7 6.6 42.3 41.3 1.8 23.0
Ay

Cu d 12.3 17.0 15.3 50.3 48.3 14.0 3.6
Az

Cu d 165 153 156 116 125 170 175
aAssuming collinear g and ACu tensors in all simulations. bThe spectra for CelS2-N and E8-N indicate the presence of free copper, which was
corrected by subtracting 30 and 28% of the Cu(II) signal before simulation of the spectra for CelS2-N and E8-N, respectively. cThe full length CelS2
has EPR parameters identical to those of truncated CelS2-N. dUnits of ×10−4 cm−1.

Figure 2. Binding of CelS2 to various substrates. One microgram of
full length CelS2 (left) or truncated CelS2-N (right) was incubated
with filter paper (FP), α-chitin, or β-chitin for 3.5 h in 20 mM Bis-Tris
buffer (pH 6.2) at room temperature. The SDS−PAGE gels document
the protein content in the supernatant (unbound, UB) or bound to the
substrate (bound, B). The bound protein fraction was released from
the substrate by being denatured via boiling in 50 μL of SDS-PAGE
sample buffer for 10 min. Purified enzymes were used as a control
(ctrl.), not incubated with any substrate, to evaluate protein binding.
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to several insoluble polysaccharides, including chitin and
cellulose,33 the strong binding of CelS2-N to α- and β-chitin
was unexpected, considering the lack of catalytic activity on
these substrates. Upon long incubations (>70 h), we observed
barely detectable amounts of soluble products generated from
β-chitin by both CelS2-N and E8-N (results not shown). Also,
Moser et al.13 have described experiments indicating that E8
could act synergistically with a chitinase, suggesting some
activity on β-chitin. Still, taken together, these results lead to
the important conclusion that the ability to bind the substrate

and substrate activity and/or specificity are not connected. In
other words, the chitin binding demonstrated in Figure 2 is
nonproductive. This suggests that other features, such as the
geometry of the catalytic center or the character of the redox-
active species formed during turnover,22 could determine which
polysaccharides an LPMO can oxidize.

LPMO Sequence Analysis. To provide a structure- and
sequence-based basis for interpreting the divergent functions of
AA10-type LPMOs, a structure-based alignment of all members
of the AA10 family with known structures was made and used

Figure 3. Sequence and structural comparison of LPMO active sites. (A) Structure-based sequence alignment of AA10-type LPMOs. Fully conserved
residues are shown with white letters on a pink background; the Cu-coordinating histidines are marked with pink asterisks, and the phenylalanine
mutated in CelS2-N (F219A and F219Y) is marked with a green asterisk. The three conserved tryptophans in CBP21 are marked by blue asterisks.
Residues highlighted in green are located close to the active site and show variation, potentially determining differences between chitin- and
cellulose-active members of the AA10 family (D). (B) Metal coordination in CBP21 representing the AA10-type LPMOs (PDB entry 2BEM).19 (C)
Copper coordination in TaAA9A representing the AA9-type LPMOs (PDB entry 2YET).4 (D) Expanded view of the active site of CBP21, showing
side chains close to the catalytic center that differ between the chitin-active and cellulose-active members of the AA10 family shown in panel A. Pink
residues are conserved between all members of the AA10 family in this study, and green residues tend to vary between chitin- and cellulose-active
members of the AA10 family. The putative corresponding residues in CelS2 in the unreliable region of the sequence alignment are shown in gray
italics. The naming used in the sequence alignment is that from the recommendations of the CAZy database: SmAA10A, CBP21; TfAA10B, E8;
ScAA10C, CelS2. Abbreviations in panel D: Sm, SmAA10A = CBP21; Sc, ScAA10C = CelS2. Figures were made using PyMOL.38
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to guide alignment of the proteins with unknown structures
included in this study (Figure 3A). The level of sequence
identity between the cellulose-oxidizing and chitin-oxidizing
LPMOs is low (21 and 25% for CelS2-N and CBP21 or
BlAA10A, respectively, and 29 and 31% for E8-N and CBP21
or BlAA10A, respectively), whereas the level of sequence
identity is ∼50% among LPMOs with the same substrate
specificity (46% between the two cellulose-active and 51%
between the two chitin-active members of the AA10 family).
The metal binding histidines (His28 and His114 in CBP21) are
conserved, as are the phenylalanine (Phe187 in CBP21) and
the alanine (Ala 112 in CBP21) that are believed to help in
shaping the copper binding site in AA10-type LPMOs (Figure
3A,B,D).21,22

Notably, several residues close to the copper binding site
seem to differ between the cellulose-active and chitin-active
LPMOs (Figure 3A,D). A residue that could be important for
substrate specificity is Ile180 in CBP21, which is conserved or
replaced by Val in other chitin-active members of the AA10
family. This residue lines a pocket on the enzyme surface in the
direct proximity of the active site. The two cellulose-active
members of the AA10 family contain an arginine at this
position.
Another difference between cellulose-active and chitin-active

LPMOs that possibly relates to substrate specificity stands out.
There are three residues in the N-terminal part of the chitin-
active LPMOs, close to the active site (CBP21 residues Gln57,
Ser58, and Glu60) that all are solvent-exposed and highly
conserved. Because this sequence region is highly diverse
(Figure 3A), the sequence alignment is unreliable, and it is thus
difficult to predict the corresponding residues in the cellulose-
active members of the AA10 family; it is clear though that the
sequences vary in this region.
Additional features appearing from this comparison concern

the catalytic center itself and the flow of electrons to the copper
ion. LPMOs can recruit electrons from a variety of sources,
including cellobiose dehydrogenase.14,15,34 Nothing is known
about how electrons are transferred to and through LPMOs.
The chitin-active LPMOs contain a fully conserved cluster of
three tryptophans that is located directly below the copper
binding site (Figure 3D) and that, by analogy to other redox
enzymes,35,36 could play a role in electron transfer.19,21,22 While
the tryptophan residue closest to the metal site (Trp178 in

CBP21) is conserved in the two cellulose-active LPMOs, the
other two are not (Figure 3A,D). CelS2 has Tyr, Phe, and Trp,
whereas E8 has Tyr, Trp, and Trp.
A potentially important difference between the copper

binding sites of AA9-type and AA10-type LPMOs concerns
the methylation of the N-terminal histidine in the former, a
post-transcriptional modification with unknown function. This
modification has not been observed in heterologously expressed
(and active) LPMOs, including Phanerochaete chrysosporium
AA9D37 produced by Pichia pastoris and the AA10 LPMOs
discussed here, which were all expressed in E. coli. To verify the
state of the N-terminal histidines in the proteins used for the
EPR studies, we analyzed tryptic peptides from recombinantly
produced CelS2-N, E8-N, BlAA10A, and CBP21 and found, as
expected, that none of the N-terminal tryptic fragments were
methylated. Importantly, a similar analysis of CBP21 separated
by SDS−PAGE from a culture supernatant of S. marcescens
grown on chitin did not exhibit methylation of the N-terminal
histidine (results not shown).

EPR Spectroscopy. The resting EPR spectra of the Cu(II)-
charged AA10 LPMOs showed differences between the two
cellulose-degrading enzymes, CelS2-N and E8-N, and the two
chitin-degrading enzymes, CBP21 and BlAA10A (Figure 4).
The EPR spectra of these enzymes have been simulated, and
the estimated spin Hamiltonian parameters are summarized in
Table 1. The g and ACu tensors reflect the active site copper
coordination environment. The simulations indicated slightly
rhombic g tensors for all enzymes, with CelS2-N and E8-N
displaying a higher degree of rhombicity (i.e., a larger difference
between gx and gy) than CBP21 and BlAA10A. The gx,y and
Ax,y

Cu parameters could not be simulated with the same
accuracy as gz and Az

Cu because the EPR lines in the high-field
region are broad and overlap. This is in accordance with what
was observed in the work of Hemsworth et al.21 for BaAA10A,
a chitin binding AA10 from Bacillus amyloliquefaciens.
By plotting Az values versus gz values for several types of

copper-containing proteins and model compounds, Peisach and
Blumberg observed clear grouping of type 1 and 2 copper
proteins.39 The cellulose-oxidizing TaAA9A (gz = 2.27, and
Az

Cu = 162 × 10−4 cm−1)4 falls nicely into the group of typical
type 2 proteins, as do CelS2-N and E8-N (Table 1; gz and Az

Cu

values are very similar to those found for TaAA9A).
Interestingly, the Az

Cu hyperfine splitting for the chitin-

Figure 4. X-Band EPR spectra () with simulations (···) for cellulose-oxidizing (left) and chitin-oxidizing (right) AA10-type LPMOs. The
superhyperfine splitting occurs at approximately 325 mT. An inset of this for CelS2-N is shown in Figure 6. The spin Hamiltonian parameters in the
parallel region are different for chitin- and cellulose-active LPMOs (Table 1). The EPR spectra were recorded at 30 K using a microwave power of
0.5 mW.
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oxidizing LPMOs is substantially smaller than for the cellulose-
oxidizing LPMOs (Table 1; values of 116 and 125 × 10−4 cm−1

vs 153 and 156 × 10−4 cm−1 for the cellulose-active LPMOs).
This places the two chitin-oxidizing LPMOs between the usual
Peisach−Blumberg type 1 and type 2 classifications. The same
was observed for BaAA10A (gz = 2.25, and Az

Cu = 135 × 10−4

cm−1),21 which has a sequence 49% identical to that of CBP21
(Figure 3A). Hemsworth et al.21 noted that although BaAA10A
falls between the usual Peisach−Blumberg classifications of type
1 and type 2 copper enzymes, the overall axial envelope of the
EPR signal would suggest that a type 2 classification is
appropriate.21,39

Another difference between the cellulose and chitin-active
enzymes is that the CelS2-N and E8-N EPR spectra show
superhyperfine splitting on the order of 11−16 × 10−4 cm−1

that is likely to originate from at least two nitrogen atoms
coordinating the copper atom (an example is shown for CelS2-
N in Figure 4, left). Such superhyperfine splitting is virtually
absent from the spectra for the chitin-active LPMOs (Figure 4,
right), and this can indicate differences in active site g strain and
A strain. The physical origin of g and A strain lies in
distributions of spin Hamiltonian parameters (i.e., the
orientation of the paramagnetic centers) caused by the
structural flexibility of the active site. Because cellulose-active
LPMOs have less g and A strain than the chitin-active enzymes,
they are more likely to have more structurally defined Cu(II)
environments.
It has previously been suggested that the observed differences

in the electronic structures of TaAA9A4 and BaAA10A21 are
due to inherent differences between AA9-type and AA10-type
LPMOs.21 Our data suggest that these previously observed
differences are not family-dependent. Instead, they may relate
to substrate specificity and/or other aspects of the catalytic
features of the enzymes (see below for further discussion).
Site-Directed Mutagenesis of CelS2-N. All four AA10-

type LPMOs investigated have a phenylalanine reaching out
from the enzyme core toward the copper ion, independent of
the substrate preference. While this is a conserved residue in
AA10-type LPMOs, it tends to be a tyrosine in AA9-type
LPMOs, including TaAA9A [Tyr196 (Figure 3C)], though it
should be mentioned that a minor number of members of the
AA10 family have a tyrosine and those of the AA9 family have a
phenylalanine. To gain insight into the importance of this
residue, CelS2-N mutants F219A and F219Y were generated
[Phe219 corresponds to Phe187 in CBP21 (shown in Figure
3B)]. The mutants were expressed at levels comparable to that
of the wild type and purified in the same way. The activity of
the mutants was analyzed by MALDI-TOF MS and HPAEC.
The F219Y mutant showed no activity, whereas the F219A
mutant showed reduced activity (Figure 5). The amount of
soluble products obtained upon PASC degradation suggested
that the F219A mutant has a relative activity of approximately
15% compared to that of the wild-type enzyme. These data
show that the aromatic ring of Phe219 is not essential for
LPMO activity, although it does contribute. It is interesting that
the mutation of Phe219 to Tyr, which is present in almost all
members of the AA9 family at this position (Figure 3C), was
detrimental to activity.
We also investigated copper coordination for the CelS2-N

mutants using EPR. The overall EPR envelopes (Figure 6) for
the F219 mutants are similar to that of the wild type, with lower
gz and higher Az

Cu values. The data clearly show that the copper
site remains intact in both mutants, although with minor

modifications (see values in Table 1). For inactive CelS2-N
F219Y, the superhyperfine splitting is even more prominent
than for wild-type CelS2-N (Figure 6).

■ CONCLUDING REMARKS
In this study, we demonstrate the activity of two members of
the AA10 family, whose catalytic action has not previously been
described, BlAA10A, which oxidizes chitin substrates, and the
catalytic LPMO domain of E8 (TfAA10B), which oxidizes
cellulose. This allowed us to conduct a comparative study of
four AA10-type LPMOs, two acting on chitin and two acting on
cellulose.
Substrate binding studies with CelS2 and CelS2-N yielded

remarkable results in which both showed strong binding to
chitin, on which the enzymes are not active, and weaker and
almost no binding to cellulose, on which the enzymes are
active. Notably, when LPMO functionality is being assessed, it
is important to realize that functional studies normally are
conducted with non-natural (i.e., heavily processed) substrates
that may be both heterogeneous and structurally dissimilar
from “real life”. In any case, the data for CelS2 clearly show that
differences in the ability to bind certain substrates cannot
explain differences in the substrate specificity of catalytic action.
All in all, our data suggest that variation in the substrate
specificity of LPMOs is determined by the copper active site
configuration (because we did observe differences by EPR)
and/or the geometry of the enzyme−substrate interaction.
Both are conceivably affected by sequence variations directly
adjacent to the copper binding site, as discussed above. There
are major variations in residues possibly involved in
determining substrate specificity (Figure 3D), and there are
variations in a cluster of conserved aromatic residues, including
Trp178/210 and possibly extending to Phe187/219 (Figure
3D), that may be involved in electron transfer.21

The EPR data show that there is considerable variation in the
copper-coordinating environments of AA10-type LPMOs.
Importantly, the EPR spectra of cellulose-active AA10-type

Figure 5. HPAEC chromatograms of oxidized products generated by
variants of CelS2-N. Products were analyzed after incubation of CelS2-
N wild type or CelS2-N F219A with PASC in 20 mM Bis-Tris (pH
6.0) at 37 °C for 16 h in the presence of 1 mM ascorbate: (···) CelS2-
N wild type and () CelS2-N F219A mutant. The peak labeled Glc6
is the result of a cleavage near the reducing end of the polymer. Such
sugar moieties will not contain any oxidized functional groups when a
C1-oxidizing LPMO interacts with cellulose. Shorter oligomers were
also observed prior to the 16 min elution time but were omitted from
the figure for the sake of clarity. The peak labeled DHA eluting right
after Glc5GlcA corresponds to dehydroascorbate.
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LPMOs are very similar to the EPR spectrum of the cellulose-
active AA9-type LPMO TaAA9A,4 despite the fact that this
AA9 enzyme shows some structural differences in or close to
the copper binding site. First, the N-terminal copper-
coordinating histidine is methylated, which is not the case in
the AA10 LPMOs. Second, a conserved Phe in AA10 LPMOs,
with its Cζ atom located 4.0 Å from the metal ion in CBP21
(Figure 3B), is replaced by a Tyr in most AA9-type enzymes,
with its hydroxyl group 2.8 Å from the metal ion (Figure 3C).
The tyrosine residue [Tyr196 in TaAA9A (Figure 3C)] may
not be as important as anticipated, because the distance
between the tyrosine/tyrosinate in TaAA9A is longer (2.8 Å)
than the average 2.38 Å Cu−OTyr bond.40 Moreover, while
mutation of Phe219 to Tyr in CelS2 inactivated the enzyme,
the EPR spectrum showed that the copper site remained intact,
although with minor modifications. There is no crystal structure
for CelS2 or any other cellulose-active AA10 to conclude if
there is sufficient space for the added hydroxyl group, which
may be the reason why CelS2-N F219Y is inactive. Other
mutations (Phe219Ala in this study and Tyr153Phe in TtAA9E
described by Harris et al.9) indicate that neither the Phe in
AA10-type LPMOs nor the Tyr in AA9-type LPMOs is
absolutely necessary for activity.
While our data show that there is a correlation between EPR

observable variation in the copper binding sites and variation in
LPMO functionality, more work needs to be done before the
structural basis of LPMO substrate specificity and oxidative
power can be unraveled in detail.
As stated by Hemsworth et al.,21,22 there are clear differences

between the active sites of AA10 and AA9. One such difference
concerns the steric congestion caused by conserved hydro-
phobic amino acid sides (Ala112 and Phe187 in CBP21),
possibly forcing the substrate to bind solely in the equatorial
positions. Our results suggest that the presence of these
residues does not determine substrate specificity, which rather
seems to be determined by variation at positions that are
slightly more remote from the catalytic center. One would
certainly expect the structural differences in the copper binding
sites themselves to have effects, but these apparently cannot be
detected by EPR (or in terms of variation in substrate
specificity). Several monomeric copper−oxygen species are
known and proposed to be capable of sp3 carbon oxidation,22,41

and it is possible that the AA9 and AA10 enzymes differ in
terms of how they are generated. Recently, Kim et al. showed,
using quantum mechanical calculations, that oxygen binds end-

on (η1) to copper and that a copper-oxyl-mediated oxygen
rebound mechanism is energetically preferred on an AA9-type
LPMO.42 It would be interesting to undertake same analyses of
the oxygen activation process for members of the AA10 family
with varying substrate specificities and compare C1-oxidizing
members of the AA9 and AA10 families with similar substrate
specificities.
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Figure S1. General drawing of the constructs and the domain architecture of the LPMOs in this 

study. CBP21 and BlAA10A are single domain proteins whereas CelS2 and E8 have a C-

terminal family 2 carbohydrate-binding module (CBM2). The catalytic LPMO domain (blue) of 

all enzymes were cloned into the pRSET B expression vector using the native signal sequence 

from CBP21 (green) for periplasmic expression.1 The expressed proteins are marked with bold 

letters. Full length CelS2* was cloned into the pET-32 LIC system with an N-terminal his-tag 

that was removed using Factor Xa after IMAC purification as described previously.2  



 

Figure S2. X-band EPR spectra for cellulose oxidizing apo (black) and Cu(II)-charged (blue) 

CelS2 (top) and chitin oxidizing apo (black) and Cu(II)-charged blue CBP21 (bottom). The EPR 

spectra were recorded at 77 K using a microwave power of 1 mW for apo-samples and 0.5 mW.  
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For decades, the enzymatic conversion of cellulose was thought to
rely on the synergistic action of hydrolytic enzymes, but recent
work has shown that lytic polysaccharide monooxygenases (LPMOs)
are important contributors to this process. We describe the structural
and functional characterization of two functionally coupled cellulose-
active LPMOs belonging to auxiliary activity family 10 (AA10) that
commonly occur in cellulolytic bacteria. One of these LPMOs cleaves
glycosidic bonds by oxidation of the C1 carbon, whereas the other can
oxidize both C1 and C4. We thus demonstrate that C4 oxidation is
not confined to fungal AA9-type LPMOs. X-ray crystallographic
structures were obtained for the enzyme pair from Streptomy-
ces coelicolor, solved at 1.3 Å (ScLPMO10B) and 1.5 Å (CelS2 or
ScLPMO10C) resolution. Structural comparisons revealed differen-
ces in active site architecture that could relate to the ability to
oxidize C4 (and that also seem to apply to AA9-type LPMOs). De-
spite variation in active site architecture, the two enzymes
exhibited similar affinities for Cu2+ (12–31 nM), redox potentials
(242 and 251 mV), and electron paramagnetic resonance spectra,
with only the latter clearly different from those of chitin-active
AA10-type LPMOs. We conclude that substrate specificity depends
not on copper site architecture, but rather on variation in substrate
binding and orientation. During cellulose degradation, the mem-
bers of this LPMO pair act in synergy, indicating different func-
tional roles and providing a rationale for the abundance of these
enzymes in biomass-degrading organisms.

GH61 | CBM33

The enzymatic conversion of plant biomass is an issue of major
scientific and commercial interest. Although this process

originally was thought to involve only hydrolytic enzymes, such
as cellulases, we now know that oxidative enzymes called lytic
polysaccharide monooxygenases (LPMOs) play an important
role (1). Using powerful oxidative chemistry (2, 3), LPMOs cleave
glycosidic bonds in polysaccharides that are inaccessible to cleav-
age by hydrolytic enzymes, such as endoglucanases and cellobio-
hydrolases. By increasing substrate accessibility, LPMOs boost the
overall efficiency of enzymatic degradation of insoluble polysac-
charides (4–6). Indeed, the latest generation of commercial cellu-
lase mixtures for processing of lignocellulosic biomass benefits
from the presence of LPMOs (7).
In the CAZy database (8), LPMOs are classified into the

auxiliary activity (AA) families 9 (AA9; previously known as
GH61), 10 (AA10; previously known as CBM33), and 11 (AA11)
(9). Families AA9 and AA11 comprise fungal enzymes, whereas
family AA10 comprises enzymes from all domains of life. Here-
inafter, these three families are referred to as LPMO9, LPMO10,
and LPMO11, respectively. Members of these families share low
sequence identity, but have similar Ig-like folds with a flat substrate-
binding surface. The solvent-exposed active site contains two his-
tidines that coordinate a copper ion in a histidine brace (2, 10, 11).

The role of the copper ion is to reduce dioxygen, which requires
electrons from an external electron donor. The reduced dioxygen
likely abstracts a hydrogen from the substrate, which eventually
leads to cleavage of the β-1,4 glycosidic linkage (12–14). As a result
of this reaction, a carbon in the scissile glycosidic bond is oxidized.
Some LPMOs exclusively oxidize C1, others exclusively oxidize C4,
and a third group can oxidize either C1 or C4 (13, 15). The latter
LPMO group can generate “double-oxidized” products that are
formed when a polysaccharide chain is cleaved twice, once with
C1 oxidation and once with C4 oxidation (13). The reaction
products are either δ-1,5 lactones, which may be hydrated to form
aldonic acids (C1 oxidation) (5, 16), or 4-ketoaldoses, which may
be hydrated to form gemdiols (C4 oxidation) (17). Notably, the
existence of other types of non-C1 oxidation has been suggested
(10, 12). Based on previous studies (15, 17) and experimental
evidence presented here, and for the sake of simplicity, only C4
oxidation is considered hereinafter.
The abundance of LPMOs in the genomes of biomass-degrading

organisms (18), expression data (19), and functional studies (5, 6)
demonstrate the great importance of LPMOs in biomass process-
ing. Thus, studying the structure and function of these enzymes is
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The discovery of lytic polysaccharide monooxygenases (LPMOs)
has profoundly changed our understanding of the enzymatic
conversion of recalcitrant polysaccharides, such as cellulose.
Although in-depth studies of fungal cellulolytic LPMOs have
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of interest. Fungal LPMO9s have been relatively well studied and
are known to act on cellulose and oxidize C1, C4, or both (11, 13).
In contrast, little is known about bacterial cellulose-degrading
LPMO10s. Oxidative cleavage of cellulose has been described
for only two enzymes, both oxidizing C1 (16, 20), and no struc-
tural information is available. All LPMO10s with known struc-
tures act on chitin and oxidize C1. This lack of information limits
our understanding of bacterial cellulose degradation as well as
LPMO functionality and diversity.
The dominant bacterial genus responsible for aerobic biomass

decomposition in soil is the Gram-positive Streptomycetes (21).
A recent secretome/transcriptome study showed that Streptomy-
ces sp. SirexAA-E (ActE) secretes a plethora of enzymes tar-
geting carbohydrates, including abundantly expressed LPMO10s
(19). Two of its six LPMOs (SACTE_3159 and SACTE_6428)
were up-regulated and secreted during growth on pure cellulosic
substrates or plant biomass, and three other LPMOs were up-
regulated when chitin served as the substrate (19). Homologs of
SACTE_3159 and SACTE_6428 in the well-studied cellulolytic
bacterium Thermobifida fusca YX, known as E7 and E8, are also
up-regulated during growth on cellulose (22). Homologs of this
pair of putative LPMOs also exist among the seven LPMOs en-
coded in the Streptomyces coelicolor A3 (2) genome (ScLPMO10B
and CelS2, respectively; the formal name of CelS2 is ScLPMO10C).
Previous studies have indicated that CelS2 is coexpressed with a
cellulase (23), and we previously showed that CelS2 is a C1-oxidizing
LPMO acting in synergy with cellulases (16). The enzymatic
properties of other bacterial LPMOs putatively acting on cellu-
lose, and the functional significance of the coexpression of
CelS2-ScLPMO10B-like pairs of LPMOs, have not yet been
described.

Here we show that ScLPMO10B (and E7) are C1- and C4-
oxidizing LPMOs that complement the activity of C1-oxidizing
CelS2 (and E8), yielding synergy when combined in a reaction.
We also present the X-ray crystallographic structures of both
S. coelicolor enzymes, that is, the first structures of bacterial cel-
lulose-degrading LPMOs. The analysis and comparison of these
structures is supported by studies of copper binding by iso-
thermal titration calorimetry (ITC), determination of the redox
potentials (E°), and analysis of copper coordination by electron
paramagnetic resonance (EPR) spectroscopy.

Results
Enzyme Activity. Five LPMOs were produced and characterized:
CelS2 from S. coelicolor (comprising an LPMO domain and
a family 2 carbohydrate-binding module termed CBM2), the
N-terminal LPMO domain of CelS2 (CelS2-N), the N-terminal
domain of E8 (E8-N), and the single-domain proteins ScLPMO10B
and E7. Studies with phosphoric acid swollen cellulose (PASC)
and Avicel found that CelS2, CelS2-N, and E8-N generated C1-
oxidized products only, whereas ScLPMO10B and E7 showed
a different product profile (Fig. 1 and SI Appendix, Fig. S1). Chro-
matographic peak assignments from a recent in-depth study
of a C4-oxidizing LPMO9 (17) allowed identification of the
additional products generated by these latter two enzymes
as C4-oxidized (4-ketoaldoses) and double (C4/C1)-oxidized
cello-oligosaccharides (SI Appendix, Fig. S2). MS data support
this conclusion (Fig. 1).
To verify the presence of double-oxidized products, we de-

graded soluble products formed by ScLPMO10B, E7 or CelS2-N
(negative control) with a cellobiohydrolase, followed by C1 oxida-
tion by cellobiose dehydrogenase from Myriococcum thermophilum

Fig. 1. Comparison of the two cellulose-active LPMOs from S. coelicolor in PASC degradation. (A) High-performance anion-exchange chromatography
product profile for CelS2-N (dotted chromatogram) and ScLPMO10B (solid chromatogram). Peaks were annotated using native and C1-oxidized standard
cello-oligosaccharides (16), and products were compared with those obtained previously with C4-oxidizing NcLPMO9C (17) (SI Appendix, Fig. S2). (B and C)
MALDI-TOF MS analysis of products generated by CelS2 (B) and ScLPMO10B (C), with sodium saturation. (Insets) Details of the heptamer ion clusters. (D)
Possible products in these clusters. Both B and C show the lactone or ketoaldose (1173), the aldonic acid or gemdiol (4-ketoaldose + water:1191), and the
sodium adduct of the aldonic acid sodium salt (1213). C also shows native Glc7 (1175), the double-oxidized heptamer (1189), and the sodium adduct of the
sodium salt of the double-oxidized heptamer (1211). Here 100% relative intensity represents 4.2 × 104 arbitrary units (a.u.) for the full spectra and 2.8 × 104

a.u. for the spectra in the Insets. Similar results for the E7/E8 enzyme pair are shown in SI Appendix, Fig. S1.
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(MtCDH). As expected, peaks assigned as double-oxidized dis-
appeared after cellobiohydrolase treatment, whereas double-
oxidized products, resulting from C1 oxidation of C4-oxidized
fragments, were detected again after subsequent treatment with
MtCDH (SI Appendix, Fig. S3). Taken together, these data clearly
show that ScLPMO10B and E7 have mixed activity, yielding C1-
and C4-oxidized products. Double-oxidized products and native
oligomers alike are the result of two oxidative cleavages in the
same polysaccharide chain (one C1 and one C4) with different
outcomes, whereas for all LPMOs, native oligomers also result
from oxidative cleavage near an original chain end (24).
ScLPMO10B and E7, but not CelS2 and E8-N, also showed

activity on squid pen β-chitin (SI Appendix, Fig. S4), whereas no
products were obtained from crab shell α-chitin. The product
profiles differed from those previously described for chitin-active
LPMOs (5, 9), in that considerable amounts of partially deace-
tylated oligomers were produced. This indicates that the en-
zymes also (or preferably) act on deacetylated regions of the
substrate, which notably resemble cellulose rather than fully
acetylated parts.
Product formation over time was assessed by incubating CelS2,

CelS2-N, and ScLPMO10B with PASC, individually or in com-
bination. Clear synergistic effects were observed after CelS2 and
ScLPMO10B were combined in the same reaction (Fig. 2 and SI
Appendix, Fig. S5). A similar effect was seen when E7 and E8
were combined (SI Appendix, Fig. S6).

Three-Dimensional Structures of CelS2 and ScLPMO10B. The struc-
ture of ScLPMO10B was determined to 2.1 Å using zinc single-
wavelength anomalous diffraction. The partially refined structure
was then used as a search model for molecular replacement to
obtain the structures of ScLPMO10B with zinc (1.4 Å) and
copper (1.3 Å), as well as the structure of CelS2-N with copper
(1.5 Å). Statistics for diffraction data and structure refinement
are summarized in SI Appendix, Table S1. Both ScLPMO10B and
CelS2 have the Ig-like β-sandwich fold observed in other LPMO
structures, which also includes the sequence-disparate family
AA9 LPMOs (Fig. 3 and SI Appendix, Fig. S7). The family AA10
LPMOs consist of a distorted β-sandwich comprising two β-sheets,
one containing three antiparallel strands (S1, S4, and S7) and

the other containing four antiparallel strands (S5, S6, S8, and
S9). Additional strands adorn the four-stranded sheet in either
an antiparallel (S2) or parallel (S3) fashion. The β-sandwich
contains several conserved aromatic residues, potentially con-
tributing to the electron transfer pathway necessary for reduction
of the copper ion.
Structural diversity in both AA10 and AA9 families is confined

mainly to the region between strands S1 and S3, known as loop 2
(L2 loop) in LPMO9s. This region forms a large protuberance,
which in LPMO10s contains several helices and contributes to at
least 50% of the putative substrate-binding surface. As shown in
Fig. 3, the L2 loops of the two cellulose-active S. coelicolor
LPMOs are larger than the L2 loop of the archetypal chitin-
active SmLPMO10A (CBP21). A similarly small L2 loop is present
in chitin-active EfLPMO10A (4AO2) (25), whereas the L2 loop
in BaLPMO10A (2YOY, which probably is chitin-active) (3, 26)
is larger. Both S. coelicolor LPMOs have two disulfide bridges in
the L2 region (SI Appendix, Fig. S7). One of these disulfide
bridges links helix H1 to helix H1.1, which is conserved in
CBP21, and the other tethers the L2 loop to the four-stranded
β-sheet (via strand S9). The BaLPMO10A and EfLPMO10A
structures do not contain any disulfide bridges. Relative to
CBP21, CelS2 and (by inference from sequence alignment) E8
(SI Appendix, Fig. S7) have an insertion between strand S6 and
S7 that contributes to the putative binding surface and corre-
sponds to an area designated the LS loop in LPMO9s (27).
Aromatic residues are often involved in enzyme–carbohydrate

interactions and are indeed found on the surface of LPMO9s in
conformations (i.e., rings parallel to the binding surface) that
suggest a role in substrate binding (13, 27). The two S. coelicolor
LPMO10s have only one aromatic residue with a ring parallel to
the binding surface, in structurally equivalent positions, Tyr79 in
CelS2 and Trp88 in ScLPMO10B (Fig. 3). This single aromatic
residue is conserved and positioned similarly in essentially all
LPMO10s with known structures, including Tyr54 in CBP21
(2BEM) (28), Trp58 in EfLPMO10A (4A02) (25), and Trp50 in
BaLPMO10A (2YOW) (3). The binding surfaces of chitin-active
LPMO10s have a cavity close to the catalytic center that has been
postulated to accommodate dioxygen (3); this cavity is absent in
the cellulose-active LPMO10s (Fig. 3 and SI Appendix, Fig. S8).

Copper Site. The copper site of ScLPMO10B is highly similar to
that of the C1/C4 cellulose-oxidizing LPMO9A from Ther-
moascus aurantiacus (TaLPMO9A) (10) and exhibits an octa-
hedral coordination geometry with Jahn–Teller distortion (Fig.
3). Three equatorial ligands form a “histidine brace” (10) com-
posed of His43, His150, and the N-terminal amino group
(His43). An acetate ion occupies the solvent-facing axial posi-
tion, while its other oxygen extends partially into the fourth
equatorial position (SI Appendix, Fig. S9). The axial position on
the protein-facing side is occupied by the hydroxyl group of
Tyr219 at a distance of 3.3 Å. A third histidine, His214, stabilizes
His150 through π–π interaction, as seen in TaLPMO9A (His164
stabilizes His86) (10). Ala148, which is highly conserved in
LPMO10s, has been suggested to restrict access to the solvent-
facing axial position (3) and is present in ScLPMO10B as well.
In contrast, the copper site of CelS2 is similar to that of chitin-

active LPMO10s (3, 25, 28) (Fig. 3), clearly showing that the
active site features found in ScLPMO10B, and first described for
TaLPMO9A (10), are not essential for activity on cellulose.
Minor differences between CBP21 and CelS2 occur directly
outside the copper coordination shell; Glu60 (CBP21, strand 2)
and Glu217 (CelS2, strand 9) are at structurally equivalent
positions but located at different positions in the protein
sequences. In CelS2, this glutamate has a hydrogen bond with
Arg212, which fills in the cavity typically seen in the chitin-active
LPMOs (Fig. 3 and SI Appendix, Fig. S8). Interestingly, the eight
molecules in the asymmetric unit show variation in copper

Fig. 2. Time course of released oxidized (A) and native (B) cellobiose after
incubation of 1 μM LPMO (CelS2, CelS2-N, or ScLPMO10B) or a mixture of 0.5
μM CelS2 and 0.5 μM ScLPMO10B with 2 g/L PASC and 2 mM ascorbic acid in
20 mM ammonium acetate buffer (pH 6.0). Before analysis, oligomeric
products generated by the LPMOs (Fig. 1A) were converted to shorter
fragments by treatment with a cellobiohydrolase to facilitate product
quantification. In the sample with the highest sugar concentration (i.e.,
CelS2 + ScLPMO10B; 3 h), the amounts of cellobionic acid (GlcGlc1A) and
cellobiose (Glc2) represent 2.4% ± 0.2% and 7.5% ± 0.1% conversion, re-
spectively, of the substrate. Glc2Glc1A was an additional minor end product,
and the Glc2Glc1A: GlcGlc1A ratio was approximately constant. Control
experiments (dose–response curves for the individual LPMOs) are shown in SI
Appendix, Fig. S5. SDs were calculated based on three independent reactions.
Similar results for the T. fusca LPMO pair are shown in SI Appendix, Fig. S6.
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coordination and ligand bond lengths that may reflect variation
in the oxidation state of the copper (SI Appendix, Fig. S10); see
Hemsworth et al. (11) for a discussion. All chains (A–H) show
density (refined as a water molecule) in the equatorial position
located 1.6–2.0 Å from the copper and in close contact with
Glu217 (2.7 Å). Chains E and G have additional density (refined
as water) positioned 2.4–2.9 Å from the copper, askew from the
axial position. Electron density has been observed in the same
position for EfLPMO10A containing oxidized copper (Cu2+)
(PDB ID code 4ALC) (11). We note that the average distance
between the density in the equatorial position (refined as water)
and copper is 1.8 Å (SI Appendix, Fig. S10), and that this distance
corresponds to that of the Cu(II)-oxyl species described in a re-
cently suggested catalytic mechanism for LPMOs (1.8 Å) (14)
and in other studies (1.8–1.9 Å) (29–31).

Metal Binding, Redox Potential, and EPR Spectroscopy. ITC-mea-
sured dissociation constants were 31 nM for CelS2-Cu2+ and 12
nM for ScLPMO10B-Cu2+ (SI Appendix, Fig. S11 and Table 1).
Redox potentials of 242 ± 7 mV for CelS2 and 251 ± 15 mV for
ScLPMO10B were determined as described previously (2) and
shown in SI Appendix, Fig. S12. Combining the redox potentials
and dissociation constants for Cu2+ in three thermodynamic
relationships (SI Appendix, Fig. S12) allowed estimation of the
dissociation constants for reduced copper (Cu+), resulting in
values of 1.1 nM for CelS2 and 0.3 nM for ScLPMO10B.
Copper coordination was studied by EPR spectroscopy (SI

Appendix, Fig. S13). The EPR spectra were simulated; the esti-
mated spin Hamiltonian parameters are summarized in Table 2.
The g and ACu tensors reflect the active site copper coordina-
tion environment, and of these the gz and ACu

z tensors could be
modeled with greatest accuracy (3). The gz and ACu

z tensors of
CelS2 (gz = 2.267; ACu

z = 153 ∙ 10−4 cm−1) and ScLPMO10B

(gz = 2.270; ACu
z = 158 ∙ 10−4 cm−1) were similar and resemble those

reported previously for cellulose-active TaLPMO9A (gz = 2.27;
ACu

z = 162 ∙ 10−4 cm−1) (10). Interestingly, chitin-active LPMO10s
showed a lower ACu

z tensor (SI Appendix, Fig. S14).

Discussion
All of the LPMO10s that were characterized before the present
study are C1 oxidizers (5, 16, 20, 25), whereas the family of
cellulose-active fungal LPMO9s contains strict C1 oxidizers,
strict C4 oxidizers, and enzymes that can oxidize both C1 and C4
(15). Here we show that the cellulolytic enzyme systems of
S. coelicolor and T. fusca also are equipped with more than one
LPMO type, a strict C1 oxidizer (CelS2 and E8) and a C1/C4
oxidizer (ScLPMO10B and E7). Importantly, the two enzymes
display synergy when acting on cellulose (Fig. 2 and SI Appendix,
Fig. S6), providing a possible explanation for the occurrence of
a multitude of LPMOs in biomass-degrading microorganisms.
Interestingly, sequence analysis shows that this pair of enzymes
is common in other cellulolytic actinomycetes, including Cellu-
lomonas, Micromonospora, Streptomyces, Thermobifida, and
Xylanimonas (Fig. 4).
The two crystal structures presented here and the data on redox

properties and metal binding allow, for the first time to our
knowledge, structural and functional comparison of LPMOs be-
longing to the same family but having different substrate specif-
icities. Whereas phylogenetic analysis of LPMO10s with known or
inferred activities on chitin and cellulose shows clear separation
between the two substrate specificities (Fig. 4), the structural and
functional data reveal few pronounced differences. The chitin- and

Fig. 3. Structural comparison of four LPMOs. (A)
Cartoon representation of CBP21 (black; chitin-
active, C1-oxidizing, PDB ID code 2BEM), CelS2 (green;
cellulose-active, C1-oxidizing), ScLPMO10B (orange; a
C1/C4-oxidizer of cellulosic substrates, also capable of
C1 oxidation of β-chitin), and TaLPMO9A (pink; a
C1/C4-oxidizer of cellulosic substrates, PDB ID code
2YET). The L2 loop is colored, and the rest of the
enzyme is in gray. Residues with aromatic rings lying
parallel to the putative substrate-binding surface
are shown as sticks. Metal ions are shown as orange
spheres. (B) Surface projection of the proposed
substrate-binding surface, related to Fig. 3A by a 90°
rotation along the horizontal axis. The side chains
of residues forming the relatively flat surface are
shown as black sticks. Metal ions are shown as or-
ange spheres; coordinating histidine residues and
residues with aromatic rings parallel to the surface
are in blue. The yellow area in CBP21 indicates
a characteristic cavity on the surface of chitin-active
LPMO10s (SI Appendix, Fig. S8). (C) LPMO active
sites, showing residues within 6 Å of the respective
metal ions. Figures were created in PyMOL (32).

Table 1. Thermodynamic parameters obtained from ITC
experiments performed in triplicates for binding of Cu2+ to
apo-CelS2 or apo-ScLPMO10B at pH 5.5 and t = 10 °C

LPMO Kd, nM ΔG°, kcal/mol ΔH°, kcal/mol −TΔS°, kcal/mol

CelS2 31 ± 6 −9.7 ± 0.1 −6.4 ± 0.6 −3.3 ± 0.6
ScLPMO10B 12 ± 6 −10.3 ± 0.3 −9.6 ± 1.3 −0.7 ± 1.3

Table 2. Spin Hamiltonian parameters*

Parameter Cu(II) buffer ScLPMO10B CelS2

gx 2.059 2.020 2.015
gy 2.059 2.090 2.102
gz 2.270 2.270 2.267
Ax

Cu† 12.3 5.0 11.7
Ay

Cu† 12.3 10.0 17.0
Az

Cu† 165 158 153

*Assuming collinear g and ACu tensors in all simulations.
†(10−4 cm−1).
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cellulose-active LPMO10s have similar redox potentials and
copper affinities [data for chitin from Aachmann et al. (2) and
Hemsworth et al. (3)], and the cores of their copper-binding
sites, the histidine braces, are essentially identical. The copper-
binding sites of CelS2 and chitin-active LPMO10s, such as CBP21,
are remarkably similar (Fig. 3), whereas the copper-binding site of
ScLPMO10B is clearly different, resembling that of LPMO9s. On
the other hand, the EPR spectrum of ScLPMO10B is very similar
to that of CelS2.
Two clear findings stand out. First, chitin-active and cellulose-

active LPMO10s seem to be separated by their Az
Cu (SI Appendix,

Fig. S14), and the values suggest a more distorted axial geometry
in the former than in the latter (3, 20). It should be noted, how-
ever, that the recently discovered chitin-active LPMO11 from
Aspergillus oryzae is grouped with the cellulose-active LPMOs
according to the Peisach–Blumberg plot (SI Appendix, Fig. S14)
(9). Second, the substrate-binding surface of chitin-active LPMO10s
consistently contains a cavity adjacent to the active site (Fig. 3 and
SI Appendix, Fig. S8) that is lacking from the cellulose-active
enzymes, potentially accommodating an N-acetyl group.
The conserved active site alanine in LPMO10s (Fig. 3) has

been postulated to prevent ligands from binding in the solvent-
facing axial position, making dioxygen activation more likely in
the equatorial position (3, 11). Conversely, binding of dioxygen
in the solvent-facing axial position has been proposed for a
C1/C4-oxidizing LPMO9 (14), which lacks this alanine (10). Indeed,
C1-oxidizing CelS2 seems incapable of ligand coordination in the
solvent-facing axial position (SI Appendix, Fig. S10). In contrast,
ScLPMO10B does coordinate a ligand (acetate) in this position,
despite the presence of the alanine (SI Appendix, Fig. S9). Im-
portantly, comparison of the structures presented here shows
that the loop hosting the conserved alanine adopts different
conformations in the two enzymes (Fig. 5). In ScLPMO10B,
Asp146 forces the main chain of the loop into a conformation that
positions Ala148 2.5 Å away from the position of the corre-
sponding alanine (Ala142) in CelS2, allowing sufficient space for
a ligand in the solvent-facing axial position. Asp146 is conserved in
E7 and in other LPMO10s that phylogenetically cluster with E7
and ScLPMO10B (Fig. 4 and SI Appendix, Fig. S7). Importantly,
closer inspection of available LPMO9 structures revealed a similar
scenario (SI Appendix, Fig. S15); LPMO9s with C4- and C1/C4-
oxidizing activity have an open solvent-facing axial coordination

site, whereas LPMO9s known to be strict C1 oxidizers have a ty-
rosine, preventing optimal axial access to the copper ion (SI
Appendix, Fig. S15). Thus, the ability to bind a ligand in the
axial position could be a determinant of C4-oxidizing activity.
When the first combined functional and structural data

on cellulose-active LPMO9s and chitin-active LPMO10s be-
came available, it was suggested that differences in the copper-
containing catalytic centers of these enzymes (i.e., between these
families) could yield variable oxidative power, which in turn
could affect the ability to cleave, for example, cellulose (11). Our
data show no obvious correlation between the geometry of the
copper center and substrate specificity. In fact, including recent
data on a LPMO11, it would seem that LPMOs use a continuum
of active site configurations, with the histidine brace being the
key conserved element. All in all, it seems that substrate speci-
ficity depends on variations that are more remote from the active
site and that affect substrate binding and positioning, as well as
possibly electron transfer in the enzyme–substrate complex. The
cavity observed in the binding surface of chitin-active LPMO10s
supports this notion. On this note, one might expect some
substrate promiscuity, as we indeed observed for ScLPMO10B.
Clearly, additional data on enzyme–substrate interactions,
supplementing data from modeling and NMR studies (2, 13, 27),
are needed to gain more insight into the issue of substrate
specificity.

Materials and Methods
Detailed information for all experimental procedures is provided in SI Appendix,
Materials and Methods.

Enzyme Activity. LPMOs were expressed heterologously in Escherichia coli and
purified by chitin-affinity, ion-exchange, and size-exclusion chromatogra-
phy. Substrate degradation was analyzed by MALDI-TOF MS and high-
performance anion-exchange chromatography. Standard reactions were set up

Fig. 4. Phylogeny of six S. coelicolor LPMO10s and a selection of other
LPMO10s, selected on the basis of literature data documenting up-regula-
tion during growth on biomass (19), binding to chitin (26, 33, 34), synergism
with glycoside hydrolases (35), and/or substrate cleavage and oxidation (5,
16, 20, 25). Proteins for which substrate degradation and oxidation has been
demonstrated are labeled with an asterisk.

Fig. 5. Position of the conserved active site alanine in CelS2 (green) and
ScLPMO10B (orange). Black and gray dashed lines indicate the axially and
equatorially coordinated ligands, respectively, in ScLPMO10B. ACT indicates
the acetate ion; the skewed equatorial contact between the acetate and the
copper is not drawn (SI Appendix, Fig. S9). Note the 2.5-Å relative shift in
position of Ala142/148 between CelS2 and ScLPMO10B; in the former, the
alanine (Ala142) is much closer to the acetate oxygen.
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with 2 g/L substrate (PASC or β-chitin), 1 μM LPMO, and 2 mM ascorbate in
20 mM ammonium acetate buffer (pH 6.0) in a shaking incubator at 50 °C.

Metal Binding by ITC. Dissociation constants and thermodynamic data for
binding of Cu2+ to ScLPMO10B and CelS2 were obtained by measuring the
heat produced by titrating 4-μL aliquots of metal ion solution (120–150 μM)
to 5 μM apo-LPMO in 20 mMMes (pH 5.5) in a 1.42-mL reaction cell of a VP-ITC
system (MicroCal) at 10 °C.

Determination of Redox Potential and Dissociation Constant. The cell potential
for the LPMO-Cu2+/LPMO-Cu+ redox couple was determined by monitoring
a reaction between reduced N,N,N′,N′-tetramethyl-1,4-phenylenediamine
(TMPred) and LPMO-Cu2+. The calculated E° value was then combined
with ITC data to estimate the dissociation constant for Cu+ as described
previously (2).

EPR Spectroscopy. Resting-state EPR spectra were recorded for Cu2+-charged
ScLPMO10B and CelS2 in Pipes buffer (pH 6.0) using a Bruker EleXsyS 560

SuperX instrument equipped with an ER 4122 SHQE SuperX high-sensitivity
cavity and a liquid nitrogen cooled cold finger. The instrument settings were
0.5 mW microwave power, 5 G modulation amplitude, and a temperature
of 77 K.

Protein Crystallization and Data Collection. Details and statistics for protein
crystallization, data collection, structure determination, and refinement are
provided in SI Appendix, Materials and Methods and Table S1.
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Materials and Methods 
Cloning, Expression and Purification. Genes encoding ScLPMO10B (residues 43-228, UniProt 
ID; Q9RJC1)  and CelS2 (ScLPMO10C residues 35-364, Uniprot ID; Q9RJY2) from S. 
coelicolor A3(2) were codon optimized for E. coli expression (GenScript) and cloned into the 
pRSET B expression vector (Invitrogen) containing the native signal sequence of a S. 
marcescens chitin-active LPMO known as CBP21 (1). The pRSET B_cbp21 vector was pre-cut 
with restriction endonucleases (BsmI and HindIII), to remove the nucleotides encoding the 
mature CBP21 protein but preserving its signal sequence, prior to fusing the amplified LPMO 
genes using the In-Fusion HD cloning kit (Clontech). An expression plasmid encoding a 
truncated form of CelS2 (residues 35-234) lacking the CBM2 cellulose binding domain, CelS2-
N, was also produced. The T. fusca YX genes encoding E7 (TfLPMO10A residues 37-222; 
Uniprot ID Q47QG3) and E8 (truncated form with LPMO domain only; TfLPMO10B residue 
32-225; Uniprot ID Q47PB9) were cloned into the same expression vector from genomic DNA 
(ATCC no. BAA-629D-5™). Sequenced vectors were transformed by heat shock into chemically 
competent One Shot® BL21 Star™ (DE3) cells (Invitrogen). Fresh colonies were inoculated in 
LB-Amp (50 µg/mL) media and grown at 30 °C (ScLPMO10B, CelS2-N and E8-N) or 37 °C 
(CelS2 and E7) for 20 hours at 200 rpm. After harvesting cells by centrifugation, periplasmic 
fractions were prepared using an osmotic shock method  (2), which were sterilized by filtration 
(0.2 µm) prior to enzyme purification.   

CelS2, CelS2-N and E8-N were purified by loading periplasmic extracts adjusted to Buffer A 
(50 mM Tris/HCl pH7.5) onto a 5 mL HiTrap DEAE FF anion exchanger (GE Healthcare) 
connected to an ÄKTA purifier FPLC system (GE Healthcare). LPMOs were eluted by using a 
linear salt gradient (0-500 mM NaCl) over 100 min at a flow rate of 3.5 mL/min. The LPMO 
containing fractions were pooled and concentrated using Amicon Ultra centrifugal filters 
(Millipore) with a molecular weight cut-off of 10 kDa. For further clean-up, samples were loaded 
onto a HiLoad 16/60 Superdex 75 size exclusion column (GE Healthcare), with a running buffer 
consisting of 50 mM Tris/HCl pH 7.5 and 200 mM NaCl, using a flow rate of 1 mL/min.   

ScLPMO10B was purified by a one-step protocol using a 1 mL cation HiTrap CM FF ion 
exchange column (GE Healthcare) with 20 mM sodium citrate pH 3.5 as running buffer. Protein 
was eluted using a linear NaCl gradient (0-500 mM) over 60 minutes at a flow rate of 1.5 
mL/min. E7 was purified by chitin affinity chromatography as described previously for 
CBP21(1), using chitin beads (NEB) with 50 mM Tris/HCl pH 8.0 + 1 M (NH4)2SO4 as starting 
buffer and using 20 mM acetic acid pH 3.6 for elution. Protein purity was analyzed by SDS-
PAGE. Fractions containing pure protein were pooled and concentrated and the buffer was 
changed to 20 mM MES pH 5.5 prior to storage at 4 °C. Protein concentrations were determined 
using the Bradford assay (Bio-Rad).  

Apo-enzymes (for ITC and EPR) and Cu2+-saturated LPMOs (for degradation experiments) 
were generated by 30 min incubation with EDTA or Cu2+, respectively, in a 1:4 molar ratio 
(LPMO:EDTA/Cu2+), at room temperature. Excess EDTA/Cu2+ was removed by separation 
through a EDTA pre-striped  PD MidiTrap G-25 column (GE Healthcare) equilibrated with 
Chelex (Bio-Rad) treated 20 mM MES buffer pH 5.5 (ITC experiments and copper saturated 
enzyme) or 20 mM Pipes buffer pH 6.0 (EPR experiments).   
   
Cellulose Degradation Experiments. For all cellulose degradation experiments, 1 µM LPMO 
(CelS2, CelS2-N, ScLPMO10B, E7 or E8-N, charged with  copper) was incubated with 2 g/L 
phosphoric acid swollen cellulose (PASC), prepared from Avicel (3), Avicel® PH-101, or squid 
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pen β-chitin (France Chitin; Marseille, France), in 20 mM ammonium acetate pH 6.0, in the 
presence of 2 mM ascorbic acid. The enzyme reactions were incubated in an Eppendorf 
Thermomixer set to 50 °C and 900 rpm. To analyze double oxidized products generated by 
ScLPMO10B or E7 after 16 h incubation, 0.25 µM of partially pure T. reesei cellobiohydrolase, 
TrCel7A, purified from Celluclast (Novozymes), was added to the soluble fraction in order to 
hydrolyze double-oxidized products into two single (shorter) products, oxidized at either the 
reducing or the non-reducing end. After 8 h incubation, the sample was split into two and 0.3 µM 
of M. thermophilum cellobiose dehydrogenase (MtCDH), purified according to (4), was added, 
followed by another 16 h of incubation. For synergy experiments, reactions were run for 4 hours 
with an enzyme load of 1 µM LPMO (CelS2, CelS2-N or ScLPMO10B) or 0.5 µM CelS2 + 0.5 
µM ScLPMO10B, using the conditions described above. Samples were taken every hour, and the 
LPMO reaction was stopped by separating the soluble fraction from the remaining insoluble 
fraction by centrifugation (16,000 × g for 5 min). To facilitate product quantification, the soluble 
products generated by the LPMOs were treated with 0.25 µM cellobiohydrolase at 50 °C for 16 h 
followed by chromatographic quantification of the products for which standards were available; 
cellobiose (Glc2) and cellobionic acid (GlcGlc1A; obtained by oxidizing cellobiose with 
MtCDH). The synergy experiment was performed in the same manner for the T. fusca LPMO-
pair.   
 
Product Analysis. Native and oxidized products in soluble fractions generated from PASC were 
analyzed by matrix-assisted laser desorption/ionization time of flight mass spectrometry 
(MALDI-TOF MS). The samples were mixed with a 9 % solution of  2,5-dihydroxybenzoic acid 
(DHB) matrix in a 1:2 ratio, and the MS analysis was performed as described previously (5). 
Sodium saturation was accomplished by adjusting the sample to 5 mM NaCl (using a 10 mM 
NaCl stock solution), followed by 10 min incubation at room temperature, addition of DHB and 
MS analysis. In addition, samples were analyzed by high performance anion exchange 
chromatography (HPAEC) using a Dionex Bio-LC connected to a CarboPac PA1 column 
operated with a flow rate of 0.25 mL/min 0.1 M NaOH and a column temperature of 30 °C. 
Native and oxidized products were eluted and largely separated using a stepwise gradient with 
increasing amount of eluent B (0.1 M NaOH + 1 M NaOAc), as follows: 0-10 % B over 10 min, 
10-30 % B over 25 min, 30-100 % B over 5 min, 100-0 % B over 1 min, 0 % B over 9 min. For 
samples from the synergy experiments, only containing short products, a steeper gradient was 
used, as follows; 0-10 % B over 10 min, 10-18 % B over 10 min, 18-30 % B over 9 min, 30-100 
% B over 1 min, 100-0 % B over 0.1 min and 0 % B over 13.9 min. Eluted oligosaccharides were 
monitored by a pulsed amperometric detector (PAD) and chromatograms recorded using 
Chromeleon 7.0 software (6). 
 
Protein Crystallization. Crystals of ScLPMO10B and CelS2-N were obtained by hanging drop 
vapor diffusion at 20 °C, by mixing an equal volume of the reservoir solution with the 
concentrated protein in storage buffer (20 mM Tris/HCl pH 8.0). ScLPMO10B crystallized in 0.2 
M zinc acetate, 0.1 M sodium cacodylate pH 6.5 and 9 % v/v 2-propanol at a protein 
concentration of 10.3 mg/mL. CelS2-N crystals were obtained using 9 % w/v PEG 10K, 0.1 M 
sodium citrate pH 4.5, 0.1 M calcium acetate and 5 % v/v glycerol, at a protein concentration of 
9.2 mg/mL. Prior to freezing, the crystals were soaked in cryo-protectant consisting of reservoir 
solution with the addition of either 25 % PEG400 (ScLPMO10B- Zn complex) or 15 % glycerol 
(CelS2). To obtain a ScLPMO10B-Cu complex, crystals were transferred to a reservoir solution 
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with a reduced zinc acetate concentration (0.1 M) and containing different CuCl2 concentrations 
(1 mM-20 mM). The crystals were soaked for various time periods, ranging from 2 min to 
overnight. Crystals were flash frozen in liquid nitrogen in a cryo-solution consisting of the 
copper soaking solution and 25% v/v PEG 400.  
 
Data Collection and Structure Determination. A single-wavelength anomalous diffraction 
(SAD) data set was collected on a ScLPMO10B zinc derivative diffracting to 2.14 Å (dataset I) 
at the zinc edge under cryogenic conditions at ID14-4 (ESRF, Grenoble, France). After data 
collection the crystal was translated to the opposite end of the cryo-loop, where the same crystal 
was found to diffract to 1.4 Å, resulting in a second high resolution data-set being collected (data 
set II). The data were processed using XDS (7) and SCALA (8), where auto-processing software 
determined the space group to be P 31 2 1 with unit cell dimensions a = 67.2 Å,  b = 67.2 Å, c = 
107.2 Å (with α, β, γ = 90.0°, 90.0°, and 120.0° respectively). The presence of one molecule in 
the asymmetric unit gave a VM of 3.35 Å3 Da-1 (9, 10) with a solvent content of 63.3 %.  The 
structure was solved using the SHELX suite (11). The zinc sites were located using SHELXD. 
Solvent flattening and density modification in SHELXE resulted in sufficient tracing of main-
chain atoms revealing the classically conserved AA10 fold. Visual inspection of the electron 
density in Coot (12) allowed partial docking of the sequence to the incomplete model.  
ARP/wARP (13, 14) succeeded in tracing the entire protein molecule, and the resulting model 
was manually inspected using Coot, where essentially all residues possessed well defined 
electron density. Two rounds of manual rebuilding and refinement ensued using Coot and 
REFMAC5 (14) gave a partially refined model of the entire ScLPMO10B enzyme. The model 
included eight zinc ions, and had Rcryst/Rfree values of 23.4% and 27.6% respectively.  
 
The partial SAD model was used as a molecular replacement model for the high resolution data 
set (data set II), which was processed using iMOSFLM (15) and SCALA (8). The structure was 
solved using MOLREP (16), and subjected to rigid body refinement, and an initial refinement 
step using REFMAC5. Following manual rebuilding in Coot the refinement of the structure was 
continued using the PHENIX suit (17). Solvent atoms were added using PHENIX refine (18) and 
ARP-wARP (19), with the final stages of refinement performed with mixed anisotropic 
refinement (excluding solvent) in REFMAC5, to yield a model with Rcryst/Rfree values of 12.5 % 
and 14.3 % respectively.  
 
Three data sets were collected under cryogenic conditions at ID29 (ESRF, France) on 
ScLPMO10B crystals that had been soaked in a 0.1 M sodium acetate reservoir solution at 
different CuCl2 concentrations for various time periods. The data were processed using XDS and 
SCALA, with cell dimensions isomorphous to the previous datasets (data set II). The model of 
the Zinc-complex (data set II), excluding solvent and ions, was used as a search model for 
molecular replacement using MOLREP. After rigid body refinement in REFMAC5 the models 
were subjected to simulated annealing and refinement using PHENIX refine. The electron 
density in the metal binding site of the enzyme, formed by the histidine brace of His43 and 
His150, was examined in all three data sets. Crystals soaked overnight in 1 mM CuCl2 or for 2 
minutes at 20 mM CuCl2 contained a metal ion occupying the exact same position as the zinc ion 
of previously collected zinc-complex. Crystals soaked in 20 mM CuCl2 for 30 minutes contained 
a bound metal ion shifted 0.5 Å towards Tyr219 (Cu-complex, data set III, Table S1). The 
positions of the bound metal ions in data set III were confirmed using SHELXD. The calculated 
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phased anomalous difference map revealed electron density for metal ions, ranging from ca. 5 – 
20 e/Å3 (map contouring  5-37 σ) with two stronger peaks at 34 and 41 e/Å3  (map contouring 61 
and 72 σ). The strongest anomalous peak corresponded to the metal ion bound at the histidine 
brace formed by His43 and His150. The data were collected at a wavelength of 1.3Å, which is 
above the zinc edge, but below the copper edge, and thus any copper ions will have a far greater 
anomalous contribution compared to any zinc ions binding from the cryo-protectant solution. 
Taken together this suggests that the significant anomalous signal seen at the known AA10 
copper-binding site in dataset III is a copper ion. Refinement was continued using PHENIX, with 
the final stages of anisotropic refinement performed using REFMAC5 to yield a model with and 
Rcryst/Rfree value of 12.4 % and 14.0 % respectively.  
 
A native data set was collected on a CelS2 (ScLPMO10C) crystal diffracting to 1.5 Å (dataset 
IV, Table S1) under cryogenic conditions on ID14-4 (ESRF, Grenoble, France). The data were 
processed using XDS (7) and SCALA (8), and the space group determined to be P 21 21 21 with 
unit cell dimensions a = 83.9 Å,  b = 122.9 Å, c = 156.0 Å (α, β, γ = 90.0°). The presence of 
eight molecules in the asymmetric unit gave a VM of 2.39 Å3 Da-1 (9) with a solvent content of 
48.6 %. The structure of CelS2 was then solved by PHASER (20) using a model of ScLPMO10B 
(dataset II), excluding solvent and ions. The structure was built using the auto-build option in 
PHENIX, with subsequent manual building and refinement cycles, maintaining NCS restraints, 
performed using Coot and PHENIX. The electron density maps showed clear density in the 
metal-binding site at the histidine brace (His35 and His144, molecules A-H). The data were 
collected at a wavelength of 0.98 Å, which is below the copper edge. A phased anomalous 
difference map was calculated using PHENIX, and revealed weak anomalous signals for the 
metal ions located at the histidine brace, ranging from 0.11-0.25 e/Å3 (5-10 σ), whereas metal 
ions at Asp60, presumed to be Ca2+ from the reservoir solution, did not show any anomalous 
signal distinguishable from background noise (3.6 σ).  Given the known very strong preference 
for copper over calcium in LPMO10 (21), as well the anomalous signal from the metal in the 
histidine brace, we modeled a copper ion in all eight molecules. Solvent atoms were added using 
PHENIX refine and ARP-wARP, which included water molecules in close proximity to the 
copper ion modeled in the copper-binding site. The final rounds of TLS-refinement, where each 
molecule was modeled as a TLS group, were performed using REFMAC5, maintaining relaxed 
NCS restraints, to yield a model with and Rcryst/Rfree value of 19.4 % and 22.2 % respectively. 
 
Determination of the Cell Potential (E°). The cell potential for the redox couple LPMO-
Cu2+/LPMO-Cu+ was determined as described by Aachmann et al (21). Oxygen free solutions 
(50 µL) of 305 or 153 µM N,N,N’,N’-tetramethyl-1,4-phenylenediamine in its reduced form 
(TMPred) were mixed with an equal volume of 70 µM Cu2+-charged LPMO in UVettes 
(Eppendorf) in a Chelex-treated 20 mM MES buffer pH 5.5, and incubated at room temperature 
(298 K). The absorbance at λ = 610 nm was measured using a Hitachi U-1900 spectrophotometer 
until the signal became stable (8 minutes). The concentration of TMPox, which is equal to the 
concentration of LPMO-Cu+ (Eq. S1), was calculated from the extinction coefficient of 14.0 mM-

1 cm-1 for TMPox (22). From the determined concentrations (TMPox and LPMO-Cu+), the 
equilibrium constant (K) was calculated (Eq. S2). In Eq. S3 the relationship between the free 
energy change (∆Gr°), the equilibrium constant (K) and the cell potential (E°) is shown, where R 
is the gas constant, T is the temperature in Kelvin, n is the electrons transferred in the reaction, 
and F is the Faraday constant. The cell potential for the LPMO-Cu2+/LPMO-Cu+ redox couple 
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was determined by adding the known cell potential of 273 mV for TMPred/TMPox (23) to the cell 
potential of the equilibrium reaction of TMPred and LPMOox as outlined in Fig. S12 and (21).      
 
TMP 	LPMO ⇄ TMP LPMO     [S1] 
 

       [S2] 

 
∆ ° 	ln °       [S3] 
 
Isothermal Titration Calorimetry. Isothermal titration calorimetry (ITC) was used to 
determine the dissociation constants (Kd) for CelS2 and ScLPMO10B with Cu2+ as ligand. The 
ITC experiments were performed with a VP-ITC system from Microcal (24) by measuring the 
heat produced by titrating copper to apo-LPMO. 4 µL aliquots (50 in total, 180 s intervals) of 
Cu2+ (CuSO4) at a concentration of 150 µM (CelS2) or 120 µM (ScLPMO10B) were titrated into 
the reaction cell containing 1.42 mL of 5 µM apo-LPMO at a temperature of 10 °C (283 K) and a 
stirring speed of 260 rpm. Prior to the experiment, solutions were degassed for 20 min to avoid 
air bubbles. Enzyme and ligand were prepared in identical 20 mM Chelex-treated MES buffer 
pH 5.5 and measurements were performed in triplicates.  
 
ITC data were monitored and recorded using the Microcal Origin v.7.0 software accompanying 
the VP-ITC system (24). All data were corrected for the heat of dilution by subtracting the heat 
produced by injection of ligand into the reaction cell after completion of the binding reaction. 
These heats had the same magnitudes as when titrating ligand into buffer alone. Theoretical fits 
to experimental data were obtained utilizing a non-linear least-squares algorithm for a single-site 
binding model used by the Origin software that accompanies the VP-ITC system. For all binding 
reactions, data fitted well to a single-site binding model, yielding the stoichiometry (n), the 
equilibrium binding association constant (Ka), and the enthalpy change (∆Hr°) of the reaction. 
The value of n was found to be between 1.0 and 1.1 per enzyme molecule for all reactions. 
Thermodynamic parameters, i.e. changes in reaction free energy (∆Gr°) and entropy (∆Sr°) as 
well as the dissociation constant (Kd), were calculated using the following relationships: ∆Gr° = -
RTlnKa = RTlnKd = ∆Hr° - T∆Sr°. Errors in ∆Hr°, Kd, and ∆Gr° were obtained as SDs of three 
experiments. Errors in ∆Sr° and -T∆Sr° were obtained as propagation of errors.                   
 
Electron Paramagnetic Resonance Spectroscopy. Metal-free full length CelS2 or 
ScLPMO10B in a concentration of 110 µM were mixed with 100 µM Cu2+ in 20 mM Chelex-
treated Pipes buffer pH 6.0 for resting state EPR spectroscopy analysis. After addition of Cu2+ 
the samples were frozen in liquid nitrogen and EPR spectra were recorded using a BRUKER 
EleXsyS 560 SuperX instrument equipped with an ER 4122 SHQE SuperX High-sensitivity 
cavity and a liquid nitrogen cooled cold-finger. The instrument settings were 0.5 mW microwave 
power, 5 G modulation amplitude, and a temperature of 77 K. The EasySpin toolbox developed 
for Matlab was used to simulate and fit EPR spectra (25). To estimate Cu2+ content in the 
samples, double integrals of base line corrected EPR spectra, recorded for the samples and a 100 
µM Cu2+ standard in 1 M perchloric acid, were compared. The spectra for ScLPMO10B and 
CelS2 indicated the presence of some free copper. Considering that the ITC measurements 
clearly show a 1:1 stoichiometry of copper binding and that the quantification of the EPR signals 
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could account for all added copper, for both LPMOs, the detection of a free copper signal 
indicates that not all copper remained bound to the protein upon freezing the EPR samples. To 
compensate for this, the EPR signal of free copper, at 20 % signal intensity, needed to be 
subtracted before simulation. 
 
Sequence Alignment and Phylogeny. 
PyMod (26) was used to make a structure-based sequence alignment (27) of the two S. coelicolor 
LPMOs (ScLPMO10B and CelS2, ScLPMO10C) and the chitin active CBP21 (SmLPMO10A, 
PDB: 2BEM). MUSCLE (28) was then used to add the sequences of the T. fusca LPMOs, E7 
(TfLPMO10A) and the catalytic domain of E8 (TfLPMO10B). Phylogenetic analysis was carried 
out for six S. coelicolor LPMOs and a selection of other LPMOs for which literature data on 
substrate specificity is available, using Phylogeny.fr (29).             
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Table S1. Structural data processing and refinement statistics. 
 
 

Dataset 

ScLPMO10B 
Zn-SAD 

I 

ScLPMO10B 
Zn-complex 

II 

ScLPMO10B 
Cu-complex 

III 

ScLPMO10C 
(CelS2) 

IV 
PDB code  4OY8 4OY6 4OY7 

Data Collection     
beamline ID14-4 

(ESRF) 
ID14-4 
(ESRF) 

ID29 
(ESRF) 

ID14.1 
(BESSY) 

Wavelength (Å) 1.282 1.286 1.300 0.918 
Space group P 31 2 1 P 31 2 1 P 31 2 1 P 21 21 21 

Cell dimensions     
a,  b,  c  ( Å) 

 
67.2 67.2 107.2 67.6 67.6 107.3 67.5 67.5 107.2 83.9 122.9 156.0 

α, β, γ 90.0 90.0 120.0 90.0 90.0 120.0 90.0 90.0 120.0 90.0 90.0 90.0 
Resolution (Å)  50 – 2.14 35 – 1.40 50 – 1.29 47.9  – 1.5 

Unique reflections 15,162 (994) a 54,273 (6205) 67598 (6449) 254063 (34822) 
Multiplicity 15.9 (4.4) 4.5 (2.0) 7.9 (2.4) 3.9 (2.7) 

Completeness (%) 93.9 (64.9) 96.0  (76.7 ) 94.2 (63.2) 99.1 (94.2) 
Mean I/ I 28.1 (4.7) 13.6 (3.6) 13.9 (2.1) 5.9 (1.7) 

Rmeas 
b 0.108 (0.36) 0.08 (0.23) 0.088 (0.509) 0.103 (0.560) 

Anomalous 
completeness 

90.3 (50.8) 87.6 (46.5) 88.4 (36.4) 96.7 (80.1) 

Anomalous 
multiplicity 

8.7 (2.6) 2.4 (1.3) 4.2 (1.4) 2.0 (1.5) 

Refinement Statistics     
Rcryst /Rfree (%) c 23.4 (27.6) 12.5 (14.3) 12.4 (14.0) 19.4 (22.2) 

R.ms.d bond lengths 
(Å) 

0.0158 0.01 0.0105 0.0102 

R.m.s.d angles (°) 1.477 1.400 1.425 1.385 
Number of atoms     

Protein 1462 1470 1487 11,962 
Solvent – 261 246 1922 

Acetate ions – 12 8 – 
Metal 8 8 11 12 

Ramachandran plot d 
(%) 

Most favoured 
Additionally allowed 

Outliers 

 
97.28 
2.72 
0.0 

 
97.3 
2.70 
0.0 

 
97.34 
2.66 
0.0 

 
97.83 
2.17 
0.0 

a Values in parentheses are for the highest resolution shells 
b Rmeas as defined by Diederichs & Karplus (30). 
c Rcryst = Σhkl  ǁ Fo ǁ Fc ǁ / Σhkl ǁ Fo| where Fo and Fc are the observed and calculated structure 
factor amplitudes, respectively. Rfree is calculated from a randomly chosen 5% sample of all 
unique reflections. 
d Defined using MolProbity (31).  
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Figure S1. Product profiles from PASC degradation experiments with the Thermobifida fusca 
LPMOs E7 and E8-N, analyzed by MALDI-TOF MS (A-D) and HPAEC (E). MALDI TOF MS 
of E8-N (A and C) and E7 (B and D) shows that E8-N is a strict C1-oxidizing LPMO as CelS2, 
whereas E7 produces a mixture of C1-, C4- and double oxidized cello-oligosaccharides as 
ScLPMO10B. Panels C) and D) are close ups of the heptamer ion cluster with m/z values 
corresponding to: 1173, sodium adduct of lactone or ketoaldose; 1175, sodium adduct of native 
Glc7; 1189, potassium adduct of lactone or ketoaldose or sodium adduct of double oxidized 
heptamer; 1191, sodium adduct of aldonic acid or potassium adduct of native Glc7 or sodium 
adduct of gemdiol [4-ketoaldose + water (32)]; 1205, potassium adduct of double oxidized sugar; 
1207, potassium adduct of aldonic acid or gemdiol form of the 1189 species; 1213, sodium 
adduct of the aldonic acid sodium salt; 1229, sodium adduct of the aldonic acid potassium salt. 
The large signals in panel D at 1173 (relatively stable 4-ketoaldose compared to a relatively 
unstable lactone, and at 1189 (relatively stable 4-keto form) and at 1205 (double oxidized 
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product) confirm the C4-oxidizing activity of E7. 100 % relative intensity represents 2.4 × 104 

(A, C) and 1.4 × 104 (B, D) arbitrary units (a.u.), respectively. HPAEC chromatograms (E) show 
results for E7 (solid line) and E8-N (dotted line). Peak assignments are based on native standards 
and on inferences from previous studies (32, 33); see main text for further explanation.  
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Figure S2. Evidence for C4 oxidation by ScLPMO10B. The chromatogram shows product 
analysis of the following samples: Magenta, degradation of Glc5 with NcLPMO9C (sample size 
0.2 µL); the product shown has been identified (by MS and, importantly, NMR) as Glc4GemGlc 
[C4 oxidized dimer; (32)]. Blue: degradation of PASC with ScLPMO10B followed by hydrolysis 
of soluble products with cellobiohydrolase (sample size 2 µL). Black: mixture of 0.2 µL of the 
NcLPMO9C sample and 1.8 µL of the ScLPMO10B/cellobiohydrolase sample; as expected the 
black peak assigned as Glc4GemGlc corresponds approximately to the sum of the blue and the 
magenta peak underneath. The left peak, produced in the ScLPMO10B reaction only is 
Glc3Glc1A. 
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Figure S3. HPAEC chromatograms to verify the occurrence of double oxidized products formed 
by ScLPMO10B (A-B) and E7 (C). First, ScLPMO10B or E7 was incubated with PASC over 
night in the presence of ascorbate; subsequently the soluble fraction was taken and analyzed by 
HPAEC (panel A and C, top chromatogram). The remaining soluble fraction was digested by a 
cellobiohydrolase for 8 h and analyzed (panel A and C, dotted chromatogram). Finally, MtCDH 
was added to the resulting mixture of short oligomers followed by incubation for another 16 h to 
oxidize the reducing ends of the C4-oxidized (i.e. non reducing end-oxidized), regenerating 
double oxidized species (panel A and C, lower chromatogram). Panel (B) shows a zoom in on 
the double oxidized products that elute late in the gradient and that are not well resolved. Panel D 
shows the same experiment for CelS2 (negative control), showing that this enzyme only 
produces C1-oxidized products (hence no difference is observed between the two lower 
chromatograms). DHA, dehydroascorbate.     
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Figure S4. MALDI-TOF MS spectra showing LPMO activity on squid pen β-chitin for S. 
marcescens CBP21 (A, D), ScLPMO10B (B, E), and E7 (C, F). Panels A-C show oxidized 
products ranging from DP 4-9, whereas panels D-F show a zoom in on the octamer ion cluster. 
Panel G shows more details of the ScLPMO10B octamer ion cluster revealing the presence of 
deacetylated products (which are observed for ScLPMO10B and E7 but hardly for CBP21). AA 
stands for the aldonic acid of the chito-octamer (GlcNAc7GlcNAc1A). 100 % relative intensity 
represents 1.7 × 104 (A, B), 0.7 × 104 (C), 1.1 × 104 (D), 0.8 × 104 (E; G), and 0.5 × 104 (F) 
arbitrary units (a.u.), respectively. 
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Figure S5. Dose-response effects for CelS2-N (black), ScLPMO10B (dark grey) and full length 
CelS2 (light grey). Products were generated by incubation of PASC (2 g/L) with the indicated 
LPMO concentrations, in a 20 mM ammonium acetate buffer pH 6.0, at 50 °C, followed by 
cellobiohydrolase digestion of the soluble products. The reductant concentration was set to a 
ratio of 1:2000 enzyme/reductant in all samples.  
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Figure S6. Time course of products released from PASC by the T. fusca LPMO pair. The figures 
show (A) cellobionic acid and (B) cellobiose obtained after incubation of 1 µM LPMO (E8-N or 
E7) or a mixture of 0.5 µM E8-N and 0.5 µM E7 with 2 g/L PASC and 2 mM ascorbic acid in 20 
mM ammonium acetate buffer pH 6.0, at 50°C for three hours, followed by cellobiohydrolase 
hydrolysis of the soluble products. Standard deviations were calculated based on three 
independent reactions. Panel C) provides dose-response data for E7 (grey) alone and E8-N 
(black) alone at the indicated concentrations, using the same conditions. The reductant 
concentration was set to a ratio of 1:2000 enzyme/reductant in all samples. 
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Figure S7. Structural overview of cellulose oxidizing LPMOs from S. coelicolor and comparison 
with the chitin active LPMO from S. marcescens. (A-C) Cartoon representations; secondary 
structure elements are shown in red, for β-strands, and blue, for α-helices. Metal ions are shown 
as orange spheres, with coordinating histidine side chains shown as green sticks. (A) C1-
oxidizing CelS2 (ScLPMO10C) (B) C1/C4-oxidizing ScLPMO10B; (C) chitin-active CBP21 
(SmLPMO10A; 2BEM). Note that helix H3 (cyan) is hidden behind helix H1 in all three 
structures, and that helix H2.1 in ScLPMO10B is hidden behind the β-sheets. (D) Structure-
based sequence alignment made with PyMOD, including the sequences of the related T. fusca 
cellulose active LPMOs E7 (TfLPMO10A; C1/C4-oxidizing) and the catalytic domain of E8 
(TfLPMO10B; C1-oxidizing). Cysteines involved in disulfide bridges are highlighted in yellow. 
Known secondary structures are indicated as colored text, β-strands (red) or α-helices (blue) and 
residues at the putative binding surface are highlighted in grey (for the proteins with known 
structures only). Asterisks indicate fully conserved residues, and green diamonds indicate amino 
acids coordinating the copper ion.   
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Figure S8. Conserved cavities on the substrate binding surface of chitin active LPMO10s. The 
picture shows the surfaces of three chitin-active LPMOs (EfLPMO10A, CBP21 (SmLPMO10A), 
and BaLPMO10A; no activity data have been published for the latter but is known that this 
protein has high affinity for chitin substrates (34), and two cellulose-active LPMOs 
(ScLPMO10B and CelS2). The cellulose-active LPMOs have a positively charged side chain 
(Arg212 in CelS2 and His214 in ScLPMO10B) that fills the cavity present in the chitin-active 
LPMO10s. The latter have a hydrophobic side chain in the bottom of the cavity (Ile178 in 
EfLPMO10A, Ile180 in CBP21 and Val189 in BaLPMO10A).  Protein surfaces are shown in a 
transparent representation of the molecular surface. Amino acid side chains and the protein main 
chain are shown in stick and cartoon representation, respectively. The copper ions are shown as 
golden colored spheres.    
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Figure S9. Active site of ScLPMO10B with bound copper (left panel) or zinc (right panel). The 
two oxygen moieties of the acetate ion (ACT) are bound in the solvent-facing axial position 
(labeled “Ax”) and in a slightly skewed equatorial position (labeled “Eq”). The structural data 
demonstrate the capability of ScLPMO10B to bind a ligand in the solvent-facing axial position. 
Amino acid side chains and the protein main chain are shown in orange colored stick and cartoon 
representation, respectively. The copper and zinc ions are shown as golden and grey colored 
spheres, respectively. The acetate ion is shown in stick representation with red colored oxygen 
atoms and orange colored carbon atoms. Distances between atoms are indicated by dashed lines.  
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Figure S10. Active sites in all eight CelS2 molecules in the asymmetric unit. Panel (A) shows 
the individual sites, whereas panel (B) shows a superposition. Amino acid side chains are shown 
in stick representation. The water molecules and copper ions are shown as red and golden 
spheres, respectively.  
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Figure S11. Thermograms (upper) and binding isotherms with theoretical fits (lower) for A) 
titration of 150 µM Cu2+ to 5 µM apo-CelS2 and B) titration of 120 µM Cu2+ to 5 µM apo-
ScLPMO10B in MES buffer pH 5.5 at 10 °C.  
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Figure S12. Calculation of the dissociation constant for the LPMO-Cu+ complex at 10 °C (283 
K). The constant for binding of Cu+ can be calculated by combining three thermodynamic 
relations (21). First, I) the cell potential for LPMO-Cu2+/LPMO-Cu+ was measured 
experimentally by determining the equilibrium constant from the electron transfer reaction 
between the mediator TMPred/TMPox and LPMO-Cu2+/LPMO-Cu+ and obtained from the relation 
RTlnK = nFE°. Second, II) the E° derived from relation I) is combined with the known cell 
potential for reduction of Cu2+ in aqueous conditions to yield the free energy change (∆Gr°) for 
the reduction of aqueous Cu2+ by LPMO-Cu+ using the relation ∆Gr° = –nFE°. Third, III) by 
combining the ∆Gr° for binding of Cu2+ derived from ITC (Table 1) with the  ∆Gr° for the 
electron transfer between aqueous Cu2+ and LPMO-Cu+, the dissociation of LPMO-Cu+ can be 
calculated using the relation ∆Gr° = RT lnKd.     
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Figure S13. X-band EPR spectra (solid lines) with simulations (dotted lines) for ScLPMO10B, 
full length CelS2 and Cu(II) in buffer. The EPR spectra were recorded at 77 K using a 
microwave power of 0.5 mW. 
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Figure S15. Position of the conserved active site alanine. (A; identical to Fig. 5 in the main 
manuscript). Structural superposition of CelS2 (green) and ScLPMO10B (orange) active sites 
(superposed using the “histidine brace” and the metal ion), with side chains shown in stick 
representation and back bone shown as cartoon. Black and grey dashed lines indicate the axially 
and equatorially coordinated ligands, respectively. The acetate ion coordinated in the solvent-
facing axial position is labeled “ACT” the picture does not show the skewed equatorial contact 
between the acetate and the copper; see Fig. S9). Note the 2.5 Å relative sift in the position of 
Ala142/148 between CelS2 and ScLPMO10B; in the former, the alanine (Ala142) is much closer 
to the acetate oxygen that is bound in the axial position in ScLPMO10B. Panel (B) shows the 
active site of ScLPMO10B in stick representation, illustrating the hydrogen bond interactions 
between the side chain of Asp146 and main chain nitrogen atoms. Panel (C) shows a structural 
superposition of CelS2 (green color) with LPMO9s with C1 (PcLPMO9D in pink color), C4 
(NcLPMO9D in white color) and mixed C1/C4 (TaLPMO9A in orange color) activity. The 
structural superposition was based on the histidine brace and the metal ion. The only other 
structure of an LPMO9 with presumed C1 activity [inferred for phylogenetic clustering; (47)], 
TtLPMO9E (48) shows a tyrosine in the same position as in PcLPMO9D. Side chains are shown 
in stick representation and the back bone is shown as cartoon. The copper ions are shown as a 
golden colored sphere in all panels.  
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