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Summary 
Lytic polysaccharide monooxygenases (LPMOs) are mono-copper enzymes 

that catalyze oxidative depolymerization of recalcitrant carbohydrate substrates, 

such as chitin and cellulose. LPMOs have received much attention from academia and 

industry due to their remarkable ability to act on the crystalline surfaces of their 

target substrates, rather than on isolated polysaccharide chains. Despite a large 

amount of research, there are still many unknowns regarding the mechanism and 

kinetics of LPMO-catalyzed reactions. LPMOs were previously thought to use 

molecular oxygen as a co-substrate, but later it was shown that these enzymes prefer 

hydrogen peroxide, thus operating as peroxygenases rather than strict 

monooxygenases. Importantly, peroxygenase reactions are likely to occur even in the 

absence of exogenous hydrogen peroxide, since H2O2 can be produced in situ in most 

aerobic reaction set-ups with LPMOs, for example through oxidase activity of the 

LPMO itself. This study was focused on the complex interplay between H2O2-

generating reactions and the catalytic efficiency of LPMOs acting on cellulose in the 

presence of oxygen and various low-molecular weight reductants.  

Paper I presents the biochemical characterization of a novel bacterial LPMO 

discovered by mining the genome of a marine Actinomycete. We used this enzyme as 

a model to study how free copper affects LPMO activity in reactions with two 

reductants that are commonly used to drive LPMO catalysis, ascorbic acid and gallic 

acid. The results indicate that ascorbate-driven reactions are sensitive to sub-

micromolar concentrations of free copper because copper promotes enzyme-

independent H2O2 production. Consequently, copper not only speeds up the 

(peroxygenase) reaction but also leads to increased autocatalytic enzyme 

inactivation due to excess H2O2. On the other hand, using gallic acid as an electron 

donor allows for controlled and more stable reactions showing no dependency on 

free copper in the system. Importantly, we describe how LPMO preparations devoid 

of free copper can be prepared and how the concentration of non-enzyme-bound 

Cu(II) can be assessed using a simple assay. Last but not least, the data presented in 
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Paper I suggest that the apparent monooxygenase reactions observed for this 

bacterial model LPMO in standard reaction set-ups, without added H2O2 and with 

minimized levels of free copper, are in fact peroxygenase reactions driven by 

reductant auto-oxidation. 

Paper II builds on the observation, presented in Paper I, that in situ H2O2 

production fuels LPMO reactions at standard aerobic conditions. This paper describes 

a novel LPMO from the phytopathogenic bacterium Streptomyces scabies and 

documents a strong correlation between the enzyme catalytic rate and the rate of 

H2O2 generation in the reaction mixture, for three reductants (ascorbic acid, gallic 

acid or L-cysteine). Unexpectedly, the results show that the oxidized form of ascorbic 

acid (dehydroascorbic acid, DHA) is also able to drive LPMO reactions. Based on 

kinetic studies and NMR analysis, it is shown that DHA is unstable and converts into 

multiple derivatives, some of which are redox active and can sustain the LPMO 

reaction by reducing the active site copper and promoting H2O2 production. 

Paper III provides insight into the complex interplay between multiple 

LPMOs, which can arise as a result of in situ H2O2 generation and consumption. Such 

insight was obtained by comparing properties of full length two-domain ScLPMO10C 

and its truncated form (ScLPMO10C-AA10), lacking the C-terminal cellulose-binding 

module (CBM). The results show that truncation of the CBM leads to elevated H2O2 

production by the enzyme, which again leads to higher catalytic activity and 

decreased operational stability. Furthermore, the results show that combining 

ScLPMO10C and ScLPMO10C-AA10 allows for synergistic and steady 

depolymerization of cellulose. Being an efficient hydrogen peroxide producer, 

ScLPMO10C-AA10 is able to enhance cellulose oxidation by the full-length enzyme. At 

the same time, ScLPMO10C protects the truncated LPMO from fast auto-catalytic 

inactivation by consuming H2O2. Importantly, the results described in this paper 

indicate that, in reactions with ascorbic acid, release of copper ions as a consequence 

of oxidative damage to the LPMO active site triggers a self-reinforcing chain reaction 

leading to increased enzyme-independent H2O2 generation, rapid enzyme 

inactivation and reductant depletion, which will eventually stop the LPMO reaction. 

Paper IV presents a kinetic investigation of two fungal LPMOs (NcLPMO9C 

and LsLPMO9A) capable of acting on soluble oligosaccharides. To dig deeper into 
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LPMO-catalyzed peroxygenase reactions, we obtained Michaelis-Menten parameters 

for cellopentaose oxidation by NcLPMO9C. The results show that both enzymes are 

fast and specific peroxygenases capable of achieving unprecedented catalytic rates, 

which, for NcLPMO9C reach about 100 s-1 at 4 °C. Importantly, when acting on the 

rapidly diffusing cellopentaose substrate, the LPMOs were capable of stoichiometric 

productive conversion of high starting amounts of exogenous H2O2.  

In conclusion, this thesis provides novel insights into many factors that affect 

LPMO performance and shows that, under optimal conditions, LPMOs can be very 

efficient enzymes. Based on the results presented here, it seems unlikely that the 

monooxygenase reaction plays a significant role in biomass turnover by LPMOs. 
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Sammendrag 
Lytisk polysakkarid monooksygenaser (LPMOer) er mono-kobberenzymer som 

kan katalysere oksidativ depolymerisering av krystallinske substrater som kitin og 

cellulose. LPMOer er av høy interesse for både forskere og industri på grunn av deres 

unike evne til å virke på den krystallinske overflaten til substratene fremfor på de 

isolerte polysakkaridkjedene. Selv om mye forskning er gjennomført, er det 

fremdeles mye usikkerhet forbundet med mekanismen og kinetikken av LPMO-

katalyserte reaksjoner. Opprinnelig trodde man at LPMOer benytter molekylært 

oksygen som ko-substrat, men i senere tid er det blitt vist at enzymene foretrekker 

hydrogenperoksid og at de derfor fungerer som peroksygenaser istedenfor 

monooksygenaser. Peroksygenasereaksjonen vil trolig skje selv ved fravær av tilsatt 

H2O2 fordi de fleste aerobe reaksjonsbetingelsene vil føre til at det dannes H2O2 in 

situ, for eksempel som følge av LPMOenes oksidaseaktivitet. Denne studien har satt 

søkelys på det komplekse samspillet mellom H2O2-genererende reaksjoner og den 

katalytiske effektiviteten til LPMOer som bryter ned cellulose i reaksjoner med 

oksygen og et utvalg av reduktanter.  

Artikkel I presenterer biokjemisk karakterisering av en nyoppdaget bakteriell 

LPMO som ble funnet gjennom utforsking av genomet til en marin Actinomycete. 

Dette enzymet ble brukt som en modell til å undersøke hvordan fritt kobber påvirker 

LPMO-aktivitet i reaksjoner med to av de vanligste reduktantene brukt til å drive 

LPMO katalyserte reaksjoner: gallussyre og askorbinsyre. Resultatene indikerer at 

askorbinsyredrevne reaksjoner er sensitive for mikromolare konsentrasjoner av fritt 

kobber på grunn av høy produksjon av H2O2 gjennom enzymuavhengig 

kobberkatalyserte reaksjoner. Derfor vil kobber både øke hastigheten til 

(peroksygenase) reaksjonen og øke auto-katalysert enzyminaktivering som er en 

følge av et overskudd av H2O2. I motsetning til reaksjoner med askorbinsyre viser 

reaksjoner med gallussyre en kontrollert og stabil reaksjon, som er uavhengig av fritt 

kobber i systemet. Artikkel I beskriver en fremgangsmåte for hvordan LPMOer kan 

prepareres uten kobber kontaminering, og viser hvordan konsentrasjonen av fritt 
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kobber i enzympreparater kan analyseres ved bruk av en enkel metode. Sist, men ikke 

minst, viser resultatene i Artikkel I at de tidligere antatte 

monooksygenasereaksjonene observert i standardreaksjoner med den bakterielle 

LPMOen, uten tilsatt H2O2 og i fravær av signifikante mengder av fritt kobber, faktisk 

er peroksygenase reaksjoner som drives av auto-oksidering av reduktanten.  

Artikkel II bygger på observasjonene presentert i Artikkel I, som tyder på at in 

situ produksjon av H2O2 driver LPMO-reaksjoner ved standard aerobe betingelser. 

Denne artikkelen beskriver en nyoppdaget LPMO fra den patogene bakterien 

Streptomyces scabies og viser en klar korrelasjon mellom den enzymkatalyserte 

nedbryting av cellulose og mengden H2O2 produsert i reaksjonen, for reduktantene 

askorbinsyre, gallussyre og L-cysteine. Overraskende viser resultatene at den 

oksiderte formen av askorbinsyre (dehydroaskorbinsyre, DHA) også kan drive LPMO 

reaksjoner. Basert på både kinetiske analyser og NMR analyser, vises det at DHA er 

ustabil og omgjøres til flere derivater, hvorav noen er redoksaktive og kan 

opprettholde LPMO reaksjoner ved å redusere det aktive kobbersetet og øke 

produksjonen av H2O2.  

Artikkel III gir innsikt i det komplekse samspillet mellom flere LPMOer som 

kan oppstå som et resultat av in situ produksjon og konsumpsjon av H2O2. I denne 

artikkelen sammenligner vi to-domene enzymet ScLPMO10C med den trunkerte 

formen (ScLPMO10C-AA10) som mangler den C-terminale cellulose bindene 

modulen (CBM). Resultatene viser at trunkering av CBMen fører til at enzymet 

produserer mer H2O2, og som igjen fører til økt katalytisk aktivitet og redusert 

operasjonell stabilitet. Videre viser resultatene at man ved å blande ScLPMO10C og 

ScLPMO10C-AA10 oppnår synergistisk og stabil de-polymerisering av cellulose. Ved 

å være en effektiv produsent av H2O2 vil ScLPMO10C-AA10 kunne øke den 

celluloseoksiderende aktiviteten av full-lengde enzymet. Samtidig vil full-lengde 

enzymet beskytte den trunkerte LPMOen fra rask auto-katalytisk inaktivering ved å 

fjerne H2O2 fra reaksjonsblandingen. Et viktig resultat av arbeidet beskrevet i denne 

artikkelen er at det vises at oksidativ skade til det aktive setet i LPMOer kan sette i 

gang en kjedereaksjon som gjør at enzymaktivitet raskt opphører. Slik skade fører til 

at kobber slippes ut, og i reaksjoner med askorbinsyre vil dette føre til økt enzym-
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uavhengig H2O2 produksjon, raskere inaktivering av enzymet, og rask konsumpsjon 

av reduktanten. 

Artikkel IV presenterer en kinetisk undersøkelse av to fungale LPMOer 

(NcLPMO9C og LsLPMO9A) som kan fungere på løselige oligosakkarider og som ble 

testet i reaksjoner med tilsatt H2O2. For å få en bedre forståelse av 

peroksygenasereaskjonen katalysert av disse LPMO, ble det utført en Michaelis-

Menten kinetisk analyse av aktiviteten til NcLPMO9C på cellopentaose. Resultatene 

viser at begge enzymene er raske og spesifikke peroksygenaser som kan oppnå 

hastigheter av opp til 100 s-1 ved 4 °C. En annen vesentlig observasjon er at når 

LPMOen virker på dette substratet, så er enzymene i stand til å omdanne store 

mengder H2O2 som ble tilsatt ved starten av reaksjonen, til støkiometriske mengder 

av oksidert substrat. 

Til sammen gir resultatene av denne studien nye innsikter i flere av faktorene 

som påvirker LPMO reaksjoner og viser at LPMOer kan være effektive enzymer under 

godt kontrollerte reaksjonsbetingelser. Basert på disse resultater virker det 

usannsynlig at monooksygenase reaksjonen spiller en vesentlig rolle når LPMOer 

bryter ned biomasse.  
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Abbreviations 
AA – auxiliary activities 
CBM – carbohydrate-binding module 
CMC - carboxymethyl cellulose 
DHA – dehydroascorbic acid 
HPAEC-PAD – high performance anion exchange chromatography with 
pulsed amperometric detection 
HRP – horseradish peroxidase 
ICP-MS – inductively coupled plasma mass spectrometry 
LPMO – lytic polysaccharide monooxygenase 
Ls - Lentinus similis 
MALDI-ToF MS – matrix assisted laser desorption/ionization – time-of-flight 
mass spectrometry  
Nc – Neurospora crassa 
PASC – phosphoric acid-swollen cellulose 
PDB – Protein Data Bank 
Sc – Streptomyces coelicolor 
Ssc – Streptomyces scabies 
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1 Introduction 
1.1 Cellulose, hemicelluloses and lignin 
 

Cellulose is a naturally occurring linear homopolymer composed of D-

anhydroglucose units connected through β-1,4 glycosidic bonds (Fig. 1) [2]. 

Cellulose is the major structural component of plant cell walls, but it is also 

produced by some bacteria (e.g., Acetobacter), green algae (Valonia) and even 

invertebrate animals (Tunicata) [3,4]. It has been estimated that 

approximately 1011-1012 tons of cellulose are generated annually by 

photosynthetic organisms, making cellulose the most abundant biopolymer 

on Earth [5]. Cellulose is an attractive source of renewable energy, but its 

effective utilization is complicated by a remarkable recalcitrance [6].  

 

 
 
Figure 1. Chemical structure of cellulose. The repeating cellobiose unit is formed 
by two D-glucose monomers connected through a β-1,4-glucosidic bond. 
 

In plant biomass, individual cellulose chains have a high degree of 

polymerization (about 1500-5000 [7]) and are organized into microfibrils. 

These insoluble microfibrils are stabilized by a network of hydrogen and Van 

der Waals bonds [2] resulting in a densely packed crystalline structure. Due 

to this arrangement, cellulose is hard to access. To complicate things further, 

cellulose fibrils are surrounded by hemicelluloses and lignin in plants. These 
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amorphous polymers provide additional layers of protection to the cell wall 

(Fig. 2). Cellulose may represent up to 50% of the plant biomass on dry weight 

basis, whereas hemicelluloses (20-30%) and lignin (5-30%) are the next 

largest fractions [8]. 

 
 
Figure 2. Schematic representation of plant cell wall. The figure shows a cluster 
of cellulose microfibrils covered with hemicellulose and lignin.  
 

 
 
Figure 3. Structural variation of hemicelluloses. The figure shows a schematic 
representation of commonly occurring types of backbones and side-chain 
decorations in hemicellulosic polymers. The figure was adapted from [9]. 
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In contrast to cellulose, hemicelluloses are heteropolymers that contain 

various pentoses (β-D-xylose, α-L-arabinose), hexoses (β-D-mannose, β-D-

glucose, α-D-galactose) and sugar derivatives (e.g., α-D-glucuronic-, α-D-4-O-

methylgalacturonic- and α-D-galacturonic acids) [10]. Other sugars may also 

present in hemicellulose in small amounts. Hemicelluloses vary in structure 

and composition between plant species. Typically, these polymers are 

branched and have a relatively low molecular weight with a degree of 

polymerization of 80-200 [11]. The four main types of hemicelluloses are 

xylans, xyloglucans, mannans and mixed-linkage β-glucans (Fig. 3) [12]. 

Hemicelluloses form hydrogen bonds with crystalline cellulose and covalent 

bonds with lignin (predominantly, α-benzyl ether linkages) [11].  

 
Figure 4. Chemical structure of lignin and its three main precursors. Dot boxes 
indicate condensed linkages whereas solid boxes indicate ether linkages. The figure 
was taken from [13].  
 

Lignin is a phenolic heteropolymer composed of 4-hydroxypropanoids 

connected through ether- and carbon-carbon linkages. The three major 
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precursors of lignin are p-coumaryl alcohol, coniferyl alcohol and sinapyl 

alcohol (Fig. 4) [13]. In cells, lignin is synthesized as the result of multiple free-

radical reactions [14], hence its structure is complex and highly variable. 

Being a rather hydrophobic compound, lignin is thought to be one of the key 

factors determining water permeability in plant tissues [15].  

Cellulose microfibrils coated with layers of hemicellulose and lignin 

comprise a very strong composite biomaterial. Its chemical degradation 

typically involves harsh conditions, such as treatment with mineral acids at 

high (90-240 °C) temperature and, sometimes, at high pressure (e.g., 20 bar) 

[16].  

 

1.2 Enzymatic depolymerization of plant biomass  
 

In Nature, depolymerization of lignocellulosic biomass is carried out by 

the synergistic action of hydrolytic and oxidative enzymes that target 

cellulose, hemicelluloses, lignin and other compounds in the plant cell wall. 

Bacteria and fungi are advanced degraders of plant biomass, however there 

are data suggesting that some animals (such as isopods and nematodes) are 

also capable of producing cellulolytic enzymes [17,18], most likely as a result 

of horizontal gene transfer from microorganisms. Aerobic bacteria and fungi 

rely on enzyme cocktails that are released into the environment when these 

microbes encounter lignocellulosic substrates. In contrast, anaerobic bacteria 

tend to depend on cellulosomes. Cellulosomes are multi-enzyme complexes 

that are usually anchored to the cell wall and are capable of binding and 

degrading biomass [19]. The utilization of cellulosomes, instead of protein 

cocktails, may allow anaerobes to re-use their enzymes, which may provide a 

significant advantage in an energy-poor anoxic environment [20]. Of note, 

cellulosomes contain multiple enzyme activities, including hemicellulases. 
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The many carbohydrate-modifying and -degrading enzymes involved in 

plant biomass turnover are classified based on sequence similarity in the 

CAZy database. Enzymes that hydrolytically break glycosidic bonds occur in 

the glycoside hydrolase (GH) families, whereas redox enzymes acting on 

carbohydrates and associated materials (lignin) occur in the auxiliary activity 

(AA) families. The substrate-binding domains occurring in many of these 

enzymes are classified in families of carbohydrate-binding modules (CBMs). 

 

 
 
Figure 5. Topology of cellulases. The figure shows surface topologies commonly 
occurring among exocellulases (A, “tunnel”), endocellulases (B, “open cleft”) and β-
glucosidases (C, “pocket”). A, exocellulase from Trichoderma reesei in complex with 
two molecules of cellotetraose (PDB: 5CEL, [21]); B, endocellulase from Termobifida 
fusca in complex with cellotetraose (PDB: 2BOF, [22]); C, β-glucosidase from 
Thermotoga maritima in complex with transition state mimic (PDB: 5N6T, [23]). 
Enzyme structures were visualized using BioRender.  
 

Getting for plant biomass to fermentable glucose requires the action of 

cellulases (Fig. 5). Cellulases are a well-studied class of hydrolytic enzymes 

that target the most abundant compound in plant biomass. These enzymes 

catalyze cleavage of the β-1,4-glycosidic bonds in cellulose via a general 

acid/base mechanism, which leads to either inversion or retention of the 

anomeric configuration [24]. Cellulases may be divided into three functional 

groups that have distinct active site topologies. Exocellulases attack the 

reducing or non-reducing ends of cellulose chains and release cellobiose (or 



Introduction 

6 
 

other short oligosaccharides) into solution. Most studied exocellulases are 

thought to be processive, which means that they catalyze multiple 

consecutive reactions before dissociating from the cellulose chain [25]. The 

common structural feature of exocellulases is a tunnel-shaped active site 

(Fig. 5A)[26,27]. In contrast to exocellulases, endocellulases are able to 

randomly bind accessible sites inside a cellulose chain generating products 

with various degrees of polymerization. The active sites of endocellulases 

show an open-cleft topology (Fig. 5B) [26,27]. Last but not least, cellulolytic 

enzyme systems comprise β-glucosidases, which hydrolyze cellobiose (and, 

sometimes, other short oligosaccharides) to yield glucose. Accumulation of 

cellobiose may inhibit both endo- and exocellulases, hence β-glucosidases 

play a very important role in controlling and promoting the overall cellulose 

depolymerization rate [28]. The catalytic residues of cellobiases are situated 

inside a pocket that can accommodate the non-reducing end of a cello-

oligomer (Fig. 5C) [29].  

The genomes of aerobic cellulolytic bacteria and fungi typically encode 

for multiple cellulases that are secreted together. For instance, the cellulolytic 

arsenal of the model plant-degrading bacterium Thermobifida fusca includes 

two exocellulases (Cel6B and Cel48A), five endocellulases (Cel5A, Cel5B, 

Cel6A, Cel9A, Cel9B) and a β-glucosidase (BglC)[30]. These enzymes are well-

characterized and are known to work in a synergistic fashion [31]. The 

synergy between cellulases is thought to be due to certain enzyme types 

creating access sites for other enzyme types. For example, disruption of the 

cellulose surface by processive exocellulases may expose new regions that are 

susceptible to endocellulase action. At the same time, exocellulases will act on 

new chain ends generated by endocellulases, to produce cellobiose. A 

schematic representation of all three classes of cellulases working in 

cooperation is shown on Fig. 6.  
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Figure 6. Cooperative depolymerization of cellulose by hydrolytic enzymes. 
“Exo”, exocellulase; “endo”, endocellulase.  
 

In addition to cellulases, many other types of enzymes are required to 

efficiently process lignocellulosic biomass. Hemicellulases are hydrolytic 

enzymes targeting various hemicelluloses. They are capable of cleaving the 

polysaccharide backbones or removing the side-chain decorations of their 

substrates. More than 25 types of distinct hemicellulase activities are known 

at the current time [32].  

Microbes produce a large and diverse group of redox enzymes acting on 

lignin, including laccases, lignin peroxidases (LiP), manganese-dependent 

peroxidases (MnP), versatile peroxidases (VP) and dye-decolorizing 

peroxidases (DyP). The common feature of these enzymes is low specificity 

[13]. Peroxidases and laccases oxidize and cleave lignin at random points 

rather than at specific positions, using H2O2 or molecular oxygen as the final 

electron acceptor, respectively.  

Previously, it was thought that oxidative enzymatic degradation of plant 

biomass was limited to the lignin fraction. However, relatively recently, a new 

class of unique mono-copper redox enzymes called lytic polysaccharide 
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monooxygenases (LPMOs) was discovered [33-37]. LPMOs act on crystalline 

surfaces [33,38], rather than on single polysaccharide chains and rely on 

redox chemistry to break glycosidic bonds. By oxidizing recalcitrant polymers 

such as cellulose, LPMOs significantly boost the efficiency of canonical 

hydrolytic enzymes [33,39,40]. The discovery of LPMOs has revolutionized 

our understanding of enzymatic degradation of plant biomass. Modern 

commercial cellulolytic cocktails used in industry are now benefiting from the 

inclusion of LPMOs [41-43]. 

 

1.3 Lytic polysaccharide monooxygenases 
(LPMOs) 

1.3.1 History of discovery 
 

For a long time, hydrolytic enzymes were thought to be the only class of 

proteins involved in polysaccharide depolymerization. In 1954, Rees et al. 

were studying enzymatic degradation of cotton fibers and proposed that 

cellulases may depend on unknown biocatalytic system (“C1 factor”), that 

carries out initial decrystallization of substrate chains [44]. In 1974, Eriksson 

et al. observed that cellulose degradation by fungal secretomes is more 

efficient in the presence of oxygen, compared to anaerobic conditions [45]. 

Therefore, they speculated that the hypothetical “C1 factor” is an oxidative 

enzyme. It took the field about 35 years to substantiate this idea (Fig. 7). Of 

note, in the meantime, most attention was devoted to cellobiose 

dehydrogenase [46], a redox enzyme that indeed may play a role in cellulose 

conversion [47] but which we now know is not the “C1 factor”. 

In 1993, Schnellmann and colleagues described a small (18.7 kDa) chitin-

binding protein from the chitinolytic soil bacterium Streptomyces 

olivaceoviridis [48] and called it “CHB1”. CHB1 was found to be secreted but 



Introduction 

9 
 

seemed to lack catalytic activity. A few years later, a CHB1 homolog was 

discovered in Serratia marcescens and designated as “CBP21”, for chitin-

binding protein of 21 kDa [49]. The growing group of CHB1-like proteins was 

later classified as a new family of carbohydrate-binding modules, CBM33 [50]. 

In 1997, Saloheimo et al. reported the discovery of a novel (and rather weak) 

fungal cellulase from Trichoderma reesei that was called EGIV and became the 

founding member of a new GH family, GH61 [51]. X-ray structures of CBP21 

and a GH61 from Hypocrea jecorina became available in 2005 and 2008, 

respectively, both showing the same fold that had never been observed before 

among CBMs or carbohydrate-active enzymes [52,53]. Importantly, in 2005, 

it became evident that CBP21 boosts the activity of chitinases [39], and similar 

effects were reported for a GH61 in 2007 [54], but the mechanisms behind 

these, in some cases truly remarkable, synergies remained enigmatic.  

In 2010, Vaaje-Kolstad and colleagues demonstrated that CBP21 is a 

redox enzyme, catalyzing oxidative depolymerization of crystalline chitin in a 

reductant-dependent fashion [33]. Experiments with isotopically labeled O2 

revealed that CBP21 inserts an oxygen atom at the C1 of the β(1-4) glycosidic 

bonds in chitin, which results in bond cleavage, and led to naming CBP21 a 

monooxygenase. This pioneering discovery attracted much attention, and 

soon bacterial and fungal monooxygenases targeting cellulose were reported 

[34-36,55,56]. In 2011, Quinlan at al. provided essential insight into the active 

site of these new enzymes, showing they contain a single copper atom 

coordinated by two histidine residues [35]. Finally, in 2012, the name “lytic 

polysaccharide monooxygenase” was coined [37]. GH61 and CBM33 proteins 

were reclassified as LPMOs and reassigned to new CAZy families (AA9 and 

AA10, respectively) [57].  
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Figure 7. Early milestones in LPMO research. The figure was adapted from [58]. 

 

1.3.2 Classification, occurrence and structure 
 

Since the discovery of LPMOs in 2010, researchers have been much 

focusing on exploring novel LPMOs, including LPMOs belonging to novel 

families according to the CAZy classification and LPMOs with novel 

functionalities, i.e., novel substrates. Today, eight CAZy families of LPMOs 

have been founded containing enzymes with varying substrate specificities 

(AA9-AA11, AA13-AA17; Table 1).  

The AA9 family comprises LPMOs of fungal origin primarily targeting 

cellulose and hemicelluloses with β-1,4-linked glucose backbones, such as 

glucomannans and xyloglucans. Furthermore, activity towards xylan has been 

reported for a few representatives of AA9 family [59-61]. Importantly, several 

of these hemicellulolytic activities only occur when the hemicellulose is 
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bound to cellulose [59,60,62], which is compatible with the notion that LPMOs 

have evolved to act on surfaces, including co-polymeric plant cell wall 

structures. Some AA9 LPMOs can bind and oxidize short soluble cello-

oligosaccharides (e.g., cellopentaose or cellohexaose) [63,64]. While these 

reactions may be highly efficient ([65]; Paper IV in this thesis), the biological 

role of LPMO activity on soluble substrates is not clear. 

Family 10 (AA10) LPMOs are known to oxidize cellulose or chitin and, in 

some cases, both these polysaccharides. The founding member of this family 

is CBP21, the first LPMO to be discovered. The AA10 family predominantly 

includes enzymes of bacterial origin, with a few notable exceptions, such as 

LPMOs from the fern Tectaria macrodonta [66] and from entomopoxviruses 

[67]. 

The AA11 and AA13 families are exclusively composed of fungal 

enzymes. AA11 LPMOs are active on chitin or chito-oligomers [68-71]. Very 

few of these enzymes were characterized so far. AA13 LPMOs have the unique 

ability to oxidize starch (i.e., cleave α-1,4 glycosidic bonds). The first LPMO of 

this type was reported in 2014 by Vu et al. [72].  

The AA14 - AA17 LPMO families are the most recently discovered. The 

AA14 family was founded in 2018 and comprises fungal LPMOs that are 

thought to be active on cellulose-bound xylan [73]. AA15 LPMOs target 

cellulose and/or chitin and are found in various organisms, including 

oomycetes and insects. The two founding family members were characterized 

in 2018 from the insect Thermobia domestica that is known to be capable of 

digesting crystalline cellulose [74]. The AA16 family of LPMOs was first 

described in 2019 [75] and its members are cellulose-active and found in 

fungi and oomycetes. Finally, the AA17 family was described in 2021 [76] and 

comprises LPMOs from oomycetes with the unique ability to oxidatively 

cleave homogalacturonan and oligogalacturonides, which are constituents of 

pectin, a component of plant cell walls.  
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Table 1. Overview of LPMO classification, occurrence and known substrates. 
Family Occurrence Known 

substrates* 
Number of 

characterized 
members** 

Number of 
reported 

structures** 
AA9 Fungi cellulose, 

hemicelluloses 
34 18 

AA10 Bacteria, plants, 
viruses 

cellulose, chitin 30 23 

AA11 Fungi chitin 1 1 
AA13 Fungi starch 4 1 
AA14 Fungi xylan 2 1 
AA15 Metazoa, 

Oomycota, 
Alveolata, 

Rhodophyta, 
Chlorophyta, 
Haptophyta, 

Ichthyosporea, 
Phaeophyceae, 

Bacillariophyceae, 
viruses 

cellulose, chitin 3 1 

AA16 Fungi, Oomycota cellulose 1 - 
AA17 Oomycota pectin 3 1 

* Note that not all characterized LPMOs have been tested on all possible substrates 
** The data were retrieved from the database of carbohydrate-active enzymes (CAZy; 
http://www.cazy.org) in February 2022. 
 

It is worth noting that despite more than a decade of research, the 

amount of well-studied LPMOs remains relatively low even for the members 

of the two oldest families of these enzymes (AA9, AA10; see Table 1). 

Therefore, characterization of novel LPMOs is of interest and may reveal new 

types of activities and biological functions. As an example, recent data suggest 

that some LPMOs may play essential roles in host-pathogen interactions, 

promoting infections in mammals [77] and plants [76]. The active site of all 

known LPMOs is formed by two fully conserved histidine residues 

coordinating a single cooper atom (the so-called “histidine brace”; Fig. 8) [35]. 

Note that while being rare, this motif is not exclusive to LPMOs and occurs in 

a few other (non-catalytic) proteins, such as CopC copper chaperones [78] 

and family X325 proteins (whose biological function is still unclear) [79]. 

http://www.cazy.org/
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Importantly, one of the two histidine residues making up the copper site is 

always the N-terminal residue of the polypeptide chain [80] and this residue 

contributes with two of the in total three nitrogen ligands of the copper 

(Fig. 8). Therefore, proper processing of LPMOs (i.e., correct cleavage of signal 

peptides during secretion) is essential for enzymatic activity. In fungal 

LPMOs, the N-terminal histidine residue is methylated. This posttranslational 

modification is thought to protect the active site from auto-catalytic oxidation 

[81]. In fungal LPMOs, the active site contains a tyrosine residue in what may 

be referred to as the proximate axial coordination position (Fig. 8), whereas 

bacterial LPMOs may have a tyrosine or, more commonly, a phenylalanine in 

this position. 

 

 
 
Figure 8. Topology and active site configuration of LPMOs from various families. 
The histidine residues of the copper-binding site and the associated tyrosine residue 
are shown using stick representation. In most AA10 LPMOs the tyrosine residue is 
replaced by a phenylalanine residue. The copper atom is rendered as an orange 
sphere. The crystal structure of the AA14 family LPMO presented in figure was solved 
without copper, however copper binding to the active site was confirmed by EPR [73]. 
The AA9 structure shows methylation of the N-terminal histidine. In the oxidized 
LPMO [Cu(II)], the copper ion would normally also be coordinated by two water 
molecules [82,83]; in the copper-binding proteins with seemingly no catalytic activity 
one of these coordination positions is occupied by an amino acid side chain. The 
enzyme models were rendered based on the following PDB entries: 5ACH (AA9), 
5OPF (AA10), 4MAI (AA11), 4OPB (AA13), 5NO7 (AA14) and 5MSZ (AA15). The 
figure was taken from [84]. 
 

The overall fold of all LPMOs, regardless of the family, is conserved and 

represents an immunoglobulin-like β-sandwich core structure consisting of 
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two β-sheets comprising seven or eight β-strands in total (Fig. 8) [80]. In most 

LPMOs (e.g., AA9, AA10), the catalytic surface accommodating the histidine 

brace is characteristically flat, which reflects the unique ability of these 

enzymes to act directly on the crystalline surface of their substrates. However, 

some enzymes have more rugged surfaces, for example AA13 family members 

that act on starch. The surfaces of these latter LPMOs show a groove and are 

likely adapted to binding individual polysaccharide chains of the substrate 

rather than the surface as a whole [85]. The structural diversity of the LPMO 

substrate-binding surfaces is determined by helices and loops that connect 

the core β-strands and that display a high degree of variation in length and 

sequence [80]. Indeed, although structural studies of LPMO-substrate 

interactions are rare [86-89] it has been shown that these loops accommodate 

residues that interact with substrates. Aromatic side-chains play an 

important role in binding carbohydrates through CH–π stacking interactions, 

and one or more aromatic residues are indeed observed in substrate-binding 

surfaces of LPMOs [80] (Fig. 9).  

 

 
 

Figure 9. Substrate-binding interface of LsLPMO9A. The figure shows the X-ray 
structure of LsLPMO9A solved in the presence of cellohexaose (PDB: 5ACI). The 
residues interacting with the substrate are labeled and colored magenta. The figure 
was taken from [80].  
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  Like many other carbohydrate-binding enzymes, LPMOs may be multi-

domain proteins and the most common additional domain(s) are 

carbohydrate-binding modules (CBMs) [57,90,91]. Existing data suggest that 

CBMs are capable of much stronger binding to insoluble substrates, compared 

to LPMO catalytic domains [92,93]. As outlined below, substrate-binding, i.e., 

high affinity for the substrate and/or a high substrate concentration, is 

important for LPMO action since this prevents off-pathway reactions. 

Therefore, as discussed in more detail below, CBMs may have a profound 

impact on enzyme activity and stability [90,93].  

 

 
 

Figure 10. Cellulose oxidation by a two-domain LPMO. The figure shows 
ScLPMO10C attached to a cellulose surface via carbohydrate-binding module (CBM; 
orange), which is connected to the family 10 catalytic core (AA10; blue) through a 
flexible linker (cyan). The brown circle indicates the theoretical area of ∼1300 Å2, 
corresponding to about 300 glucose residues, that the AA10 domain can sample. The 
figure was taken from [90]. 
 

In a recent study, Courtade et al. presented a structural model of a two-

domain bacterial LPMO (ScLPMO10C), which showed that the CBM and the 

catalytic domain are rather rigid entities that are connected by a highly 

flexible linker [90] (Fig. 10). The modeling data showed that, thanks to this 

linker, the cellulose-bound CBM would keep the catalytic domain close to the 
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substrate surface while at the same time allowing it to sample a large area 

where oxidative cleavage of glycosidic bonds could take place (Fig 10).  

 

1.3.3 Reaction mechanism and nature of co-substrate 
 
Despite many uncertainties regarding the detailed mechanism of LPMO-

catalyzed reactions (discussed below), there are few fundamental facts that 

are well-established. It has long been known that LPMO-Cu(II) is the inactive 

resting state of these enzymes [35] and that initial reduction to LPMO-Cu(I) 

is essential for catalysis. It has been unambiguously demonstrated that in the 

presence of electron donors, LPMOs promote formation of reactive oxygen 

species that carry out oxidation (hydroxylation) of carbohydrate substrates 

at the C1 or C4 position resulting in destabilization and cleavage of glycosidic 

bonds [33,36]. Oxidation of the C1 carbon leads to formation of a lactone, 

whereas oxidation of the C4 carbon yields 4-ketoaldose. These oxidized 

products are unstable and exist in equilibrium with their hydrated forms 

(Fig. 11).  

 

 
 

Figure 11. Oxidized LPMO products formed during cellulose depolymerization. 
The figure shows oxidized sugars generated by C1- or C4-oxidizing LPMOs. Some 
LPMOs are less regioselective and generate a mixture of C1-, C4- and double-oxidized 
products. The figure was taken from [94]. 
 

Some LPMOs lack regioselectivity and can act on both C1 and C4 carbons 

(e.g., [95,96]), releasing mixtures of C1-, C4- and double oxidized products. 
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Interestingly, there is recent data showing that these double oxidized 

products may not be oxidized at the C1 and C4 positions, as one would expect 

[63], but rather at the C4 and C6 positions [97]. 

Since reduced LPMOs cleave their substrates by introducing oxygen 

atoms into carbohydrate chains, the enzymes depend on a source of oxygen 

(i.e., a co-substrate), in addition to an electron donor. Being an essential 

aspect of the reaction mechanism, the nature of the LPMO co-substrate 

remains a matter of discussion and some controversy. Historically, LPMOs 

were thought to rely on molecular oxygen (hence, the name 

“monooxygenase”). This notion was based on experiments showing that 

isotopically labeled oxygen atoms are incorporated into reaction products 

when reactions were carried out with 18O2 [33]. However, this apparent 

dependency of LPMO reactions on molecular oxygen does not exclude the 

possibility that LPMO catalysis can be fueled by reactive oxygen species that 

are generated from O2 under reducing conditions. Indeed, in 2017, Bissaro 

and colleagues discovered that LPMOs can use H2O2 as a co-substrate and 

clearly prefer it over molecular oxygen in competition experiments [98]. 

Notably, H2O2-dependent (i.e., peroxygenase) LPMO reactions were shown to 

be fast [98-103] compared to monooxygenase reactions, which are typically 

two to three orders of magnitude slower.  

Importantly, despite several studies done in the decade, detailed 

mechanisms for the monooxygenase and peroxygenase LPMO reactions are 

yet to be established. In particular, the nature of the reactive Cu-oxygen 

species that abstract a hydrogen atom from the polysaccharide substrate 

remains unknown. Fig. 12 shows possible scenarios for O2- and H2O2-driven 

LPMO catalysis derived from computational studies [104,105] and involving 

a Cu(II)-oxyl active intermediate. Several alternative catalytic pathways have 

been proposed in literature that rely on other active species, such as Cu(II)-

superoxide [106] and Cu(III)−OH [89,107]. 
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Figure 12. Monooxygenase (top) and peroxygenase (bottom) LPMO reactions. 
The figure shows possible mechanisms for O2- and H2O2-driven oxidation of 
carbohydrates by LPMOs. Both catalytic pathways potentially involve LPMO-Cu(II)-
O∙ active intermediate. Regardless of the nature of the oxygen co-substrate, initial 
reduction of Cu(II) to Cu(I) is required for the enzyme to enter the catalytic cycle. The 
figure was adapted from [94]. 
 

Regardless of the nature of the co-substrate, the LPMO catalytic cycle 

starts with reduction of active site copper resulting in the LPMO-Cu(I) state. 

Next, reduced LPMO binds both substrate and co-substrate. In case of a 

monooxygenase reaction (Fig. 12, top), it is plausible that a LPMO-Cu(I)-OO∙ 

superoxide complex is first formed [108] and further converted to LPMO-

Cu(II)-O∙ (oxyl) intermediate via consecutive proton-coupled transfer of two 

electrons leading to elimination of water molecule [104]. The resulting, 
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hypothetical, Cu(II)-O∙ intermediate is thought to be responsible for 

abstraction of a hydrogen atom from C1 or C4 carbon of the scissile bond. This 

step is followed by rapid rebound of the resulting hydroxyl radical to the 

substrate [109] and recovery of the LPMO-Cu(I) state. The hydroxylation of 

the C1 or C4 carbons destabilizes the glycosidic linkage [36], leading to its 

cleavage and formation of the corresponding lactone or 4-ketoaldose, as 

shown in Fig. 11.  

 Several catalytic scenarios were proposed when the peroxygenase 

activity of LPMOs was discovered [98] and one of these, based on homolytic 

cleavage of H2O2, is currently prevailing [100]. The reaction pathway for H2O2-

driven catalysis (Fig. 12, bottom) is likely based on the initial formation of 

LPMO-Cu(I)-OH complex together with a ∙OH radical [98,100]. It is thought 

that the ∙OH radical is stabilized by the enzyme [105,110] and, instead of 

directly reacting with the substrate, abstracts a proton from the LPMO-Cu(I)-

OH complex, leading to elimination of water and formation of the LPMO-

Cu(II)-O∙ intermediate that attacks the glycosidic bond in the same way it was 

described for monooxygenase reaction (Fig. 12).  

 As can be seen in Fig. 12, the essential difference between the 

monooxygenase and peroxygenase catalytic cycles is the amount of electrons 

that are channeled through the enzyme catalytic center. In the 

monooxygenase reaction, two electrons (and two protons) must be delivered 

to the active site to complete catalytic cycle after the reduced enzyme binds 

to O2. By contrast, H2O2 carries both the protons and reducing equivalents that 

are necessary for LPMO activity and for regeneration of the LPMO-Cu(I) state. 

In other words, in case of the peroxygenase reaction, LPMOs only require an 

initial priming reduction after which the enzyme can catalyze multiple 

reactions if supplied with hydrogen peroxide and substrate. Indeed, 

experimental data suggest that LPMO reactions that are fueled by H2O2 

consume sub-stoichiometric amounts of reductant. It has been shown that 
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under peroxygenase conditions a reduced enzyme can perform about 20 

turnovers before returning to resting LPMO-Cu(II) state [101,111,112].  

It is worth noting that consecutive delivery of two electrons and protons 

during the LPMO catalytic cycle, which is required according to the 

monooxygenase paradigm (Fig. 12, top), poses a serious theoretical problem. 

Computational studies show that binding to the substrate shields the LPMO 

active site from the solvent to a degree that will only allow O2 and H2O2 (but 

not reducing compounds) to access the copper atom [113]. It is clear that the 

first electron can be “stored” in the reduced active site, whereas the potential 

route of the second electron towards the active site of the substrate-bound 

enzyme is enigmatic. Some researchers proposed that the additional electron 

may be delivered to the active site via a hypothetical electron transport chain 

[114,115], however these claims remain unsupported by experimental data. 

 Given the difficulty of solving this “second electron conundrum” and the 

clear preference of LPMOs for H2O2, one may wonder whether 

monooxygenase reactions can occur at all. It is well known that hydrogen 

peroxide can be produced in situ in aerobic LPMO reactions [116]. Therefore, 

distinguishing between monooxygenase and peroxygenase activity is 

problematic [117], as discussed in section 1.3.4 below, and in several of the 

research papers presented in this thesis.  

On a side note, reduced LPMOs may occasionally undergo auto-catalytic 

oxidation. These “futile” reactions are one to three orders of magnitude 

slower than productive turnovers [99] [118] and can be prevented by binding 

to the substrate ([119] and Paper III of this thesis). Self-oxidation 

predominantly affects the histidine residues of the copper-binding center 

[98,119]. Interestingly, recent work has shown that multiple futile turnovers 

are possible prior to irreversible damage to LPMO [118]. In other words, it 

would seem that slow futile peroxidase reactions of LPMOs may very well 

leave the enzyme intact. Oxidative inactivation of LPMOs is often observed in 
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the presence of hydrogen peroxide, which has led some researchers to claim 

that H2O2 is not a biologically relevant co-substrate [65]. On the other hand, 

there is ample evidence showing that, when properly controlled, i.e., when 

keeping H2O2 concentrations low and substrate concentrations high, LPMO 

peroxygenase reactions are stable, with each enzyme molecule catalyzing 

thousands of turnovers [111]. Under “peroxygenase” conditions, productive 

binding to substrate becomes a key factor limiting the LPMO stability, since 

lack of productive binding increases the chances for off-pathway reactions 

and autocatalytic enzyme inactivation. As illustrated by Paper IV of this thesis, 

stoichiometric productive conversion of high amounts (600 µM) of H2O2 by 

LPMOs can be achieved when using a soluble rapidly diffusing low-molecular-

weight substrate.  

 

1.3.4 Electron sources and in situ H2O2 generation 
 

As alluded to above, LPMO catalysis requires reduction of the active site 

copper. One of the most remarkable LPMO features is the ability to accept 

electrons from a diverse range of donors, which is likely due to the solvent-

exposed topology of the copper site. LPMO reactions can be fueled by low 

molecular weight compounds such as ascorbic acid [33,90,95,98], gallic acid 

[35], dithiothreitol (DTT) [62], L-cysteine [120], reduced glutathione [33], 

plant or fungal phenols [121] and lignin derivatives [122,123]. Furthermore, 

it has been shown that LPMOs can be reduced by photocatalytic systems 

based on naturally occurring pigments [124,125] or on vanadium-doped 

titanium dioxide [126].  

Interestingly, sugar dehydrogenases such as cellobiose dehydrogenase 

(CDH) [36,56,127], glucose dehydrogenase (GDH) [128] or pyrroloquinoline-

quinone-dependent pyranose dehydrogenase (PDH) [129] can also serve as 
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electron donors for LPMOs. Sugar dehydrogenases occur in families AA3 and 

AA12 of the CAZy database and have a flavin adenine dinucleotide (FAD) or a 

pyrroloquinoline-quinone (PQQ) co-factor, respectively. The reductive half-

reaction catalyzed by these enzymes entails substrate oxidation and two-

electron reduction of the co-factor. In the subsequent oxidative half-reaction, 

the co-factor is re-oxidized and electrons are transferred to various acceptors. 

Sugar dehydrogenases were shown to be capable of reducing LPMO active site 

either directly [128] or via redox mediators, such as cytochrome domains or 

small molecules (e.g., benzoquinones) [121]. 

 Notably, sugar dehydrogenases are often co-expressed and secreted 

with LPMOs [1] in biomass-degrading fungi, suggesting that reduction of 

LPMO copper sites by these enzymes can be biologically relevant. An 

overview of possible routes for LPMO reduction, involving low molecular 

weight reductants, light-activated pigments, lignin derivatives and/or 

partner enzymes is shown in Fig. 13.  

 The promiscuity of LPMOs with respect to the reductant may be taken to 

show that the reduction of the solvent-exposed copper, which has a higher 

redox potential than free copper [81,86], is relatively easy and does not 

require specific interactions between the LPMO and its redox partner. Indeed, 

it has been shown that one-electron reduction of LPMOs (in the absence of 

substrate) is very fast [110,121,127], relative to observed catalytic rates, and 

thus not likely to be rate-limiting. Paradoxically, nevertheless, LPMO catalytic 

rates depend strongly on the type of reductant (e.g., [121,130] and Papers I, 

II and IV of this thesis). This dependency could relate to the speed of the 

delivery of the second electron in a monooxygenase reaction (Fig. 12). 

Alternatively, and perhaps more likely in view of recent findings regarding 

the high peroxygenase activity of LPMOs, this observation could reflect the 

impact of the reductant on in situ generation of H2O2, which may be rate-
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limiting for the LPMO reaction under commonly used laboratory conditions 

(“monooxygenase conditions”; see below for further discussion). 

 

 
 
Figure 13. Reduction of LPMOs. The figure shows various electron sources for 
LPMOs, including redox enzymes (routes a,b), which may engage in direct transfer or 
use a redox mediator possibly derived from enzymatic lignin degradation, lignin itself 
(c), light-activated photosynthetic pigments (d) and various other low-molecular-
weight reductants such as ascorbic acid (e). GDH, glucose dehydrogenase; CDH, 
cellobiose dehydrogenase; PDH, pyrroloquinoline-quinone-dependent pyranose 
dehydrogenase. The figure was taken from [1]. 

 

There are multiple potential sources of hydrogen peroxide in typical 

aerobic LPMO reactions. First of all, it has been known since 2012 that 

reduced LPMOs can interact with molecular oxygen in a manner that leads to 

generation of hydrogen peroxide. First observed by Kittl et al. [116], this 

oxidase activity is still not fully understood. It is possible that LPMOs catalyze 

single-electron reduction of molecular oxygen to superoxide [108] which 

leaves the active site to be further converted to H2O2 through reactions with 

reducing compounds or by spontaneous disproportionation. An alternative 

scenario implies two-electron reduction of O2 to H2O2 by the LPMO without 

release of intermediates into the solution [131]. 



Introduction 

24 
 

Historically, H2O2 generation by LPMOs was thought to represent a 

“futile" uncoupled reaction. However, in the light of recent findings regarding 

the peroxygenase activity of LPMOs, it is possible that enzymatic H2O2 

generation can fuel LPMO catalysis in the absence of exogenous hydrogen 

peroxide, and should thus be considered part of productive LPMO action 

[98,117]. In any case, there is accumulating evidence, including results 

presented in several Chapters of this thesis, indicating that the slow apparent 

“monooxygenase” reactions observed in standard aerobic LPMO reactions 

may in fact be peroxygenase reactions that are limited by (low) in situ H2O2 

production. 

Reactions between reductants and molecular oxygen, sometimes called 

reductant auto-oxidation, provide another source of hydrogen peroxide in 

LPMO reactions. Commonly used low-molecular weight reducing agents, such 

as ascorbic acid [132], gallic acid [133], reduced glutathione [134] and L-

cysteine [135] are known to be oxygen scavengers and can interact with 

dissolved O2 in a manner that leads to formation of H2O2. Notably, the rates of 

these non-enzymatic reactions typically depend on many factors such as pH 

[132,136-138] and the concentration of free Cu(II) ions in solution 

[132,134,135,139,140]. There are recent data showing that enzyme-

independent H2O2 generation plays a considerable role in driving LPMO 

activity under commonly used LPMO reaction conditions in the absence of 

exogenous hydrogen peroxide ([103] and Paper I of this thesis).  

The idea that hydrogen peroxide is the only “true” LPMO co-substrate 

was proposed by Bissaro et al. [98,117]. This idea not only provides an 

explanation for the orders-of-magnitude gap between LPMO catalytic rates 

under “peroxygenase” and “monooxygenase” conditions, but also solves (or, 

rather, avoids) the “second electron conundrum”. However, this concept has 

not been accepted by some researchers and has triggered a debate to which 

this thesis aims to contribute. The dispute stems in part from data showing 
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that enzymatic hydrogen peroxide production seems to not be taking place in 

the presence of LPMO substrates [63,65,116]. Some researchers claim that 

these observations show that H2O2 generation by LPMOs is suppressed by 

substrate binding, which could imply that LPMO activity observed under 

“monooxygenase conditions” (i.e., in aerobic set-ups without exogenously 

added H2O2) is due to a true monooxygenase reaction [65]. Yet, other 

researchers have pointed out that the apparent lack of hydrogen peroxide 

accumulation in these reactions is a result of the productive consumption of 

the generated H2O2 by LPMOs, which is to be expected given the high affinity 

(e.g., KM ≈ 2 µM [99]) of these enzymes for H2O2. As it was alluded to above, 

computational studies show that binding to the insoluble substrate may 

prevent reductants from accessing the LPMO active site [113] and, thus, may 

suppress enzyme-dependent H2O2 generation. Indeed, Filandr et al., have 

recently demonstrated that substrate-binding does decrease LPMO-

dependent H2O2 generation [102]. Still, H2O2 will be generated in typical 

LPMO reactions with substrate, by non-substrate-bound LPMOs or by LPMO-

independent reductant oxidation. Of note, there is experimental evidence that 

catalytic domains of LPMOs bind the substrate rather weakly [92,93]. As 

discussed in Paper III of this thesis, LPMO-dependent H2O2-generation will 

depend on the enzyme’s affinity for the substrate (and the substrate 

concentration). These affinities will likely vary between different LPMOs and 

enzyme-substrate combinations, which could in part explain why the catalytic 

properties of LPMOs under “monooxygenase conditions” vary. 

All in all, while monooxygenase reactions cannot be fully excluded, the 

availability of H2O2 produced in situ by the combination of enzyme-dependent 

and non-enzymatic factors (Fig. 14) will likely render this O2-pathway 

kinetically irrelevant [98,102]. This is illustrated by inhibition experiments 

presented in Papers II and IV of this thesis, showing that the LPMO-catalyzed 

generation of oxidized products from both insoluble (microcrystalline 
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cellulose) and soluble (cellopentaose) substrates can be suppressed almost 

completely by competing H2O2-consuming enzymes (horseradish peroxidase 

or bovine liver catalase).  

 

 
 
Figure 14. In situ H2O2 generation in typical LPMO reactions with an insoluble 
substrate. The figure shows a schematic representation of enzyme-dependent and 
non-enzymatic pathways leading to formation of hydrogen peroxide in reaction 
mixtures with a low-molecular-weight reductant (e.g., ascorbic acid or L-cysteine) 
and O2. The accumulating H2O2 will drive productive peroxygenase reactions by 
substrate-bound enzymes or result in futile turnover by non-substrate-bound LPMOs, 
which may lead to the auto-catalytic damage to the active site. Note that two electrons 
are required to generate H2O2 from molecular oxygen.
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2 Outline and purpose of the 
work described in this 
thesis 

 

 Despite intense research on LPMOs during the past decade and despite 

extensive use of these enzymes by industry for processing of lignocellulosic 

biomass, there are still many open questions regarding the mechanism and 

kinetics of LPMO-catalyzed reactions. In fact, it has been hypothesized that, 

due to this lack of understanding, the true power of LPMOs is currently not 

being harnessed in most reaction settings [141]. The discovery that these 

enzymes prefer H2O2 over O2 and are capable of catalyzing fast peroxygenase 

reactions has provided new insights into LPMO functionality, but also raised 

debate and novel questions. For example, based on this new paradigm, it 

seems feasible that the slow apparent monooxygenase (i.e., O2-dependent) 

LPMO activity observed in the absence of exogenously provided hydrogen 

peroxide is in fact a peroxygenase activity that is driven and limited by in situ 

H2O2 generation. This notion, which was not generally accepted at the start of 

the work described in this thesis, could shed new light on the role of 

reductants in LPMO reaction, since these would affect the potentially crucial 

rate of H2O2 generation in the system. 

The overall goals of the work described in this thesis were to study 

enzymatic and abiotic H2O2-generating reactions that can occur under 

commonly used experimental conditions, and to address the potential impact 

of these reactions on LPMO catalytic rates and stability. In particular, 

experiments were performed to investigate whether the vast variation in 
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reported catalytic efficiencies of different LPMO-reductant combinations is 

related to differences in hydrogen peroxide production. The work presented 

in this thesis is described in four research papers.  

Paper I proposes a modified version of the HRP/Amplex Red assay that 

allows for obtaining more reliable quantitative data for in situ H2O2 

generation in reaction mixtures that contain reductants that interfere with 

the assay signal. This assay, and other methods, were then used to evaluate 

the relative contributions of enzymatic and enzyme-independent sources of 

hydrogen peroxide in typical reactions with a bacterial family AA10 LPMO 

that were driven by two commonly used reductants, ascorbic acid and gallic 

acid. Importantly, the impact of free copper, which is redox-active and which 

may occur in LPMO reactions, on hydrogen peroxide production was also 

assessed. By measuring both hydrogen peroxide production and cellulose 

oxidation, correlations between these two processes were revealed.  

Papers II and IV build upon the methods described in Paper I, and 

further assess the correlation between LPMO catalytic rates and the rate of 

H2O2 generation in reaction mixtures containing various reducing 

compounds, such as ascorbic acid, gallic acid, L-cysteine, as well as, in Paper 

II, dehydroascorbic acid, which is not generally considered a reductant but 

which can drive LPMO reactions. Importantly, these papers include 

experiments showing that H2O2-consuming enzymes, catalase (Paper II) or 

HRP (Paper IV), inhibit LPMO reactions, thus shedding more light on the 

catalytic relevance of monooxygenase LPMO reactions, compared to 

peroxygenase LPMO reactions. Paper II addresses the impact of reductants 

on the activity of a novel bacterial (AA10) LPMO acting on an insoluble 

cellulosic substrate. Paper IV describes work with two fungal (AA9) LPMOs 

that oxidize soluble cello-oligosaccharide.  

 The findings described in Papers I & II generated new hypothesis as to 

how different LPMO types could act synergistically during cellulose 
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degradation. Specifically, it was hypothesized that such synergies could 

depend on variation in the H2O2-generating and H2O2-consuming abilities of 

LPMOs, as well as on LPMO substrate affinity. Paper III describes 

experiments done to investigate whether cellulose-degrading activity and 

enzyme stability in an LPMO reaction could be enhanced by combining LPMOs 

with different H2O2-generating and substrate-binding capacities. 

 The work described in this thesis was done within the framework of the 

OxyMod project, which is aimed at understanding and optimizing enzymatic 

redox systems for conversion of lignocellulosic biomass.  
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3 Main results and 
discussion 

 

3.1 Paper I: Unraveling the roles of the reductant 
and free copper ions in LPMO kinetics  

 
 As alluded to above, LPMOs depend on an electron source to maintain 

their catalytic cycle and are known for their promiscuity towards reducing 

compounds. The reduction of enzyme-bound Cu(II) to Cu(I) was shown to be 

extremely fast compared to observed catalytic rates (e.g., [110,127]), and yet 

there is a remarkable variation in the reported efficiencies of various LPMO-

reductant combinations at standard aerobic conditions [121,130]. This 

variation remains largely unexplained. Within the monooxygenase paradigm, 

this variation suggests that the reaction is limited by delivery of the second 

electron to the substrate-bound LPMO (Fig. 12). However, the discovery of 

LPMO peroxygenase activity provides an alternative explanation, because it 

is now conceivable that the apparent monooxygenase (i.e., O2-dependent) 

activity observed in typical “monooxygenase” reaction set-ups is in fact 

peroxygenase activity fueled by H2O2 produced in situ [98]. Therefore, the 

dependency of LPMOs on the type of reductant may reflect variation in H2O2 

production rates promoted by these compounds. Under standard reaction 

conditions, hydrogen peroxide can be formed via interaction of reducing 

compounds with molecular oxygen (so-called “auto-oxidation” of the 

reductant) or by reduced LPMOs engaging into oxidase reactions [116] (see 

Introduction for a detailed discussion).  
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 To investigate the relative impact of both enzyme-dependent and non-

enzymatic pathways for H2O2 generation, a novel bacterial LPMO comprising 

a catalytic domain and a CBM2 carbohydrate-binding module was used as a 

model. This enzyme, which is similar to well-studied ScLPMO10C [34], was 

cloned from a marine Actinomycete and produced in E. coli (Paper I: Fig. 1). 

The enzyme was shown to be a C1-cellulose oxidizer and was named AA10_7 

(Paper I: Fig. 2).  

 While studying in situ hydrogen peroxide generation in LPMO reactions, 

it is extremely important to consider the level of free Cu(II) ions in the 

reaction mixtures. Cu(II) is known to catalyze auto-oxidation of ascorbic acid 

and many other reductants by acting as redox mediator between the electron 

donor and O2 [132,134-136,139]. Importantly, being copper-dependent 

enzymes, LPMOs are often saturated with Cu(II) by co-incubating with a slight 

molar surplus of free copper, followed by desalting. It is reasonable to assume 

that LPMO preparations may vary in terms of the amounts of free copper, due 

to variations in desalting protocols, and this will affect the rates of H2O2 

generation in reaction mixtures. To account for such effects in Paper I, 

protein-free fractions were obtained from enzyme stock solutions by 

ultrafiltration and were tested for (copper-driven) hydrogen peroxide 

production in the presence of ascorbic acid (Paper I: Fig. 3). These protein-

free control samples did not promote H2O2 production, whereas added 

Cu(II)SO4 in concentrations as low as 0.2 μM did, indicating negligible levels 

of residual free copper in the LPMO preparations used in the study. This was 

further confirmed by ICP-MS analysis, showing the presence of 0.98 ± 0.18 µM 

and 0.90 ± 0.14 µM total copper in 1 µM enzyme solutions prepared from two 

batches of purified copper-saturated LPMO.  

 Next, Avicel degradation by 1 µM LPMO was assessed at standard aerobic 

conditions (i.e., in the absence of exogenously added hydrogen peroxide), 

using 1 mM ascorbic acid or 1 mM gallic acid to fuel the reaction. Both 
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reactions were remarkably slow (approximately 0.06 min−1 in the presence of 

ascorbic acid and 0.2 min−1 in the presence of gallic acid), but steady, with 

almost linear progress curves for the 24 h of the experiment (Paper I: Fig. 4A). 

Importantly, repeating the same experiments in the presence of 100 µM H2O2 

led to two orders of magnitude faster substrate oxidation with no significant 

difference between ascorbic acid-driven and gallic acid-driven reactions 

(Paper I: Fig. 4B). These initial results indicated that the variation in reductant 

efficiency observed at standard aerobic conditions could relate to different 

levels of in situ H2O2 supply.  

 Digging deeper into this topic, the levels of in situ H2O2 generation in 

reaction mixtures containing 1 mM reductant and varying amounts of LPMO 

(1-8 µM) were assessed (Paper I: Fig. 6A) using the HRP/Amplex Red assay. 

It is worth noting that the typical reaction conditions for this standard assay 

involve very low reductant concentrations (e.g., 50 µM) [116,142] due to the 

well-described tendency of reducing compounds to repress the assay signal 

[110,143,144]. However, when using such low reductant concentrations in 

the HRP/Amplex Red experiments and 20-fold higher (1 mM) reductant 

concentrations in cellulose degradation experiments, it becomes difficult to 

compare the H2O2 generating ability of the reaction system with its cellulose-

oxidizing ability. Therefore, the assay was modified by using 1 mM reductants, 

whereas at the same time, this amount of reductant was also added to the 

standard curves for H2O2, to correct for signal repression by ascorbic acid and 

gallic acid.  

Comparison of H2O2 generation rates (Paper I: Fig. 6A) and substrate 

oxidation rates (Paper I: Fig. 4A) obtained with 1 µM LPMO at standard 

aerobic conditions revealed a correlation between the cellulose oxidation 

efficiency and the expected endogenous hydrogen peroxide supply: reactions 

with gallic acid gave more cellulose degradation and higher production of 

H2O2. Comparison of H2O2 generation rates obtained with and without LPMO 
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(Paper I: Fig. 6A) indicated that auto-oxidation of the reductant is the major 

source of hydrogen peroxide in reactions with gallic acid. On the other hand, 

in experiments with ascorbic acid LPMO-dependent hydrogen peroxide 

generation was pronounced (Paper I: Fig. 6A).  

To further investigate the interplay between enzymatic and abiotic 

routes for H2O2 generation, a series of LPMO reactions with Avicel were 

carried out in the presence of 1 mM ascorbic acid or 1 mM gallic acid using 

increasing amounts of the enzyme (Paper I: Fig. 7). Surprisingly, regardless of 

the reductant used, these experiments showed that product formation was 

almost independent of the enzyme dose in a wide range of LPMO 

concentrations (0.1 – 4 µM), meaning that the enzyme contribution to H2O2 

generation was low compared to non-enzymatic reactions (i.e., auto-

oxidation of reductants). While this was expected for gallic acid (see above), 

one could have expected a larger effect of the enzyme dose in the case of 

ascorbic acid since, as shown above, the LPMO contributes significantly to 

H2O2 generation in reactions with this reductant. One explanation for these 

observations would be that binding of the LPMO to the substrate reduces the 

enzyme’s ability to generate H2O2 [63,110,116]. Overall, the lack of 

dependency on the enzyme concentration supports the notion that the 

reaction is limited by in situ generation of the H2O2 co-substrate. 

Importantly, control H2O2 production experiments with 1 µM free copper 

revealed that copper ions cause a massive increase in hydrogen peroxide 

generation in reactions with ascorbic acid, but hardly affect H2O2 production 

in reactions with gallic acid (Paper I: Fig. 5 & Fig. 6B). On the same note, 

introduction of varying amounts of Cu(II) to reaction mixtures containing 

LPMO, reductants and cellulose resulted in a copper dose-dependent boost in 

enzyme activity in reactions with ascorbic acid, but not in reactions with gallic 

acid (Paper I: Fig. 8A,B). This H2O2-mediated effect of free copper and ascorbic 

acid on the LPMO catalytic rate was remarkably strong: a 1 h reaction in the 
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presence of 1 µM Cu(II)SO4 (Paper 1: Fig. 8A) yielded more oxidized products 

than a 24 h copper-free reaction with the same reductant (Paper 1: Fig. 4A). 

Taken together, these experiments indicate that, while being the most 

popular LPMO reductant, ascorbic acid may cause non-enzyme related 

variation in observed catalytic rates, due to varying amounts of Cu(II) in 

enzyme preparations and substrates. 

Indeed, as summarized in Paper I, previously reported rates for ascorbic 

acid-driven cellulose-oxidation by the well-characterized model bacterial 

LPMO ScLPMO10C display major (up to two orders of magnitude) variation, 

despite using seemingly comparable reaction conditions (Paper I: Table 1). Of 

note, the lowest catalytic rate reported for ScLPMO10C is approximately 0.2 

min−1, which is comparable to the rate described for AA10_7 in Paper I, where 

the level of free copper in solution was controlled and negligible. Comparison 

of two in-house produced batches of ScLPMO10C, one freshly prepared and 

one older batch, revealed large differences in product yields. The older, 

putatively less clean, enzyme batch showed much increased activity, which 

was reduced after this batch had been subjected to additional round of 

desalting (Paper I: Fig. S5). Overall, it is clear that free copper is a major factor 

determining the activity of ascorbic acid-driven LPMO reactions and that this 

should be taken into account when interpreting literature data on LPMOs. 

All in all, the results of Paper I provide evidence that LPMO activity 

observed at standard aerobic conditions represents peroxygenase reactions 

that are fueled and limited by in situ hydrogen peroxide generation, which 

depends on the type of reductant and the presence of free transition metals. 

Under the standard conditions used in this study (1 µM enzyme, 1 mM 

reductant, no exogenous hydrogen peroxide, pH 6.0), auto-oxidation of 

ascorbic acid and gallic acid is a major source of H2O2, partly because enzyme-

dependent hydrogen peroxide generation is suppressed by substrate binding. 

The auto-oxidation of ascorbic acid is increased many folds in the presence of 
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free Cu(II) ions, which makes LPMO reactions fueled by this commonly used 

reductant very sensible to copper contamination and hard to control. 

Several elements of the above need further investigation, such as the 

impact of pH, which undoubtedly will affect redox properties of both the 

LPMO and the reductant [142]. Another question is whether the contribution 

of the LPMO itself to in situ H2O2 generation may vary between different LPMO 

types (e.g., bacterial AA10s versus fungal AA9s); this is addressed in Paper IV. 

The impact of substrate-binding on H2O2 production, and possible 

implications on how LPMOs perform and interact, are addressed in Paper III. 

Studies similar to those described in Paper I, but including two more 

reductants, are described in Paper II. 
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3.2 Paper II: The impact of reductants on the 
catalytic efficiency of a lytic polysaccharide 
monooxygenase and the special role of 
dehydroascorbic acid 

 
 Paper II of this thesis describes a biochemical characterization of 

SscLPMO10B, a novel LPMO from the phytopathogenic bacterium 

Streptomyces scabies, with particular focus on links between this enzyme’s 

catalytic rate and in situ hydrogen peroxide production in the presence of 

various reducing compounds. This study included an assessment of 

dehydroascorbic acid (DHA), which is an oxidized form of ascorbic acid. The 

interest in DHA, which is not considered a reductant, was triggered by a study, 

published in 2021, showing that DHA is able to drive LPMO reactions on 

cellulose via largely unknown mechanism [145].  

 The SscLPMO10B gene sequence (GenBank accession number 

WP_173402964.1) was obtained from the publicly available Streptomyces 

scabies genome (strain 87.22, GenBank accession number NC_013929.1). The 

protein, comprising an AA10 catalytic domain and a CBM2 carbohydrate-

binding module (Paper II: Fig. 2), was produced in E. coli and the presence of 

negligible levels of residual free copper in the resulting preparation of the 

copper-saturated LPMO was confirmed using the ultrafiltration-based assay, 

described in Paper I.  

 Screening of LPMO activity towards a large panel of soluble and insoluble 

carbohydrate substrates (including chitin and various hemicelluloses) 

revealed that SscLPMO10B is C1-oxidizing enzyme acting on amorphous and 

microcrystalline cellulose as well as on CMC, a soluble derivative of cellulose 

(Paper II: Figs. 3 & 4). Next, the capacity of various reductants (ascorbic acid, 

gallic acid, L-cysteine and DHA, at 1 mM concentration) to fuel Avicel 

solubilization by 0.5 µM SscLPMO10B was assessed (Paper II: Fig. 5). The use 

of ascorbic acid and gallic acid in reactions with SscLPMO10B and Avicel, 
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resulted in slow, but steady oxidation of cellulose over 24 h. The rates 

obtained with ascorbic acid and gallic acid amounted to approximately 

0.12 min-1 and 0.25 min-1, respectively. Such excessively low catalytic rates 

are comparable to the data reported in Paper I for another AA10 LPMO under 

the same reaction conditions. Notably, the reaction with L-cysteine displayed 

a much faster rate (≈1.3 min-1), compared to gallic acid and ascorbic acid, but 

product formation diminished early on in the reaction, which is indicative of 

LPMO inactivation. Importantly, the experiment with DHA confirmed the 

recent report [145] by showing that this oxidized derivative of ascorbic acid 

can, indeed, drive LPMO reactions on cellulose. The rate of DHA-fueled 

substrate oxidation amounted to approximately 0.32 min-1, meaning that, 

remarkably, the reaction with DHA outperformed the reactions with gallic 

acid and ascorbic acid. 

 Using the modified version of the HRP/Amplex Red assay described in 

Paper I, the H2O2 production capacity of LPMO reactions containing 1 mM 

reductant was tested, showing strong dependency of H2O2 production on the 

nature of electron donor. Taken together, the hydrogen peroxide production 

data (Paper II: Fig. 6) and the substrate oxidation data (Paper II: Fig. 5) show 

a strong correlation between the SscLPMO10B catalytic efficiency and in situ 

H2O2 generation for reactions with ascorbic acid, gallic acid and L-cysteine. 

Very fast accumulation of hydrogen peroxide was observed in reactions with 

L-cysteine, which likely explains why early enzyme inactivation occurred 

during L-cysteine-driven reactions with cellulose. All in all, the results 

obtained for reactions with ascorbic acid, gallic acid and L-cysteine confirm 

the notion that LPMO activity under standard aerobic conditions reflects an 

H2O2-limited peroxygenase reaction, rather than a monooxygenase (i.e., O2-

dependent) reaction.  

On the other hand, the experiments with DHA seemingly pointed in a 

very different direction. While DHA-driven oxidation of cellulose by 
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SscLPMO10B was fast, compared to reactions with ascorbic acid and gallic 

acid, H2O2 production in the presence of DHA was negligible, potentially 

indicating that (H2O2-independent) monooxygenase LPMO reactions are 

fueled by this reductant.  

To further investigate the role of H2O2 in DHA-driven SscLPMO10B 

activity, LPMO reactions with Avicel were carried out in the presence of 

100 µM hydrogen peroxide (Paper II: Fig. 7A) and either DHA or ascorbic acid. 

As expected, the addition of H2O2 to the LPMO reaction with ascorbic acid 

resulted in a vast increase in the product release rate (≈5.6 min-1) compared 

to the rate obtained at standard aerobic conditions (≈0.12 min-1). At the same 

time, the effect of H2O2 on the DHA-driven SscLPMO10B reaction was minimal, 

showing a product release rate (≈0.86 min-1) that was close to the rate 

observed at standard aerobic conditions (≈0.32 min-1). Given these results, 

one may assume that DHA is a highly unusual reductant that cannot efficiently 

reduce the LPMO to support peroxygenase activity (Paper II: Fig. 7A) but 

works perfectly fine under “monooxygenase” conditions (Paper II: Fig. 5). 

Looking for explanations, we first considered the possibility that DHA 

has very high reactivity with H2O2, thus removing the co-substrate from the 

reaction before it can be productively consumed by the enzyme. A control 

reaction with added H2O2 in the presence of both ascorbic acid and DHA 

(Paper II: Fig. 7B) yielded a progress curve almost equal to the curve obtained 

with ascorbic acid alone, showing that hydrogen peroxide scavenging by DHA 

was negligible. 

Surprisingly, the rate of the DHA-driven SscLPMO10B reaction with 

Avicel and added H2O2 dramatically improved when DHA was pre-incubated 

in buffer for 6 hours prior to the addition of the enzyme and hydrogen 

peroxide. In this case, the reactions with ascorbic acid and (pre-incubated) 

DHA gave similar progress curves (Paper II: Fig. 7C). This experiment 

suggests that a slowly accumulating DHA derivative (or multiple derivatives) 
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rather than DHA itself is responsible for reducing the LPMO active site and for 

driving cellulose degradation. Indeed, slow generation of a redox-active DHA 

derivative can explain the apparent high efficiency of DHA in 24 h LPMO 

reactions at standard aerobic conditions (Paper 2: Fig. 5A), compared to the 

experiments with exogenously added H2O2 that were conducted in just 30 

minutes (Paper 2: Fig. 7A). It is conceivable that an incubation time as short 

as 30 minutes does not allow for a significant amount of the LPMO-reducing 

DHA derivative to accumulate. 

On the same note, the indirect and delayed effect of DHA is a likely reason 

why almost no H2O2 generation was observed in the HRP/Amplex Red assay 

(Paper II: Fig. 6). As described in Paper I, redox-active compounds may 

suppress the signal of the HRP/Amplex Red assay. This can to some extent be 

compensated for by introducing reductants into standard curves for H2O2, as 

was done in the studies described in Papers I and II. For unstable DHA, such a 

correction is problematic because the degree of signal repression will change 

over time. Therefore, another (slower) H2O2 assay, based on a selective 

fluorescent probe for H2O2, Peroxy Orange 1, was adopted. Importantly, co-

incubation of LPMO and DHA, or just DHA, with Peroxy Orange 1 revealed 

both enzymatic and non-enzymatic hydrogen peroxide generation, which 

became detectible after 4 - 5 hours of experiment (Paper II: Fig. 8).  

Additional proof for the role of H2O2 in DHA-driven LPMO reactions was 

obtained through experiments with an enzymatic H2O2 scavenger, bovine 

liver catalase. Addition of catalase to reactions with SscLPMO10B, DHA and 

Avicel resulted in almost complete inhibition of the LPMO reaction, 

confirming that H2O2 (and not O2) is the kinetically relevant LPMO co-

substrate under these conditions (Paper II: Fig. 9). 

Instability of DHA in aqueous solutions has been observed previously 

and is described in biochemical literature. It has been shown that DHA can 

spontaneously convert to 2,3-diketo-l-gulonic acid (DKG), and that DKG can 
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then give rise to additional and not fully characterized compounds, some of 

which are thought to be redox-active [146-149]. Indeed, UV-VIS spectroscopy 

of reaction mixtures containing DHA and Avicel indicated that new UV-

absorbing species are formed during incubation under the conditions used in 

this study and that these species are consumed upon addition of the LPMO 

(Paper II: Fig. 11). Attempts to identify the catalytically relevant DHA 

derivatives by NMR failed, but the NMR experiments did show that neither 

DHA nor DKG are consumed by the LPMO directly (Paper II: Fig. 12). 

Taken together, the experiments with SscLPMO10B and four different 

reductants under standard aerobic conditions show that the 

depolymerization of cellulosic substrate is predominantly driven by 

peroxygenase reactions. While the results did not allow identification of the 

redox-active DHA derivative that is responsible for driving the LPMO reaction, 

it is clear that this transient compound is capable of promoting both enzyme-

dependent and enzyme-independent H2O2 production in situ.  
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3.3 Paper III: Enhanced in situ H2O2 production 
explains synergy between an LPMO with a 
cellulose-binding domain and a single-domain 
LPMO 

 

Paper III of this thesis builds on the idea that catalytic rates of LPMOs at 

standard aerobic conditions are limited by the supply of in situ generated 

hydrogen peroxide (see Papers I and II). The study of Paper III addressed the 

interplay between enzyme-dependent H2O2 production and substrate 

binding, which is an important but rather unexplored aspect of LPMO 

chemistry. As originally suggested by Kittl et al. [116], binding of LPMO to 

insoluble substrate suppresses enzyme-depended H2O2 generation, most 

likely due to preventing the access of reducing compounds to the active site 

[113]. The substrate affinities of LPMOs have not been systematically studied 

and may vary between enzymes. In many LPMOs, such as the well-

characterized bacterial enzyme ScLPMO10C, substrate affinity is potentiated 

by auxiliary carbohydrate-binding modules (CBMs), which bind to the 

polysaccharide substrate with higher affinity than the catalytic domains 

[92,93]. The goal of the study described in Paper III was to investigate the 

effect of the CBM on enzyme-dependent H2O2 generation using CBM-

containing ScLPMO10C and its truncated form comprising the catalytic 

domain only (ScLPMO10C-AA10).  

 ScLPMO10C and ScLPMO10C-AA10 were produced in E. coli using 

previously described expression strains. Surprisingly, assessment of H2O2 

generation by the full-length and truncated enzyme in the presence of 

ascorbic acid revealed a three-fold difference in the reaction rates under the 

conditions of HRP/Amplex Red assay (i.e., conditions that do not involve an 

LPMO substrate and where CBM effects are not expected). The truncated 

enzyme, ScLPMO10C-AA10, produced more hydrogen peroxide (Paper III: 
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Fig. 2) and control experiments (Paper III: Fig. 2) showed that this was not 

due to variation in free Cu(II) levels, but relates to intrinsic enzyme properties 

(i.e., the oxidase activity of the LPMO variants). One can speculate that the 

higher H2O2 production rate of ScLPMO10C-AA10 in the absence of substrate 

is an artifact of LPMO truncation, which, in principle could affect the protein 

fold and make the reduced copper more prone to oxidation by O2. However, 

this seems unlikely, given the fact that the truncation point is >35 Å away from 

the active site and that the X-ray structure of ScLPMO10C-AA10 shows no 

perturbations of the active site (PDB: 4OY7) [95]. A possible, although 

speculative, explanation for the observed difference in oxidase activity 

between the full-length and truncated LPMO, suggested in Paper III, is that the 

CBM weakly interacts with the substrate-binding surface of the catalytic 

domain, which could reduce H2O2 generation by shielding the active site 

copper from interactions with reductant molecules. 

The difference in H2O2 generation between the two enzyme variants was 

confirmed by control experiments in which the LPMOs were incubated with 

reductant in the absence of substrate after which residual activity was tested. 

One would expect that the enzyme with the strongest oxidase activity, i.e., the 

truncated enzyme, would be most prone to auto-catalytic inactivation and this 

was indeed observed (Paper III: Fig. 6). Of note, the difference in H2O2 

generation between the two enzyme variants is probably larger in the 

presence of substrate, since H2O2 production by the better binding full length 

enzyme will be more inhibited by the substrate, compared to the truncated 

variant. 

Next, Avicel oxidation experiments with ScLPMO10C and ScLPMO10C-

AA10 were carried out in the presence of ascorbic acid (Paper III: Fig. 3). 

Cellulose depolymerization by 1 μM or 2 μM ScLPMO10C resulted in a slow 

(≈0.05 min-1) but steady release of oxidized products over 24 hours, with the 

reaction rate being comparable to the rates described for the ScLPMO10C 
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homologues discussed in Papers I and II. The experiments with 1 μM or 2 μM 

ScLPMO10C-AA10 displayed faster initial rates of product release, but 

product accumulation stopped after 3 hours of reaction, which is indicative of 

LPMO inactivation. As discussed in the Introduction to this thesis, auto-

catalytic damage to the LPMO active site can be promoted by excess H2O2 and 

low substrate binding. Both these factors may be applicable when trying to 

understand the differences between the reactions with ScLPMO10C-AA10 

compared to ScLPMO10C.  

Importantly, combining 1 μM ScLPMO10C and 1 μM ScLPMO10C-AA10 

in a single reaction (Paper III: Fig. 3) led to stable degradation of Avicel with 

no signs of inactivation whatsoever. Furthermore, the amount of oxidized 

products released after 24 hours was higher compared to the sum of the 

products generated by these enzymes in individual reactions, indicative of 

synergy between the truncated and full-length LPMO. In light of the H2O2 

production data for the two enzymes, it is conceivable that this synergy 

relates to enhanced in situ hydrogen peroxide generation, driven by the 

truncated enzyme, and more efficient productive H2O2 consumption by the 

full-length enzyme. This would lead to higher LPMO activity and improved 

LPMO stability, as is observed. Recent studies have indicated that, in the 

presence of proper substrates, the damaging off-path reactions of LPMOs with 

hydrogen peroxide are one to three orders of magnitude slower compared to 

productive peroxygenase reactions [99,118]. Therefore, the (better binding) 

full-length enzyme is expected to be a faster H2O2 consumer, relative to 

ScLPMO10C-AA10, thus channeling H2O2 to productive cellulose-degrading 

LPMO reactions rather than to LPMO-damaging off-pathway reactions. 

To increase understanding of what is happening in these reactions, 

reductant consumption was monitored. Since it is well-known that auto-

catalytic damage predominately affects copper-binding histidine residues of 

LPMOs [98,119], one may expect that copper ions can be released into 
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solution upon enzyme inactivation. Importantly, release of copper, even to 

levels considerably lower than the LPMO concentrations used in the 

reactions, would drastically increase ascorbic acid depletion rate (Paper III: 

Figs. 2 & 4A) and, thus, can be easily detected.  

Analysis of ascorbic acid consumption during LPMO-catalyzed 

depolymerization of Avicel showed that reactions with 1 µM ScLPMO10C, 

2 µM ScLPMO10C and 1 µM ScLPMO10C + 1 µM ScLPMO10C-AA10 resulted in 

a slow and steady reductant depletion over 24 hours (Paper III: Fig. 4B). In 

stark contrast, reactions with the truncated form of the LPMO led to full 

depletion of ascorbic acid within the first 3 – 6 hours of the experiment, and 

reductant consumption was not proportional to (i.e., much larger than) the 

amount of products released from cellulose. The observed rates of reductant 

depletion in these latter reactions were comparable to the depletion rates 

observed in control experiments with added free Cu(II) (Paper III: Fig. 4A). 

Taken together, these data point at the possibility that the fast consumption 

of ascorbic acid in experiments with the truncated LPMO may be 

predominantly driven by abiotic reactions involving the reductant and copper 

ions leaving the metal-binding center of damaged LPMO molecules.  

Remarkably, and somewhat coincidently, the reaction with 1 μM 

ScLPMO10C + 2 μM ScLPMO10C-AA10 revealed an intermediate pattern of 

reductant depletion (Paper III: Figs. 4 & 5). An initial slow depletion phase 

(first 16 hours of the experiment) was followed by a rapid depletion phase, 

indicating that, after 16 hours, 1 μM ScLPMO10C was no longer able to 

consume the H2O2 generated by 2 μM ScLPMO10C-AA10, and that Cu(II) ions 

started to be released into the solution. This order of events is reflected in 

LPMO product formation, which was fast and steady during the first phase of 

the reaction, but which slowed down and eventually stopped as the reaction 

system collapsed due to a combination of LPMO inactivation and copper-

mediated reductant depletion (Paper III: Fig. 5). In the light of these 
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observations, one may think of LPMO inactivation (in ascorbic acid-driven 

reactions) as a self-reinforcing process, where the oxidative damage caused 

by a surplus of H2O2 to a fraction of the enzyme molecules leads to even higher 

amounts of hydrogen peroxide due to the release of copper from the active 

site. 

In conclusion, Paper III provides insight into the complex interplay 

between LPMOs with different H2O2 generating and consuming capabilities 

that, notably, are affected by substrate-affinity. Paper III shows how LPMOs 

can act in H2O2-mediated synergy and provides important insight into how 

LPMO reaction systems may collapse, in case hydrogen peroxide 

accumulation is not thoroughly controlled.  
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3.4 Paper IV: Fast and specific peroxygenase 
reactions catalyzed by fungal mono-copper 
enzymes 

 

Paper IV of this thesis presents a detailed kinetic investigation of 

NcLPMO9C, an enzyme of fungal origin capable of oxidizing soluble cello-

oligosaccharides. While the biological relevance of this type of LPMO activity 

is unclear, the use of oligosaccharides allows to overcome technical hurdles 

that arise when studying the degradation of (insoluble) amorphous or 

crystalline cellulose. To begin with, the concentration of productive binding 

sites on insoluble substrates (i.e., the true substrate concentration) is difficult 

to assess, which complicates the interpretation of kinetic data. On top of that, 

in contrast to rapidly diffusing cello-oligosaccharides, insoluble cellulosic 

substrates may cause kinetic complications related to slow substrate 

association and/or dissociation, which may promote off-pathway LPMO 

reactions and auto-catalytic damage. 

First, oxidation of 1 mM cellopentaose by NcLPMO9C was studied in the 

absence of exogenously added hydrogen peroxide, using 1 mM ascorbic acid, 

gallic acid or L-cysteine, while the H2O2 generating capacity of these LPMO-

reductant combinations was assessed using the modified version of the 

HRP/Amplex Red assay described in Paper I (Paper IV: Fig. 2, Table 1). The 

substrate conversion rates observed in the presence of ascorbic acid, gallic 

acid and L-cysteine amounted to approximately 0.05 s-1, 0.01 s-1 and 0.06 s-1, 

respectively. The relative performance of the various reducing compounds in 

H2O2 production experiments with NcLPMO9C showed the same trend (L-

cysteine > ascorbic acid > gallic acid). Quantitative comparison of the rates of 

substrate conversion and hydrogen peroxide accumulation revealed that the 

substrate conversion was three times faster than the H2O2 generation in the 

presence of ascorbic acid and L-cysteine. This observation is paradoxical if 
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one accepts the premise that in situ hydrogen peroxide production drives the 

LPMO reaction at standard aerobic conditions (see Papers I, II). However, the 

discrepancy between LPMO activity and H2O2 generation was explained by a 

control experiment showing that the commercially obtained cellopentaose 

preparation used in this study was contaminated with copper (or other 

transition metals), which would promote enzyme-independent H2O2 

generation in the reactions with ascorbic acid (Paper I) or L-cysteine [135], 

but not in the reaction with gallic acid (Paper I; for the results, see Paper IV: 

Fig. 2C). Therefore, the true rates of hydrogen peroxide production in 

reactions containing substrate and ascorbic acid/L-cysteine were likely 

higher than the rates observed under the conditions of the HRP/Amplex Red 

assay (i.e., in the absence of contaminated cellopentaose). 

Despite auto-oxidation of gallic acid not being sensitive to the presence 

of transition metals, the data obtained for reactions with this reductant 

revealed an even larger (5-fold) difference between the substrate conversion 

rate and the rate of H2O2 generation. This gap is caused by underestimation of 

hydrogen peroxide generation assessed with the HRP/Amplex Red assay for 

reactions in the presence of gallic acid and the LPMO. As can be seen from 

Table I in Paper IV, the addition of LPMO to reaction mixtures containing 

1 mM gallic acid results in significant apparent decrease in H2O2 

accumulation, indicating that the enzyme consumes hydrogen peroxide in a 

side-reaction with gallic acid. H2O2-dependent conversion of gallic acid by an 

LPMO, in the absence of carbohydrate substrate has, indeed, been reported 

before [150]. Due to this side-process, the true rate of the oxidase reaction 

catalyzed by NcLPMO9C in the presence of gallic acid is difficult to assess, and 

it seems to be higher than the apparent rate, given the cellopentaose oxidation 

efficiency. Addition of HRP to a reaction with NcLPMO9C, cellopentaose and 

gallic acid resulted in LPMO inhibition, proving that hydrogen peroxide is the 

catalytically relevant co-substrate under these conditions (Paper IV: Fig. 3). 
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 The correlation between the relative performance of ascorbic acid, gallic 

acid and L-cysteine in H2O2 production assays and cellopentaose oxidation 

assays was confirmed in studies with another fungal LPMO capable of acting 

on soluble oligosaccharides, LsLPMO9A (Paper IV: Fig. 6, Table 2). 

In an attempt to explore the full peroxygenase potential of LPMOs, the 

capacity of NcLPMO9C to catalyze cellopentaose oxidation in the presence of 

exogenous hydrogen peroxide was assessed. Reactions with 300 µM H2O2, 

1 mM substrate and 100 µM reductant revealed apparent, and partly 

underestimated, catalytic rates of approximately 70 s-1 (ascorbic acid), 25 s-1 

(gallic acid) and 6 s-1 (L-cysteine) (Paper IV: Fig. 4). It is worth noting that for 

the reactions with ascorbic acid and gallic acid these rates are some three 

orders of magnitude higher, compared to rates obtained at standard aerobic 

conditions, whereas the rate difference for reactions with cysteine was two 

orders of magnitude. 

To investigate whether the reductant concentration may be limiting 

these fast peroxygenase reactions, the experiment was repeated with 1 mM 

reductants. For gallic acid and ascorbic acid the increase in the amount of 

reductant resulted in increased (up to two-fold) reaction rates, showing that 

the reductant to some extent limits these very fast peroxygenase reactions 

(Paper IV: Fig. 4). It is conceivable that occasional re-reduction of the LPMOs 

is needed, which could explain the impact of the reductant concentration. 

Increasing the L-cysteine concentration had no effect on the LPMO catalytic 

rate. While the data presented in Paper IV do not provide an explanation for 

the lower turnover numbers obtained with L-cysteine, literature data [151] 

suggest that the enzyme active site may engage in forming cuprous thiolate 

complexes, which may inhibit the LPMO reaction with H2O2. 

Next, Michaelis-Menten analysis of the NcLPMO9C peroxygenase activity 

on cellopentaose were carried out (Paper IV: Fig. 5A). For the reaction fueled 

with 600 µM of H2O2 and 0.1 mM ascorbic acid (and carried out at 4 °C), a Km 
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for cellopentaose of 2.1 ± 0.3 mM was determined, which is in accordance 

with previously published data [152]. Most notably , the kcat was found to be 

as high as 124 ± 27 s−1. Such high reaction rates have never been reported for 

LPMOs before. Underpinning the efficiency and specificity of the NcLPMO9C 

peroxygenase reactions, the data show that 600 µM H2O2 is stoichiometrically 

converted to oxidized cellopentaose (Fig. 5B). It is also worth noting that 

starting concentrations of H2O2 as high as 600 µM H2O2 would be expected to 

result in rapid enzyme inactivation in other types of LPMO reactions, such as 

reactions with cellulose [98] . 

Taken together, the results described in Paper IV suggest that reductant- 

and LPMO-dependent in situ hydrogen peroxide formation limit the catalytic 

rates of fungal AA9 LPMOs acting on a soluble substrate at standard aerobic 

conditions. Most importantly, the results show that when provided with a 

rapidly diffusing substrate, fast stoichiometric conversion of very high 

amounts of H2O2 can be achieved through specific oxidation of the 

oligosaccharide substrate. These results not only underpin that hydrogen 

peroxide is, indeed, a relevant LPMO co-substrate, but also reveal that, under 

optimal conditions LPMOs are highly efficient enzymes. 
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4 Concluding remarks 
 The work presented in this thesis provides new insights into LPMO 

catalysis and reveal factors that affect the efficiency and stability of LPMOs 

under turnover conditions. The correlations between the rates of in situ 

hydrogen peroxide formation and substrate oxidation, observed for reactions 

with both AA9 and AA10 LPMOs in the presence of various reducing 

compounds show that peroxygenase reactions are predominant under what 

may be referred to as “monooxygenase” conditions (Papers I, II, IV). While 

data obtained in these studies do not allow to fully exclude monooxygenase 

reactions, the almost complete inhibition of LPMO activity by enzymatic H2O2 

scavengers that was observed in reactions with both soluble and insoluble 

substrates shows that the hypothetical O2-dependent reactions are kinetically 

irrelevant (Papers II, IV). Importantly, the reliance of LPMOs on in situ 

hydrogen peroxide supply at standard aerobic conditions explains the 

remarkable dependency of reported catalytic rates on the nature of the 

reducing compound used to drive the reactions.  

 The data presented in this thesis shed light on the interplay between 

enzymatic and non-enzymatic in situ sources of H2O2, which is complicated by 

the impact of substrate binding. While LPMO dose-response experiments 

with a CBM-containing AA10 enzyme (AA10_07) indicated that reductant 

auto-oxidation is the major source of hydrogen peroxide at standard aerobic 

conditions (Paper I), further work showed that this is not the case for a CBM-

free AA10 LPMO (ScLPMO10C-AA10) with lower affinity for cellulose (Paper 

III). The results described in Paper III show that enzyme-dependent H2O2 

production by ScLPMO10C-AA10 is high enough to have a pronounced 
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positive impact on the activity of another LPMO present in the same reaction 

mixture.  

 On another note, non-enzymatic pathways for H2O2 generation in LPMO 

reactions may strongly depend on experimental conditions in a combination 

with some reductants. As the studies presented in this thesis show, auto-

oxidation of ascorbic acid and L-cysteine increases manyfold in the presence 

of free copper ions and, potentially, other transition metals. A metal-

dependent boost in H2O2 production, which may occur at metal 

concentrations that are considerably lower than the LPMO concentrations 

typically used in the experiments, has great repercussions for LPMO activity 

and stability (Paper I). Possible sources of copper include the enzyme 

preparations (Paper I), the substrate (Paper IV), and, as discussed below, 

oxidatively damaged LPMOs that my release their bound copper into solution 

(Paper III).  

Even when the free copper content of the enzyme and substrate 

preparations is negligible, free copper ions may be released into solution 

during LPMO reactions as a result of auto-catalytic oxidative damage to the 

copper-binding catalytic center (Paper III). This effect was never reported 

before and is expected to potentially have major impact on the efficiency and 

stability of an LPMO reaction that is fueled by copper-sensitive reductants, 

such as ascorbic acid [132], L-cysteine [135], reduced glutathione [134], DTT 

[139], catechol and caffeic acid [140]. Paper III shows that, in the presence of 

such copper-sensitive compounds, LPMO inactivation may become a self-

reinforcing process, where copper release due to H2O2-mediated damage to 

the active site of a fraction of the enzymes will result in even higher amounts 

of H2O2 being produced and increased enzyme inactivation.  

Paper IV of this thesis shows that, under the right conditions, a fungal 

LPMO can stoichiometrically convert high amounts of hydrogen peroxide 

(600 µM) to oxidized oligosaccharide products and do so at unprecedentedly 
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high rates. Apart from showing the true power of LPMOs, these results may 

be taken to indicate that the enzyme inactivation commonly observed in H2O2-

fueled LPMO reactions is not caused by H2O2 per se, as some authors claim 

[65], but rather reflects limitations in substrate binding that make the LPMO 

susceptible to off-pathway reactions. The turnover rates reported in Paper IV 

add to an increasing body of data showing that kinetic parameters for well-

controlled LPMO-catalyzed peroxygenase reactions are similar to those for 

other peroxygenases [99,103]. 

Some of the results described in this thesis cannot not be fully explained 

and call for further investigation. One example is the difference in 

performance between reducing compounds in reactions catalyzed by fungal 

LPMOs in the presence of high amounts of exogenous hydrogen peroxide 

(Paper IV). It is clear that the impact of in situ H2O2 generation is minimal 

under such conditions, and yet, considerable variation between different 

LPMO-reductant combinations was observed. Such variation is best 

illustrated by the reactions fueled by L-cysteine, which give substrate 

oxidation rates that are one order of magnitude lower, compared to identical 

reactions with ascorbic acid and gallic acid. One possible explanation for the 

lower efficiency of L-cysteine is formation of a relatively stable cuprous 

thiolate complex in the LPMO active site, which would limit the rate of the 

very fast peroxygenase reactions with exogenously provided H2O2 but would 

not have a pronounced impact on much slower reactions observed under 

“monooxygenase” conditions.  

Another important (and unanswered) question is why LPMOs vary in 

H2O2-producting capacity. The data obtained in papers II and IV using 

ascorbic acid as a reductant show that the rate of LPMO-dependent H2O2 

accumulation is approximately 7-fold higher in the presence of an AA9 LPMO 

(NcLPMO9C) compared to an AA10 LPMO (SscLPMO10B). However, when the 

same oxidase reactions were fueled by L-cysteine, SscLPMO10B 
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outperformed NcLPMO9C, resulting in ≈2.5 times faster hydrogen peroxide 

production. This reductant-dependent gap in oxidase activity is remarkable 

and may be driven by the difference in LPMO intrinsic properties, such as 

subtle variations in the copper coordination sphere, as well as by the 

difference in reaction conditions (e.g., pH 6.0 vs pH 6.5 in Papers II and IV, 

respectively).  

Despite the work described in this thesis, the impact of the reductants on 

LPMO performance needs further investigation. For example, there is no 

doubt that reductant properties are strongly affected by pH [142,153,154] 

and this has not been addressed at all in the present study. Another aspect, 

already touched upon in the above, is the possibility of specific (binding) 

interactions between certain reductants and certain LPMOs. Such 

interactions may involve the copper, as discussed above for L-cysteine, but 

could also involve residues on the LPMO surface.  

The observation, described in Paper III, that truncation of the CBM 

domain from a two-domain AA10 LPMO (ScLPMO10C) results in a significant 

increase in enzyme-dependent hydrogen peroxide generation is intriguing. A 

possible (and highly speculative) explanation for this effect is that the 

catalytic and cellulose-binding domains of ScLPMO10C weakly interact in an 

inter-molecular or intra-molecular fashion. It is tempting to propose that the 

CBM may protect the LPMO from auto-catalytic damage in the absence of 

substrate by shielding the copper site, thus preventing reduction and keeping 

the fraction of H2O2-producing enzyme molecules low. Further studies are 

needed to explore this possible scenario, the biological relevance of which 

also may need further attention. 

In conclusion, the work described in this thesis underpins the 

increasingly accepted notion that LPMOs are peroxygenases rather than 

monooxygenases and that, under the right conditions, these enzymes can be 

orders of magnitude faster than originally described. Studying, understanding 
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and optimizing LPMO catalysis raises numerous complications and the 

present results shed light on several of these (effects of free copper, 

reductants and substrate affinity). In this respect, the self-reinforcing LPMO 

inactivation scenario described in Paper III is of particular importance. 

Hopefully, the increased insight into LPMO catalysis that this thesis aims to 

provide will help harnessing the power of these unique enzymes in existing 

and novel applications. 
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Unraveling the roles of the reductant 
and free copper ions in LPMO kinetics
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Abstract 

Background: Lytic polysaccharide monooxygenases (LPMOs) are monocopper enzymes that catalyze oxidative 
depolymerization of industrially relevant crystalline polysaccharides, such as cellulose, in a reaction that depends on 
an electron donor and  O2 or  H2O2. While it is well known that LPMOs can utilize a wide variety of electron donors, the 
variation in reported efficiencies of various LPMO‑reductant combinations remains largely unexplained.

Results: In this study, we describe a novel two‑domain cellulose‑active family AA10 LPMO from a marine actinomy‑
cete, which we have used to look more closely at the effects of the reductant and copper ions on the LPMO reaction. 
Our results show that ascorbate‑driven LPMO reactions are extremely sensitive to very low amounts (micromolar 
concentrations) of free copper because reduction of free Cu(II) ions by ascorbic acid leads to formation of  H2O2, which 
speeds up the LPMO reaction. In contrast, the use of gallic acid yields steady reactions that are almost insensitive to 
the presence of free copper ions. Various experiments, including dose–response studies with the enzyme, showed 
that under typically used reaction conditions, the rate of the reaction is limited by LPMO‑independent formation of 
 H2O2 resulting from oxidation of the reductant.

Conclusion: The strong impact of low amounts of free copper on LPMO reactions with ascorbic acid and  O2, i.e. the 
most commonly used conditions when assessing LPMO activity, likely explains reported variations in LPMO rates. 
The observed differences between ascorbic acid and gallic acid show a way of making LPMO reactions less copper‑
dependent and illustrate that reductant effects on LPMO action need to be interpreted with great caution. In clean 
reactions, with minimized generation of  H2O2, the  (O2‑driven) LPMO reaction is exceedingly slow, compared to the 
much faster peroxygenase reaction that occurs when adding  H2O2.

Keywords: Lytic polysaccharide monooxygenase, AA10, Enzyme kinetics, Hydrogen peroxide, Copper, Ascorbic acid, 
Gallic acid
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Background
Lytic polysaccharide monooxygenases (LPMOs) are 
monocopper enzymes that catalyze oxidative cleavage 
of polysaccharide substrates, such as chitin and cellu-
lose [1–4]. The LPMO active site is formed by two con-
served histidine residues coordinating a copper ion in a 

rare structural motif that is called the “histidine brace” [3, 
5]. The histidine brace is part of a solvent-exposed sub-
strate binding surface, which, for LPMOs acting on chitin 
and cellulose, is characteristically flat [5, 6]. This spatial 
configuration reflects the unparalleled ability of LPMOs 
to act on highly crystalline substrate surfaces, rather 
than on isolated polysaccharide chains within amor-
phous regions. By doing so, LPMOs provide a substantial 
boost to conventional hydrolytic enzymes both in nature 
and in commercial enzyme cocktails [7, 8]. Due to their 
intriguing capabilities and industrial applications, there 
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is considerable interest in discovering new LPMOs and 
in understanding how to optimally harness the catalytic 
potential of these enzymes.

LPMOs rely on reducing power to enable the for-
mation of reactive oxygen species that hydroxylate 
glycosidic bonds at the C1- or C4-position [1, 4, 9]. 
Interestingly, LPMOs can utilize a vast variety of elec-
tron donors, including small phenolic compounds and 
partner enzymes such as cellobiose dehydrogenase [10, 
11]. Ascorbic acid is typically used as a reductant in 
most experimental setups. LPMO reactions were previ-
ously thought to involve molecular oxygen, hence the 
name monooxygenase, but recently, it has been shown 
that hydrogen peroxide is the preferred co-substrate [12]. 
 H2O2-driven reactions are orders of magnitude faster 
than the reactions with oxygen, where the latter tend to 
be slow, with rates normally being around 1  min−1 or 
lower. Importantly, the supply of  H2O2 needs to be con-
trolled to avoid enzyme damage due to self-oxidation 
[12].

In the presence of oxygen, reduced LPMOs are capa-
ble of  H2O2 production. This phenomenon was initially 
described as a futile reaction that occurs in the absence 
of a substrate [13]. Given the current insights into the 
role of  H2O2 as the (preferred) co-substrate, it has been 
suggested that under commonly used standard aerobic 
conditions, i.e., in the presence of a reductant and with 
no exogenously added hydrogen peroxide, the rate and 
yield of the LPMO reaction are determined by the in situ 
generation of  H2O2 that is produced by the enzyme or in 
reactions involving the reductant and molecular oxygen 
[12]. It is worth noting that there is an ongoing debate on 
whether truly  O2-driven LPMO reactions (i.e., reactions 
that are not coupled to in  situ  H2O2 production) can 
occur at all [14–17].

Importantly, enzyme-independent  H2O2 production 
can take place in typical LPMO reaction setups, espe-
cially if the reaction, next to a reductant such as ascor-
bic acid, also contains free transition metal ions, such as 
Cu(II) [18, 19]. Such enzyme-independent generation of 
hydrogen peroxide could lead to a substantial boost of 

LPMO activity on polysaccharide substrates [20]. Due 
to the use of different enzyme preparation methods and/
or reaction conditions, the free copper content of LPMO 
reactions may vary, which, considering the above, will 
have repercussions for the reliability and comparability 
of observed LPMO activities. For example, a significant 
amount of metal ions may enter the reaction if a contam-
inated substrate is used, or in case the target enzyme is 
not sufficiently purified after copper saturation [21].

In this paper, we describe a cellulose-active family 10 
(AA10) LPMO, AA10_07, that was discovered by mining 
the genome of a marine Actinomycete, isolated from the 
Trondheim fjord, Norway and referred to as “strain P01-
F09” below. Next to characterizing the activity of this 
LPMO, we have used this enzyme as a model to study 
how reductants and free copper affect LPMO activity on 
cellulose and to study if and how the observed catalytic 
activity can be linked to production of  H2O2 in the reac-
tion mixture. Our results demonstrate that ascorbate-
driven LPMO reactions are extremely sensitive to free 
copper in micromolar concentrations, whereas use of 
gallic acid as reductant allows for steady and controlla-
ble reactions that are almost insensitive to the presence 
of free copper ions.

Results and discussion
Identification, sequence and domain structure of AA10_07
Actinomycete strain P01-F09 was isolated from a fin-
ger sponge harvested at 60  m depth near Tautra, an 
island located within the Trondheim fjord, Norway. In 
silico mining of the P01-F09 draft genome sequence 
using LPMO HMM profiles led to the identification of a 
1083 bp gene encoding a hypothetical family 10 (AA10) 
LPMO. The candidate enzyme was named AA10_07 
and its sequence was annotated using the Pfam domain 
prediction server [22]. AA10_07 is a 360-residue pro-
tein, comprising a 33-residue signal peptide, a catalytic 
AA10 domain and a C-terminal cellulose-binding mod-
ule (CBM2) (Fig. 1). The two AA10_07 domains are con-
nected through a linker rich in proline and threonine. 
BLAST analysis [23] identified ScLPMO10C (CelS2) [2, 

Fig. 1 Domain architecture of AA10_07. SP, signal peptide; AA10, catalytic domain; CBM2, family 2 cellulose‑binding module. Domain boundaries 
were annotated using Pfam [22]. Note that the native signal peptide (shown in the figure) was substituted by the pelB signal peptide in the enzyme 
produced in this study, and that the signal peptide is cleaved off during secretion resulting in the mature enzyme that starts at position 34 (His34)
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24] as the closest characterised AA10_07 homolog (85.6% 
sequence identity between catalytic domains).

Enzyme production and characterization of LPMO activity
The AA10_07 gene sequence was codon optimized for 
expression in E. coli and modified to encode the pelB 
periplasmic localization signal [25, 26] instead of the 
native signal peptide. The gene was cloned into the pET-
26(b)+ vector and the enzyme was produced in E. coli 
BL21(DE3) in a soluble form. Starting with a periplasmic 
extract, AA10_07 was purified to electrophoretic homo-
geneity by ion-exchange and size-exclusion chromatogra-
phy. The final yield amounted to approximately 7 mg of 
purified LPMO per 500 ml of E. coli culture.

To assess AA10_07 activity, 1  µM copper-saturated 
enzyme was incubated with 1% (w/v) Avicel in 50  mM 
sodium phosphate buffer, pH 6.0, supplied with 1  mM 
ascorbic acid (30  °C, 24  h). The MS spectrum of the 
reaction mixture (Fig.  2a) shows a product profile that 
is typical for LPMOs that exclusively oxidize cellulose 
at C1. Such oxidation leads to the formation of aldonic 
acids that give characteristic MS signals due to the for-
mation of sodium and potassium salts. We did not detect 
any signals that could indicated the formation of double 
oxidized products, which would appear, albeit at low 
intensities, if C4 oxidation would also have occurred 
[24]. This oxidative regioselectivity of the LPMO reaction 
was confirmed by chromatographic analysis of products 

Fig. 2 Catalytic activity of AA10_07. a MALDI‑TOF MS analysis of products released by 1 µM AA10_07 from 1% (w/v) Avicel in the presence of 1 mM 
ascorbic acid. The figure shows signals representing LPMO products within the DP4–DP7 range (DP, degree of polymerization). Oxidized and native 
products are observed as sodium adducts and/or as sodium adducts of sodium salts, as indicated (Glc, glucose; Glc1A, gluconic acid; GlcLA, lactone). 
Annotated product peaks were not detected in negative control reactions lacking the enzyme or lacking the reductant. b A chromatographic 
analysis of oxidized products generated by 1 µM AA10_07 from 1% (w/v) Avicel. The picture includes a chromatogram of a product mixture that 
had been treated with TfCel6A and a chromatogram showing the GlcGlc1A (DP2ox) standard



Page 4 of 14Stepnov et al. Biotechnol Biofuels           (2021) 14:28 

generated from Avicel, which only showed C1-oxidized 
products (Fig. 2b). Figure 2b also shows how the product 
profile changes after treating the products with TfCel6A 
endoglucanase; this approach was used for quantification 
of oxidized sites in the experiments described below.

The impact of the copper saturation protocol on the level 
of residual free copper in LPMO samples
Free copper ions will affect LPMO reactions since they 
promote enzyme-independent  H2O2 production in the 
presence of ascorbic acid, even when present at sub-
micromolar concentrations ([19–21]; see also Fig.  3). It 
is reasonable to assume that LPMO preparations vary 
in terms of the amounts of free copper, due to variations 
in protein preparation protocols, and this may affect the 
apparent activity of the LPMOs in certain reaction set-
ups. Copper saturation of the purified LPMO likely is the 
most critical step, since during that stage a free copper is 
deliberately introduced into the system.

Here, and in several other studies, copper saturation 
was achieved by incubating the LPMO with a slight 

molar surplus of free copper, followed by desalting. We 
compared AA10_7 samples obtained by two alterna-
tive desalting techniques. In one case, unbound copper 
was removed by fast desalting using a small gravity-
flow gel filtration column. In the other case, a high-
resolution preparative SEC column was used instead. 
The resulting two different batches of copper saturated 
and desalted AA10_07 showed identical apparent rates 
of  H2O2 production (Fig.  3) and identical abilities to 
degrade Avicel (Additional file  1: Fig S1), in reactions 
with ascorbic acid as the reductant. These observations 
indicate that both procedures worked equally well in 
terms of removing free copper.

The copper content of the resulting enzyme prepara-
tions was assessed in two manners. Protein-free frac-
tions (“filtrates”) produced from these LPMO samples 
by ultrafiltration did not promote  H2O2 production in 
a reaction with ascorbic acid, whereas added copper in 
concentrations as low as 0.2  μM did (Fig.  3), indicat-
ing that the levels of residual copper were low in both 
enzyme samples. To confirm this conclusion, both 
LPMO samples were subjected to ICP-MS analysis. 
The results indicated the presence of 0.98 ± 0.18  µM 
and 0.90 ± 0.14  µM total copper in 1  µM solutions of 
gravity flow-desalted and SEC-treated LPMO, respec-
tively. These ICP-MS results are compatible with the 
notion that the LPMOs were copper saturated, whereas 
the amounts of free copper were negligible. Finally, 
the copper content of Avicel was determined by ICP-
MS showing that only negligible amounts of this metal 
were present (< 49 ng copper per 1 g of substrate, corre-
sponding to less than 10 nM in reactions with 1% (w/v) 
Avicel).

Comparison of ascorbic acid and gallic acid in LPMO 
reactions with Avicel
Next, we assessed the capacity of gallic acid to drive the 
oxidation of cellulose by AA10_07. The LPMO reaction 
supplied with 1  mM gallic acid was more efficient than 
the reaction supplied with 1 mM ascorbic acid (Fig. 4a). 
Both reactions were remarkably slow (approximately 
0.06 min−1 in the presence of ascorbic acid and 0.2 min−1 
in the presence of gallic acid) with almost linear progress 
within the 24 h of the experiment.

To verify that the LPMO was catalytically competent 
and that  H2O2 speeds up the reaction, a control experi-
ment with externally added  H2O2 was conducted, which 
showed an increase in the initial substrate oxidation rate 
by two orders of magnitude and, as expected under these 
conditions, rapid inactivation, regardless of whether the 
reductant was ascorbic acid or gallic acid (Fig.  4b; note 
that the X-axis has a minutes time scale).

Fig. 3 Apparent hydrogen peroxide production by two batches 
of AA10_07. The figure shows apparent  H2O2 production by 3 µM 
AA10_07 in 50 mM sodium phosphate buffer, pH 6.0 supplied with 
50 µM ascorbic acid, 5 U/ml HRP, 100 µM Amplex Red and 1% (v/v) 
DMSO. SEC−/SEC+ labels indicate the procedure used to remove 
unbound copper from the LPMO sample after copper saturation. 
SEC−, gravity‑flow desalting column; SEC+, high‑resolution SEC 
chromatography. Excess copper control reactions (grey bars) were 
set up using protein‑free samples, obtained by ultrafiltration. These 
samples contained the same amount of free copper as the LPMO 
preparation used in the experiment. The two reactions shown to the 
left are control reactions: “background”, reaction without enzyme; 
“0.2 µM Cu(II)”, reaction without enzyme and with addition of 0.2 µM 
Cu(II). Error bars indicate standard deviations between triplicates
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Apparent  H2O2 production in reactions with LPMO, free 
copper and 50 µM reductant
To further investigate the effects of free copper, we 
assessed  H2O2 production in a series of reactions with 
various amounts of Cu(II)SO4 in the presence of two 
commonly used LPMO reductants, ascorbic acid and gal-
lic acid. Of note, to reduce complications due to reactions 
between HRP and the reductant (see below), the reduct-
ant concentrations typically used in the HRP/Amplex 
Red  H2O2 assay are much lower (e.g. 50  μM; [13, 27]) 
than those typically used in LPMO reactions with sub-
strate (e.g. 1 mM). The results of the standard  H2O2 assay 
(Fig. 5) show that sub-micromolar concentrations of free 
copper increased the apparent rate of  H2O2 production 
in reactions with 50  µM ascorbic acid. Even the reac-
tion with only 0.2 µM free copper gave a higher apparent 
 H2O2 production rate than a reaction lacking free copper 
but containing 3  µM copper-loaded AA10_7. It is note-
worthy that these results may be taken to suggest that 

the LPMO protects reduced copper from reacting with 
molecular oxygen. Similar experiments with 50 µM gal-
lic acid showed different results. The apparent initial rate 
of  H2O2 formation by 3 µM AA10_07 in the presence of 
50 µM gallic acid amounted to 0.53 nM/s, which is two 
times lower compared to the reaction with ascorbic acid 
(Fig.  5). Strikingly, hydrogen peroxide accumulation in 
the presence of free copper and gallic acid was very low 
compared to similar reactions with ascorbate (Fig. 5). For 
example, in large contrast to the results obtained with 
ascorbic acid, the apparent  H2O2 production rate in the 
reaction with 3  µM free copper and gallic acid was not 
higher than the one observed with LPMO and gallic acid 
under the same conditions. The observed low reactivity 
of free copper in the presence of gallic acid is in agree-
ment with electron paramagnetic resonance data [28] 
showing that gallic acid is likely to form complexes with 
Cu(II) rather than reducing it.

Apparent  H2O2 production in the presence of 1 mM 
reductant
The experiments with AA10_07 and gallic acid revealed 
lower apparent  H2O2 production rates compared to 
the similar setups with ascorbate. However, the LPMO 
catalytic rate on Avicel was significantly higher in the 

Fig. 4 Cellulose solubilisation by AA10_07 in the presence of 
ascorbic acid or gallic acid. The figure shows the release of oxidised 
products in LPMO reactions (1 µM AA10_07 in 50 mM sodium 
phosphate buffer, pH 6.0, 30 °C) with 1% (w/v) Avicel that were 
carried out in the absence of hydrogen peroxide (a) or in the 
presence of 200 µM  H2O2 (b) using 1 mM ascorbic acid (circular 
markers) or 1 mM gallic acid (triangle markers) as a reductant. Error 
bars indicate standard deviations between triplicates. Note that a, b 
feature different time scales. Product accumulation was not observed 
in control reactions with substrate and reductant or in reactions with 
substrate, reductant and  H2O2

Fig. 5 Apparent  H2O2 production in reactions with free copper and 
50 µM ascorbic acid or gallic acid. All experiments were carried out in 
50 mM sodium phosphate buffer, pH 6.0, at 30 °C. The rates of  H2O2 
production by AA10_07 in the presence of 50 µM ascorbic acid or 
50 µM gallic acid are given for reference. The experiment with 0.2 µM 
Cu(II) is also shown in Fig. 3. Reaction mixtures contained 5 U/ml HRP, 
100 µM Amplex Red and approximately 1% (v/v) DMSO. Error bars 
indicate standard deviations between triplicates
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presence of gallic acid, which is surprising if one accepts 
the premise that generation of  H2O2 limits the reaction.

In search of an explanation for this paradoxical finding, 
it is important to consider the limitations of the HRP/
Amplex Red assay [29]. The assay is based on single elec-
tron oxidation of Amplex Red by HRP in the presence of 
 H2O2 as a co-substrate [30]. This oxidation leads to the 
formation of two Amplex Red radicals, which then react 
to form one molecule of highly chromogenic resoru-
fin and one molecule of Amplex Red. It was previously 
shown that addition of ascorbic acid leads to repres-
sion of the resorufin signal [15], likely due to reduction 
of Amplex Red radicals back to Amplex Red [30] and/or 
the ability of HRP to engage in a side-reaction with ascor-
bate that removes  H2O2 from the system in a way that is 
uncoupled to resorufin formation [31]. There is evidence 
that other redox-active compounds may also influence 
the HRP/Amplex Red assay in a similar fashion [32, 33]. 
It is thus conceivable that the different apparent  H2O2 
production rates for ascorbic acid and gallic acid relate to 
varying degrees of signal repression. To test this hypoth-
esis, we carried out the HRP/Amplex Red assay using dif-
ferent concentrations of  H2O2 in the presence or absence 
of 50  µM ascorbic acid or gallic acid. This experiment 
indicated that gallic acid supresses the resorufin signal to 
approximately same extent as ascorbic acid (Additional 
file 1: Fig. S2).

We then asked the question whether the discrep-
ancy between apparent  H2O2 production rates and the 
observed LPMO activities in reactions with Avicel could 
be due to the largely different reductant concentrations 
in these two experiments. While low reductant concen-
trations are commonly used in the  H2O2 production 
assay, for reasons discussed above, experiments with 
1  mM reductant are rare [34]. Thus, we carried out the 
HRP/Amplex Red assay using various concentrations 
of hydrogen peroxide in the presence of 1 mM ascorbic 
acid or gallic acid, which showed that the resorufin sig-
nal repression increased only marginally compared to the 
previous measurement with 50 µM reductant (Additional 
file 1: Fig S2). Thus, measurements of  H2O2 production in 
reactions with 1 mM reductant seemed feasible.

Therefore, the HRP/Amplex Red assay was performed 
again in the presence of 1 mM ascorbic acid or 1 mM 
gallic acid, together with various amounts of LPMO 
and free copper (Fig.  6a, b). Apparent hydrogen per-
oxide accumulation rates were corrected for resorufin 
signal repression using  H2O2 standard curves obtained 
in the presence of reductants. In this setup, the  H2O2 
production rate by 1  µM AA10_07 was approximately 
2.3 times higher with gallic acid compared to ascor-
bic acid. Assuming that generation of  H2O2 limits the 
reaction, the higher  H2O2 production level observed 

in the reaction with 1  mM gallic acid is in agreement 
with Avicel degradation data (Fig.  4a) showing that 
1  µM AA10_07 was most efficient when using gallic 
acid as reductant. Quantitative comparison of the Avi-
cel degradation data (Fig.  4a) and the  H2O2 produc-
tion data (Fig. 6a) indicates that the production rate of 
soluble oxidized products is roughly half of the  H2O2 
production rate, which makes sense considering that a 
considerable fraction of the oxidized sites will remain 
attached to the insoluble substrate.

Strikingly, when using 1  mM ascorbic acid concen-
tration,  H2O2 production by 1  µM free copper was two 
orders of magnitude higher compared to 1  µM LPMO, 
whereas  H2O2 production in the reaction with free cop-
per and gallic acid was minimal, also at this higher 
reductant concentration (Fig.  6b). Clearly, in standard 
LPMO reactions with 1  mM ascorbic acid, the effect of 
free copper may be considerable, whereas such a cop-
per effect could be less or even absent in reactions with 
1 mM gallic acid. This is addressed further below.

Fig. 6 Apparent  H2O2 production in experiments with LPMO, free 
copper and 1 mM ascorbic acid or gallic acid. The figure shows 
hydrogen peroxide accumulation rates obtained in reactions with 
increasing amounts of LPMO (a) or with 1 µM free copper compared 
to 1 µM LPMO (b). All experiments were carried out in 50 mM sodium 
phosphate buffer, pH 6.0, at 30 °C. Reaction mixtures contained 5 U/
ml HRP, 100 µM Amplex Red and 2% (v/v) DMSO. Error bars indicate 
standard deviations between triplicates. Note that plotted values 
were corrected for resorufin signal repression using  H2O2 standard 
curves, obtained in the presence of 1 mM ascorbic acid or gallic 
acid. The “No LPMO” label indicates that the reaction contained 
only reductant, with no enzyme added (set up to monitor reactions 
between reductant and oxygen)
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One key question is to what extent the enzyme plays a 
role in the generation of hydrogen peroxide in the LPMO 
reaction. Figure  6a shows that the  H2O2 accumulation 
rates depended on the enzyme concentration, and that 
this dependency was stronger for ascorbic acid than for 
gallic acid. An eightfold increase in LPMO concentration 
(from 1 to 8 µM) resulted in 3.5 times higher  H2O2 accu-
mulation rates for ascorbic acid, whereas the increase 
was only a modest and 1.4-fold for gallic acid. In the case 
of ascorbic acid, the reaction with the lowest LPMO con-
centration (1 μM) generated more  H2O2 than a reaction 
without enzyme. In contrast, for gallic acid, the experi-
ment without enzyme gave higher hydrogen peroxide 
levels than the experiments with 1–6 µM enzyme, which 
may indicate that, in the absence of cellulose substrate, 
AA10_07 engages in side-reactions that consume  H2O2 
and involve gallic acid (or products of gallic acid oxida-
tion). Such reactions are not entirely hypothetical, since 
it is well known that LPMOs can carry out peroxygena-
tion reactions of small molecules. Breslmayr et  al. have 
shown that after being reduced by 2,6-dimethoxyphenol, 
LPMOs can oxidize the hydrocoerulignone that is formed 
by dimerization of two 2,6-dimethoxyphenol radicals in 
an  (H2O2-consuming) peroxygenation reaction [35]. Sim-
ilar reactions could occur with dimers of gallic acid that 
are likely to emerge upon its oxidation [36].

Overall, our results suggest that the amount of hydro-
gen peroxide produced by 1  µM LPMO supplied with 
1 mM gallic acid is low (Fig. 6a), compared to the amount 
of  H2O2 generated by the enzyme-independent reaction 
between reductant and oxygen. In other words, the auto-
oxidation of 1 mM gallic acid is likely to fuel LPMO reac-
tions on Avicel in our setups. In the case of ascorbic acid, 
both the LPMO and the reductant contribute to genera-
tion of  H2O2, at least in the absence of an LPMO sub-
strate (see below).

Effect of the LPMO concentration on degradation of Avicel
To obtain further insight into factors that limit the LPMO 
reaction under typical LPMO assay conditions, without 
depending on the HRP/Amplex Red assay, we carried out 
a series of LPMO reactions with Avicel (Fig. 7, Additional 
file 1: Fig. S3) in the presence of 1 mM ascorbic acid or 
1 mM gallic acid using a wide range of AA10_07 concen-
trations (0.01–8 µM). In light of the  H2O2 accumulation 
data shown in Fig.  6a, and assuming that enzyme-inde-
pendent generation of  H2O2 limits the reaction, one 
could expect limited effects of the LPMO concentration 
on the cellulose degradation rate, in particular for reac-
tions with gallic acid.

Such behaviour was indeed observed in the experi-
ment with 1 mM gallic acid, (Fig. 7, Additional file 1: Fig. 
S3). Within the enzyme concentration range of 0.1  µM 

to 4  µM, the enzyme dose had almost no effect on the 
rate of cellulose degradation. Note that progress curves 
(Additional file 1: Fig. S3) obtained for the reactions with 
0.1–4 µM LPMO were linear, showing that the amount of 
substrate was not limiting these reactions.

Further increase of the LPMO dose resulted in a grad-
ual increase in the rate of substrate oxidation, indicat-
ing that the enzyme’s contribution to  H2O2 production 
becomes significant at higher enzyme concentrations. At 
very low enzyme concentrations (< 0.1 µM), there was a 
strong dose-dependency, most likely due to the fact that 
there was not enough enzyme to consume  H2O2 effec-
tively (i.e., the reaction was limited by the enzyme and 
not by hydrogen peroxide). The experiment with 1  mM 
ascorbic acid revealed the same low dependency of the 
cellulose oxidation rate on the LPMO concentration in 
the 0.1–4 µM range (Fig. 7, Additional file 1: Fig. S3). This 
observation was unexpected if one considers the  H2O2 
accumulation data (Fig. 6a), which suggest that, in reac-
tions with ascorbic acid, the LPMO contribution to over-
all hydrogen peroxide generation is considerable. One 
obvious, but nevertheless speculative, explanation would 
be that binding of the LPMO to the substrate reduce the 
enzyme’s ability to generate  H2O2 [13, 15, 37]. Interest-
ingly, at the higher LPMO concentrations, there was a 
dose–response effect that was more pronounced com-
pared to the similar reactions with gallic acid, which is in 
agreement with the  H2O2 accumulation data of Fig.  6a. 
Overall, our results indicate that under most commonly 
used reaction conditions, oxidation of the reductant by 

Fig. 7 Avicel solubilisation by increasing amounts of AA10_07 in 
the presence of ascorbic acid or gallic acid. The figure shows the 
release of oxidised products from 1% (w/v) Avicel in 9 h reactions 
with 0.01–8 µM AA10_07 in 50 mM sodium phosphate buffer, pH 
6.0, 30 °C. The experiments were carried out using 1 mM ascorbic 
acid (dashed line) or 1 mM gallic acid (solid line) as a reductant. Error 
bars indicate standard deviations between triplicates. Note that 
the plotted data are derived from LPMO progress curves shown in 
Additional file 1: Fig. S3. All these reactions displayed linear behavior, 
except for experiments with 0.01 µM or 0.025 µM enzyme and gallic 
acid
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 O2 is a major source of  H2O2 that fuels cellulose degrada-
tion by AA10_07.

The effect of free copper on LPMO reactions with Avicel
Digging further into interactions between enzyme, 
free copper and electron donors, we carried out deg-
radation reactions with Avicel using 1  mM ascorbic 
acid or 1  mM gallic acid as the reductant. Various 
amounts of free copper were added to the reactions to 
mimic copper contamination and to vary the rate of 
enzyme-independent production of  H2O2. The addi-
tion of Cu(II) to reactions with ascorbic acid resulted 
in a copper dose-dependent increase in LPMO activity 
(Fig. 8a), which is to be expected considering the high 
rates of  H2O2 production in reactions with free cop-
per and 1  mM ascorbic acid (Fig.  6b). Comparison of 
Figs. 4a and 8a shows that a 1 h reaction in the pres-
ence of 1  µM Cu(II)SO4 and ascorbic acid (Fig.  8a) 
yielded more oxidized products than a 24  h copper-
free reaction with the same reductant (Fig.  4a). At 
3 μM copper, the reaction is even faster, leading to high 

product concentrations at the first measuring point, 
but under these conditions, the enzyme becomes rap-
idly inactivated, as one would expect if (too) much 
 H2O2 is produced [12, 20].

On the other hand, the LPMO reaction driven by 
gallic acid (Fig. 8b) turned out to be essentially insen-
sitive to free copper (up to 3  µM Cu(II)SO4), which is 
in agreement with the  H2O2 production data (Figs.  5, 
6) and with the notion that this reductant forms com-
plexes with Cu(II), thus preventing Cu(II) from partici-
pating in redox reaction in solution [28].

Estimating catalytic rates from the progress curves of 
Figs. 4a, 8a shows that introduction of 1 µM Cu(II) to 
the LPMO reaction fuelled by ascorbate speeded up the 
reaction by some 50-fold, which is in the same order of 
magnitude as the effect of 1 µM Cu(II) on ascorbic acid-
driven production of  H2O2 (Fig. 6b). Nevertheless, the 
LPMO reaction fuelled by ascorbate and in the pres-
ence of 1 µM Cu(II) was still much slower and showed 
less rapid enzyme inactivation (Fig.  8a) compared to 
the reaction with initial addition of 200  µM hydrogen 
peroxide (Fig.  4b). This observation is not surprising, 
considering the hydrogen peroxide production data 
of Fig.  6b that show an approximate  H2O2 production 
rate of 0.5 µM/s for the reaction with 1 µM Cu(II) and 
1  mM ascorbic acid. Clearly, despite the effect of free 
copper, the  H2O2 concentration in the reaction with 
exogenously added  H2O2 was much higher.

The lack of an effect of low copper concentrations 
(< 1  μM) on the ascorbic acid-driven reaction was 
somewhat unexpected considering the  H2O2 produc-
tion curves shown in Fig.  5. It is conceivable that the 
Avicel used in the experiment possesses a weak copper-
binding capacity that removes a fraction of free copper 
from the reaction. It is also possible that the LPMO 
has secondary (low affinity) copper-binding sites [38]. 
Finally, it is possible that under the conditions of the 
Avicel assay, copper and/or  H2O2 engage in side-reac-
tions that may reduce  H2O2 production or increase 
futile  H2O2 consumption, hiding the copper effect on 
LPMO activity at the lowest copper concentrations.

The sensitivity of the LPMO reaction to free cop-
per in the presence of ascorbic acid must be taken into 
account when interpreting previously obtained dose–
response curves for AA10_07 (Fig. 7). It is conceivable 
that the dependency of the product formation rate on 
the amount of LPMO observed at high enzyme concen-
trations (> 4 µM) is explained by increasing amounts of 
free copper that are introduced to the reaction together 
with the enzyme. A control experiment with protein-
free ultrafiltrates of the enzyme stock solutions showed 
that this was not the case (Additional file 1: Fig. S4).

Fig. 8 The effect of free copper on AA10_07 reactions with cellulose 
in the presence of ascorbic acid or gallic acid. The figure shows 
progress curves obtained for AA10_07 reactions (1 µM LPMO in 
50 mM sodium phosphate buffer, pH 6.0, 30 °C) with 1% (w/v) Avicel 
using 1 mM ascorbic acid (a) or 1 mM gallic acid (b) and various 
concentrations of free copper. Note that b also features the progress 
curve obtained with 3 µM free copper and 1 mM ascorbic acid, which 
is shown in a, for reference. Error bars indicate standard deviations 
between triplicates. Note the different time scale compared to Fig. 4a. 
Product accumulation was not observed in control reactions with no 
enzyme, containing substrate, free copper, and reductant
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Copper bias in previously reported LPMO data
The Avicel degradation experiments with either ascor-
bic acid or gallic acid (in the absence of exogenous  H2O2 
and free copper) indicate that AA10_07 is a slow enzyme. 
Early in the reaction, i.e., within the first hour or so, the 
release of soluble products is close to negligible (Fig. 4a), 
which is likely due to the fact that in this early phase of 
the reaction, oxidized products are still polymeric and, 
thus, not soluble. Frommhagen et  al. [39] have pointed 
out that it takes a while before the same cellulose chain 
has been cleaved sufficiently many times to generate 
short, soluble products that are released into solution. 
Later during the reaction (Fig. 4a), the release of oxidized 
products over time was close to linear, but very slow, 
with rates (estimated from Fig. 4a) in the range of 0.06–
0.2 min−1. Such rates are common among reported rate 
estimates for LPMOs [40], but these rates are really low 
and two orders of magnitude lower than rates obtained 
in reactions with Avicel that are supplied with exogenous 
 H2O2, which are higher than 10 min−1 (Fig. 4b).

AA10_07 is a close homolog of the well-studied 
ScLPMO10C (CelS2; 85.6% sequence identity between 
catalytic domains). In previous studies by our group, 
ScLPMO10C displayed low cellulose oxidation rates 
(0.1–0.2  min−1) in reactions fuelled by ascorbic acid 
[24, 41], which are comparable to the results obtained 
here for AA10_07. However, looking back on a larger 
set of (our own) data, we noted that much higher oxi-
dation rates were observed in other studies while using 
seemingly comparable conditions, as shown in Table 1. 
Importantly, all ScLPMO10C experiments quoted in 

Table  1 were based upon similar LPMO production, 
purification and copper saturation procedures.

Given the fact that all these studies involved ascorbic 
acid as the reductant, it is reasonable to assume that 
the observed variations in LPMO activity were caused 
by different levels of free copper in the reactions (as 
well as, in some cases, other factors such as pH and the 
type of substrate).

Comparison of two in-house produced batches of 
ScLPMO10C, one freshly prepared and one older batch 
that had shown “high activity”, in the same experi-
ment indeed showed large differences in product yields 
(Additional file 1: Fig. S5). Most importantly, the differ-
ence between the two protein batches disappeared after 
the most active batch had been subjected to another 
round of desalting. Quantification of total copper by 
ICP-MS indicated the presence of 0.9 ± 0.139  µM and 
1.7 ± 0.298  µM copper ions in 1  µM enzyme solutions 
of the freshly prepared and the older “active” enzyme 
batches, thus confirming that the observed activity dif-
ferences indeed correlated with varying amounts of free 
copper.

It is worth noting that both ScLPMO10C batches 
were prepared in the same manner. In both cases 
(as well as in the other studies featured in Table  1), a 
gravity-flow desalting column was used to remove 
excess copper after copper saturation. It is reasonable 
to assume that the efficiency of the desalting procedure 
may have varied. The desalting experiments described 
above show how LPMO preparations devoid of free 
copper can be prepared and the filtration experiment 

Table 1 Cellulose oxidation rates derived from  previously reported ScLPMO10C reactions driven by  ascorbic acid 
and molecular oxygen

a The reported rate is underestimated by approximately twofold due to limitations in product quantification. Only C1-oxidized cellobiose was quantified in the 
mixture of C1-oxidized cellobiose and C1-oxidized cellotriose. The molar ratio between these products is typically close to 1 in reactions with ScLPMO10C [41]
b No progress curves were reported in the paper meaning that approximate oxidation rates were estimated using single time points
c DP2ox/DP3ox: C1-oxidized cellobiose/cellotriose

Approximate 
cellulose 
oxidation rate

Product quantification  routinec Substrate and reaction conditions References

0.2 min−1 a DP2ox quantification (HPAEC‑PAD) after treatment with 
TrCel7A cellobiohydrolase

0.2% (w/v) PASC, 20 mM ammonium acetate buffer, pH 
6.0, 40 °C, 2 mM ascorbic acid

[24]: Fig. 2a

0.14 min−1 a DP2ox quantification (HPAEC‑PAD) after treatment with 
TfCel5A endogluconase

1% (w/v) Avicel, 50 mM sodium phosphate buffer, pH 
6.0, 40 °C, 1 mM ascorbic acid

[41]: Fig. 2

6.7 min−1 DP2ox + DP3ox quantification (HPAEC‑PAD) after treat‑
ment with TfCel5A endogluconase

1% (w/v) Avicel, 50 mM sodium phosphate buffer, pH 
7.0, 40 °C, 1 mM ascorbic acid

[42]: Fig. 4

3.4 min−1 b DP2ox + DP3ox quantification (HPAEC‑PAD) after treat‑
ment with TfCel5A endogluconase

1% (w/v) Avicel, 50 mM sodium phosphate buffer, pH 
7.0, 40 °C, 1 mM ascorbic acid

[12]: Fig. 1f

2.5 min−1 b DP2ox + DP3ox quantification (HPAEC‑PAD) after treat‑
ment with TfCel5A endogluconase

0.5% (w/v) PASC, 50 mM sodium phosphate buffer, pH 
6.0, 40 °C, 1 mM ascorbic acid

[43]: Fig. 8

7.9 min−1 DP2ox + DP3ox quantification (HPAEC‑PAD) after treat‑
ment with TfCel5A endoglucanase

1% (w/v) Avicel, 50 mM sodium phosphate buffer, pH 
7.0, 40 °C, 1 mM ascorbic acid

[20]: Fig. 2a
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depicted in Fig.  3 provides a simple method to check 
for free copper that does not depend on the use of an 
ICP-MS.

Conclusions
Taken together, our results indicate that the use of ascor-
bic acid as a reductant in LPMO experiments is not 
optimal, if reproducibility of kinetic data is considered. 
Ascorbate-driven reactions are sensitive to micromolar 
concentrations of free copper due to high levels of cop-
per-catalyzed enzyme-independent  H2O2 production. 
On the other hand, when using gallic acid as an elec-
tron donor, the LPMO progress curves show no strong 
dependency on free copper in the system (at least up to a 
3 µM concentration). This is most likely due to complexa-
tion of free Cu(II) by gallic acid, which prevents copper 
reduction.

Potential sources of free copper in LPMO reactions 
are numerous. LPMO samples may be contaminated as 
a result of a copper saturation procedure, in case excess 
Cu(II) ions are not completely removed from the system. 
Other components of typical LPMO reactions, such as 
the substrate, may also contain small amounts of copper. 
Notably, copper carry-over may be facilitated by second-
ary low affinity binding sites on the enzyme, as observed 
in some crystal structures [38], and by poly-histidine 
affinity tags, which are known to possess a high affinity 
for Cu(II) [44].

Given that ascorbic acid is the most commonly used 
reductant in the field, it is likely that published LPMO 
activity data to some extent are biased by the presence 
of varying and unknown amounts of free copper in the 
reactions that were conducted. As we illustrate above, 
this includes some of our own previous work on ScLP-
MO10C for which we (implicitly) have reported different 
(higher) catalytic efficiencies which are due to variations 
in free copper.

The reported sensitivity to free copper is likely not 
exclusive to LPMO systems that are fuelled by ascorbate 
and may also apply to reactions with other reductants. 
For example, it has been established that autoxidation 
of both l-cysteine and glutathione, compounds that are 
regularly used as LPMO reductants [1, 11, 45–47], is 
catalysed by micromolar amounts of free Cu(II) ions in a 
manner that leads to the production of hydrogen perox-
ide [48, 49].

On another note, this study presents an illustration of 
the complex nature and limitations of the HRP/Amplex 
Red assay (see also [29]). We demonstrate that appar-
ent  H2O2 production rates obtained by this method 
using low concentrations of reductants (a rather com-
mon approach employed in many LPMO studies) may 
not necessarily describe trends that exist in reactions on 

cellulose at standard aerobic conditions (i.e., at ≥ 1 mM 
reductant concentration).

Our data provide insight into multiple mechanisms that 
may explain why LPMO activity is reductant-dependent. 
In this paper we show that, in the presence of substrate, 
hydrogen peroxide generation by 1 µM of a family AA10 
LPMO is negligible compared to the amounts of  H2O2 
produced by the autoxidation of 1 mM ascorbic acid and, 
in particular, 1 mM gallic acid.

It is worth noting that LPMOs may significantly vary in 
hydrogen peroxide production and, thus, some enzymes, 
for example fungal AA9 type LPMOs, may show less 
dependency on reductant autoxidation. Furthermore, the 
oxidation of reductants by oxygen (both in the presence 
and in absence of free copper) is likely to be affected by 
pH (these effects are well-described for ascorbate, e.g. 
[18, 50]), hence the contribution of this process to overall 
 H2O2 production may depend on reaction conditions.

All in all, this study sheds light on the complex impact 
of the reductant on LPMO catalysis. Under commonly 
used reaction conditions, the large surplus of reductant 
likely ensures that reduction of the LPMO is not rate-
limiting, and the rate of the reaction is determined by the 
generation of  H2O2, which, at least in the case of cellu-
lose-active AA10s, is dominated by the oxidation of the 
reductant by oxygen.

Methods
Materials
Chemicals were obtained from Sigma-Aldrich (St. Louis, 
MO, USA) unless indicated otherwise. Microcrystal-
line cellulose used in this study was Avicel PH-101. 
Amplex Red was obtained from Thermo Fisher Scien-
tific (Waltham, MA, USA). 10  mM Amplex Red stock 
solutions were prepared in DMSO and stored in light-
protected tubes at − 20 °C. Ascorbic acid and gallic acid 
were stored at −  20  °C as 100  mM stock solutions in 
metal-free TraceSELECT water (Honeywell, Charlotte, 
NC, USA) and DMSO, respectively. Horseradish peroxi-
dase type II (HRP) was stored in 50  mM sodium phos-
phate buffer, pH 6.0 at 4 °C (at 100 U/ml concentration). 
Tryptone and yeast extract were obtained from Thermo 
Fisher Scientific (Waltham, MA, USA).

Identification of the LPMO gene
Strain P01-F09 was isolated from a finger sponge har-
vested at 60  m depth near Tautra, an island located 
within the Trondheim fjord, Norway (063° 36′ 53ʺ 
N, 010° 31′ 22ʺ E) on September 22, 2005. Phyloge-
netic analysis (16  s rRNA) indicated the closest taxo-
nomic neighbour being Streptomyces griseolus (98.8% 
sequence identity). Shotgun sequencing of the strain’s 
genome was carried out at BaseClear BV (Leiden, 
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Netherlands) using Illumina HiSeq, revealing a genome 
size of 7,272,225 bp in 910 scaffolds.

Putative LPMO coding sequences within the 
obtained scaffolds were identified using the hmmscan 
tool from the HMMER software package version 3.1b2 
(http://hmmer .org/) [51]. The Hidden Markov Model 
(HMM) profiles of all LMPO families were extracted 
from the dbCAN database [52] (version 7 at the time 
of the analysis), available from the dbCAN website 
(http://bcb.unl.edu/dbCAN 2/). The analysis led to the 
identification of a seemingly complete gene putatively 
encoding an AA10 (family 10) LPMO, here referred to 
as AA10_07. The AA10_07 sequence has been submit-
ted to Genbank under Accession number MT882343.

Protein expression
The AA10_07-encoding gene (GenBank accession 
number MT882343) was codon optimized for expres-
sion in Escherichia coli and synthesized by GenScript 
(Piscataway, NJ, USA). The resulting synthetic DNA 
contained a 66  bp leader sequence, encoding for the 
pelB signal peptide, followed by the LPMO gene (resi-
due 34–360). The gene construct was cloned into the 
pET-26(b)+ expression vector (Merck, Darmstadt, 
Germany) using NdeI/XhoI restriction sites and 
sequenced (Sanger sequencing) by GenScript (Piscata-
way, NJ, USA).

An AA10_07 expression strain was established by 
heat-shock transformation of BL21 (DE3) competent 
cells (Invitrogen, Carlsbad, USA) with the expression 
vector, according to the supplier’s protocol. The trans-
formed cells were grown in LB medium at 37  °C for 
1  h, and then plated on LB agar medium with 50  µg/
ml kanamycin, followed by incubation overnight at the 
same temperature. A single colony was picked from 
the agar plate to inoculate 500  ml of Terrific Broth 
(TB) medium supplied with 50 µg/ml kanamycin. The 
resulting culture was incubated for 24  h at 30  °C in a 
LEX-24 Bioreactor (Harbinger Biotechnology & Engi-
neering, Markham, Canada) using compressed air for 
aeration and mixing. Under the conditions used here, 
there was a considerable level of basal expression 
(“promotor leakage”), hence no IPTG induction was 
necessary.

The cells were harvested by centrifugation (6000×g 
for 10 min) at 4 °C, using a Beckman Coulter centrifuge 
(Brea, CA, USA), and then subjected to periplasmic 
extraction by osmotic shock as described previously 
[53]. The periplasmic extracts were sterilized by filtra-
tion through a sterile 0.22  µm syringe filter (Sarstedt, 
Nümbrecht, Germany) and stored at 4 °C prior to puri-
fication of the LPMO.

Protein purification
AA10_07 was purified from a periplasmic extract using 
ion-exchange chromatography with a HiTrap™ DEAE 
Sepharose FF 5  ml column (GE Healthcare, Chicago, 
USA). The enzyme was eluted using a linear gradient 
of NaCl (0–500  mM) in the starting buffer, which was 
50  mM Tris-HCl, pH 7.5. Chromatography fractions 
were analysed by SDS-PAGE (Bio-Rad, Hercules, Cali-
fornia, USA). Fractions containing purified enzyme were 
pooled and concentrated using Vivaspin ultrafiltration 
tubes with a molecular weight cut-off of 10 kDa (Sarto-
rius, Göttingen, Germany). The concentrated prepara-
tions were subjected to size-exclusion chromatography 
using a HiLoad 16/60 Superdex 75 column (GE Health-
care, Chicago, USA), with 50  mM Tris-HCl, pH 7.5, 
containing 200 mM NaCl, which resulted in electropho-
retically pure LPMO samples. Protein concentrations 
were determined by UV–Vis spectroscopy  (A280) using 
the theoretical extinction coefficient of AA10_07 (assum-
ing that all pairs of Cys residues form disulphide bonds), 
as calculated with the ProtParam tool [54].

Copper-saturated enzyme was prepared by co-incu-
bating the purified LPMO with Cu(II)SO4 at a 1:3 molar 
ratio for 30  min, at room temperature in 50  mM Tris-
HCl, pH 7.5, containing 200  mM NaCl. Excess copper 
was removed from the preparation by size-exclusion 
chromatography on a HiLoad 16/60 Superdex 75 col-
umn (as described above) or using a PD MidiTrap G-25 
desalting column (GE Healthcare, Chicago, USA) equili-
brated with 50 mM sodium phosphate buffer pH 6.0. To 
avoid contamination with free copper, the sample size in 
the desalting step with PD MidiTrap G-25 columns was 
only 350 µl and only the first 1 ml of the eluate (instead 
of 1.5 ml recommended by the manufacturer) was used 
in further experiments. In case a HiLoad 16/60 Super-
dex 75 column was used, subsequent to the gel filtration 
step, the buffer was exchanged to 50 mM sodium phos-
phate buffer pH 6.0 using a PD MidiTrap G-25 desalting 
column. The purified protein samples were stored at 4 °C 
until further use.

Assessment of copper content
The total copper content of selected protein and cel-
lulose samples was determined by inductively coupled 
plasma mass spectrometry (ICP-MS) using a tandem 
quadrupole 8800 ICP-QQQ machine (Agilent Technolo-
gies), equipped with a collision/reaction cell. The samples 
were mixed with 70% ultrapure nitric acid and a multi-
element internal ICP-MS standard (Inorganic Ventures, 
Christiansburg, VA, USA). All samples were then auto-
claved at 121  °C in sealed tubes for 30  min using satu-
rated steam under pressure. Tubes were allowed to cool, 

http://hmmer.org/
http://bcb.unl.edu/dbCAN2/
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and the solutions were diluted with deionized 18.2  MΩ 
water to 5% (v/v) nitric acid. The ICP-MS instrument 
was operated in single quadrupole mode using helium as 
a collision gas to minimize diatomic interferences from 
plasma or sample. A control standard (Inorganic Ven-
tures, Christiansburg, VA, USA) was analysed in between 
the protein samples to check and compensate for instru-
ment drift. Calibration curves were prepared prior to 
protein analysis and the copper concentration was deter-
mined according to these curves using Indium as internal 
standard.

As another method for assessing free copper in enzyme 
preparations (and its effect on the LPMO reaction), a 
small volume (≤ 200  µl) of LPMO stock solution was 
subjected to ultrafiltration using a 3 kDa MWCO 1.5 ml 
ultrafiltration tube (VWR International, Radnor, PA, 
USA) and centrifugation at 10,000g and room tempera-
ture for about 3 min. The protein-free filtrate will contain 
the same concentration of free copper as the LPMO con-
taining retentate. Filtrates and retentates were collected 
and used in hydrogen peroxide production experiments 
(see below).

Hydrogen peroxide production
H2O2 production assays were based on the approach pre-
viously described by Kittl et  al. [13]. 90  µl sample solu-
tions containing LPMO, horse radish peroxidase (HRP) 
and Amplex Red in 50  mM sodium phosphate buffer 
pH 6.0 were pre-incubated in a 96-well microtiter plate 
for 5  min at 30  °C. The reactions were initiated by the 
addition of 10 µl of a reductant stock solution. The final 
concentrations of LPMO, HRP, Amplex Red and reduct-
ant were 3 µM, 5 U/ml, 100 µM and 50 µM (or 1 mM), 
respectively. For each experiment, control reactions were 
set up by substituting the LPMO with the same volume 
of water and/or with the same volume of a protein-free 
sample (“filtrate”), produced by ultrafiltration of the 
LPMO stock solution, as described above.

The formation of hydrogen peroxide was monitored 
by recording the optical absorbance of resorufin (the 
product generated from Amplex Red by HRP) at 563 nm 
over time, at 30  °C, using a Varioscan LUX plate reader 
(Thermo Fisher Scientific, Waltham, MA, USA).  H2O2 
standard solutions were prepared in 50  mM sodium 
phosphate buffer pH 6.0 and supplied with 5 U/ml HRP 
and 100  µM Amplex Red to generate a standard curve. 
Apparent  H2O2 production rates were derived from the 
initial linear parts of the resorufin production curves.

Hydrogen peroxide production in reactions containing 
free copper and a reductant (gallic acid or ascorbic acid) 
was assessed in the same manner as described above, 
using various concentrations of Cu(II)SO4.

LPMO reactions with Avicel
The LPMO activity on microcrystalline cellulose was 
studied by setting up reactions with varying amounts 
of enzyme (0.05–8 µM) and 1% (w/v) Avicel in 50 mM 
sodium phosphate buffer pH 6.0, supplied with 1  mM 
reductant (gallic acid or ascorbic acid) and varying 
amounts of  CuSO4 or  H2O2. The reactions were car-
ried out in a thermomixer (30 °C, 900 RPM). Note that 
LPMO reactions in the presence of gallic acid were 
set up using a 100 mM stock solution of gallic acid in 
DMSO. Thus, 1% (v/v) DMSO was introduced to the 
reaction mixtures. Control experiments were per-
formed to confirm that 1% (v/v) DMSO does not have 
a significant impact on the LPMO reaction (Additional 
file 1: Fig S6).

100 µl aliquots were taken at various time points, and 
the reactions were stopped by immediately separat-
ing the enzyme and soluble products from the insoluble 
substrate by filtration using a 96-well filter plate (Mil-
lipore, Burlington, MA, USA), after which the filtrates 
were stored at − 20 °C. Note that the product profile of 
AA10_07 (see Fig. 2b) shows a range of shorter to longer 
oxidized products (DP2-7ox) with DP6ox being the most 
prominent product. If AA10_07 was capable of degrad-
ing soluble cello-oligosaccharides, accumulation of 
shorter products would be expected, but this is not the 
case. Thus, the reactions were considered quenched after 
filtration. For qualitative product analysis, the filtrates 
were subjected to analytical chromatography without 
any additional pre-treatment procedures. Prior to quan-
titative product analysis, the filtrates were incubated at 
37 °C, overnight with 1 µM in-house produced recombi-
nant Thermobifida fusca GH6 endoglucanase (TfCel6A; 
[55]) to convert oxidized cello-oligosaccharides to a mix-
ture of oxidized dimers and trimers only.

Product analysis by HPAEC‑PAD
Cellulose degradation products were analysed by high-
performance anion-exchange chromatography with 
pulsed amperometric detection (HPAEC-PAD) using a 
Dionex ICS5000 system (Thermo Scientific, San Jose, 
CA, USA) equipped with a CarboPac PA200 analytical 
column. A stepwise gradient with an increasing amount 
of eluent B (eluent B: 0.1 M NaOH and 1 M NaOAc; elu-
ent A: 0.1 M NaOH) was applied according to the follow-
ing program: 0–5.5% B over 3 min, 5.5–15% B over 6 min, 
15–100% B over 11 min, 100–0% B over 6  s, 0% B over 
6  min. The flow rate was 0.5  ml/min. Chromeleon 7.0 
software was used for data analysis. C1-oxidized cello-
oligosaccharide standards with a degree of polymeriza-
tion of two and three (DP2, DP3) were prepared in-house 
as described before [41, 56].
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Product analysis by MALDI‑ToF MS
Products of Avicel degradation were identified using a 
matrix-assisted laser desorption/ionization time-of-
flight (MALDI-ToF) UltrafleXtreme mass spectrometer 
(Bruker Daltonics GmbH, Bremen, Germany). 1  μl of 
the LPMO reaction mixture was mixed with 2  μl of a 
matrix solution (9  mg/ml 2,5-dihydrooxybenzoic acid) 
on a MTP 384 ground steel target plate (Bruker Dal-
tonics). The plate was air-dried, and the spectral data 
were acquired using Bruker flexControl software, as 
described previously [1].
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Fig S1. Cellulose solubilization by two batches of AA10_07. The figure shows progress curves 

obtained in LPMO reactions (1 µM AA10_07 in 50 mM sodium phosphate buffer, pH 6.0, 30 

°C) with 1% (w/v) Avicel using desalted (circular markers) and SEC-treated (triangular markers) 

batches of AA10_07. For reduction, 1 mM ascorbic acid was present in the reaction mixtures. 

Error bars indicate standard deviations between triplicates. Prior to quantification of oxidized 

sites, soluble LPMO products of varying lengths were converted to a mixture of oxidized 

dimers and trimers by treatment with a cellulase. 

 

 

 

 

 

 

 

 

 

 

 



 

Fig S2. Underestimation of H2O2 in the presence of ascorbic acid or gallic acid. The figure 

shows HRP/Amplex Red results, obtained using various amounts of hydrogen peroxide in the 

presence and in the absence of 50 µM or 1 mM reductants. Note that both ascorbic acid and 

gallic acid supress the signal, i.e., the H2O2-fueled conversion of Amplex Red to the red-

fluorescent oxidation product, resorufin, to a similar extent. Error bars indicate standard 

deviations between triplicates.  

 

 

 

 

 

 

 

 

 



 

Fig S3. Cellulose solubilization by increasing amounts of AA10_07 in the presence of ascorbic 

acid or gallic acid. The figure shows progress curves obtained in LPMO reactions (in 50 mM 

sodium phosphate buffer, pH 6.0, 30 °C) with 1% (w/v) Avicel using 0.01 µM – 8 µM AA10_07. 

For reduction, 1 mM ascorbic acid or gallic acid was present in the reaction mixtures. AscA, 

ascorbic acid; GA, gallic acid. Error bars indicate standard deviations between triplicates. 

Product accumulation was not observed in control reactions with 1% (w/v) Avicel and no 

enzyme present. The 9 h end points were used to generate Fig. 7 in the main manuscript. 

 

 

 

 

 

 



 

Fig S4. Cellulose solubilization by 1 µM AA10_07 in the presence of protein-free filtrates. 

The figure shows the activity of 1 µM AA10_07 in 6 hours reactions with 1% (w/v) Avicel in 

the absence or presence of protein-free solution obtained by ultra-filtration of the enzyme 

preparation. This control solution contained the same amount of free (unbound) copper as 

the LPMO stock solution used in this study. The control reaction (red bar) was started by 

mixing 5.2 µL of the enzyme stock solution with 41.6 µL (8 times more volume) of protein-free 

filtrate. In the reference reaction (blue bar), the protein-free filtrate was substituted by the 

same volume of 50 mM sodium phosphate buffer, pH 6.0. Note that due to addition of the 

filtrate, the control reaction with 1 µM LPMO (red bar) will contain the same concentration of 

free copper as a reaction with 9 µM LPMO. The graph shows that, despite the nine-fold 

increase in the (potentially very low) free copper concentration, the experiment with the 

filtrate did not show any boost to LPMO activity, compared to the reference reaction (blue 

bar; 100 %). This result indicates that free copper levels in the AA10_07 preparation were too 

low to bias the results of the LPMO dose-response experiments shown in Fig. 7 & S3. Reaction 

conditions: 57 mM sodium phosphate buffer, pH 6.0, 30 °C. 1 mM ascorbic acid was used as a 

reductant. Error bars indicate standard deviations between triplicates.  
 

 

 

 

 



 

 

Fig S5. Comparing the activity of two different batches of ScLPMO10C.  The figure shows 

HPAEC-PAD chromatograms of products released by 1 µM ScLPMO10C in 1 hour reactions (50 

mM sodium phosphate buffer, pH 6.0, 30 °C) with 1 % (w/v) Avicel, supplied with 1 mM 

ascorbic acid. Batch A, ScLPMO10C preparation obtained in this study; batch B, previously 

produced ScLPMO10C sample, without or with an additional desalting step, as indicated.  

Oxidized product peaks were annotated based on previously published product profiles for 

ScLPMO10C [2, 12, 42].  

 

 

 

 

 

 

 

 

 



 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

Fig S6. The effect of DMSO on AA10_07 reactions with cellulose. The figure shows HPAEC-

PAD chromatograms of oxidized products released by AA10_07 in 24 hour reactions (1 µM 

LPMO in 50 mM sodium phosphate buffer, pH 6.0, 30 °C) with 1 % (w/v) Avicel in the presence 

of 1 mM reductant and/or 1% (v/v) DMSO. Note that the control experiment, performed at 

the same conditions, indicates that 1% (v/v) DMSO alone is not able to act as LPMO reductant. 

The oxidized products peaks are annotated based on retention times relative to the GlcGlc1A 

(DP2ox) standard.  
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Monocopper lytic polysaccharide monooxygenases (LPMOs) catalyse

oxidative cleavage of glycosidic bonds in a reductant-dependent reaction.

Recent studies indicate that LPMOs, rather than being O2-dependent

monooxygenases, are H2O2-dependent peroxygenases. Here, we describe

SscLPMO10B, a novel LPMO from the phytopathogenic bacterium Strep-

tomyces scabies and address links between this enzyme’s catalytic rate and

in situ hydrogen peroxide production in the presence of ascorbic acid, gallic

acid and L-cysteine. Studies of Avicel degradation showed a clear correla-

tion between the catalytic rate of SscLPMO10B and the rate of H2O2 gen-

eration in the reaction mixture. We also assessed the impact of oxidised

ascorbic acid, dehydroascorbic acid (DHA), on LPMO activity, since

DHA, which is not considered a reductant, was recently reported to drive

LPMO reactions. Kinetic studies, combined with NMR analysis, showed

that DHA is unstable and converts into multiple derivatives, some of which

are redox active and can fuel the LPMO reaction by reducing the active

site copper and promoting H2O2 production. These results show that the

apparent monooxygenase activity observed in SscLPMO10B reactions with-

out exogenously added H2O2 reflects a peroxygenase reaction.

Keywords: dehydroascorbic acid; enzyme kinetics; hydrogen peroxide;

LPMO; NMR

Lytic polysaccharide monooxygenases (LPMOs) are

monocopper enzymes that are involved in depolymeri-

sation of polysaccharides such as cellulose, other gly-

cans, xylan, chitin, pectin and starch [1–8]. LPMO

catalysis relies on the controlled generation of a reac-

tive oxygen species that is powerful enough to hydrox-

ylate glycosidic bonds in crystalline and otherwise

inaccessible substrates. The hydroxylation occurs at

the C1 or C4 position and results in cleavage of the

glycosidic bond, yielding a 1,5-d-lactone (C1-oxidizing

LPMOs) or a 4-ketoaldose (C4-oxidizing LPMOs)

[9–11]. Some enzymes generate mixtures of C1- and

C4-oxidised products [12]. In nature and in industrial

applications, LPMOs provide an essential support to

hydrolases whose activity is promoted upon LPMO-

catalysed de-crystallisation of recalcitrant polysaccha-

ride substrates [13–15].
Lytic polysaccharide monooxygenases depend on an

electron source for their catalytic activity. Most likely

due to their solvent-exposed active sites [16,17], these

Abbreviations

DHA, dehydroascorbic acid; HPAEC-PAD, high-performance anion-exchange chromatography with pulsed amperometric detection; HRP,

horseradish peroxidase; LPMO, lytic polysaccharide monooxygenase.
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enzymes can accept a remarkable variety of reductants,

ranging from small organic molecules, such as ascorbic

acid [1,18], gallic acid [3,19] or L-cysteine [20], to pro-

tein partners such as cellobiose dehydrogenase [11,21]

and pyrroloquinoline quinone-dependent pyranose

dehydrogenase [22].

Historically, LPMOs were thought to be strict

monooxygenases (Figure 1A) and involve molecular

oxygen as a co-substrate [1,23]. Subsequent studies

showed that hydrogen peroxide is able to drive LPMO

reactions (Figure 1B), suggesting that these enzymes

can operate as peroxygenases [24]. Importantly, perox-

ygenase LPMO reactions are fast [25–30] compared to

monooxygenase LPMO reactions, which are typically

two to three orders of magnitude slower. Furthermore,

the enzymes clearly prefer H2O2 over O2 in competi-

tion experiments [24].

It is well established that, provided with electron

donors, LPMOs are able to reduce molecular oxygen

and generate hydrogen peroxide [31,32]. This activity

was initially considered as a ‘futile’ uncoupled reac-

tion. However, in light of recent findings on H2O2

being a preferred LPMO co-substrate, hydrogen perox-

ide production by these enzymes can no longer be con-

sidered an irrelevant side process. The notion that

standard set-ups for aerobic LPMO reactions (LPMO,

1 mM reductant, substrate, O2) likely lead to genera-

tion of H2O2 has led some to suggest that the apparent

O2-dependent monooxygenase reactions in fact are

peroxygenase reactions that are limited by in situ pro-

duction of H2O2 [24,26]. The question whether ‘true’

monooxygenase LPMO reactions occur at all is a sub-

ject of current debate [28,33,34].

This debate stems in part from data showing that

hydrogen peroxide accumulation is not taking place in

LPMO reactions with substrates [28,31,33,35]. Some

researchers have interpreted these data to show that

H2O2 generation by LPMOs is suppressed by substrate

binding, which would imply that the observed LPMO

activity is due to a true monooxygenase reaction [33].

Other authors have pointed out that the absence of

hydrogen peroxide accumulation in LPMO reactions

with substrates shows that in situ produced H2O2 is

rapidly consumed in a productive peroxygenase reaction

[26]. Substrate binding shields the copper site from the

solvent, and it is, indeed, conceivable that this prevents

LPMOs from generating hydrogen peroxide. Recent

experimental work by Filandr et al. [28] lends support

to this idea. However, the amount of non-substrate-

bound LPMO will vary between different LPMO-

substrate combinations. Based on observations that

LPMO catalytic domains bind their substrates rather

weakly (e.g. [36]), one would expect that typical LPMO

reactions contain a significant fraction of free enzymes

capable of generating H2O2. Furthermore, commonly

used low-molecular-weight reductants react with dis-

solved oxygen leading to LPMO-independent formation

of hydrogen peroxide [37–40]. Several recent studies

suggest that these non-enzymatic reactions (sometimes

referred to as reductant ‘auto-oxidation’) indeed may be

rate-limiting in typical aerobic experiments with AA9

and AA10 LPMOs [28,29,41].

All in all, there is a growing amount of evidence

suggesting that LPMO substrate oxidation rates

obtained in the absence of exogenously provided H2O2

correlate with the rates of hydrogen peroxide produc-

tion in the reaction [19,29,41,42]. Despite this growing

insight, the factors that limit LPMO activity in stan-

dard aerobic reactions remain partly unresolved. For

example, while it is well known that LPMO activity

depends on the type of reductant [43,44], it remains to

be established why this is so. Interpretation of existing

literature data is complicated by the fact that

researchers use quite different reaction conditions, for

example strongly varying reductant concentrations and

reaction time scales.

Recently, it became clear that LPMOs can play a

role in host-pathogen interactions, and may promote

microbial infection in both mammals [45] and plants

[8]. Thus, characterisation of LPMOs from microbial

pathogens is of significant interest. In this paper, we

describe SscLPMO10B, a cellulose-active LPMO from

Streptomyces scabies, a bacterium that is known for

causing damage to potato crops [46]. Next to charac-

terising this enzyme, we used it as a model to study

the link between in situ hydrogen peroxide production

and substrate oxidation in the presence of three com-

monly used reductants (ascorbic acid, gallic acid and

L-cysteine). The results show a strong dependency of

the LPMO catalytic rate on the level of H2O2 genera-

tion in the system. We have also studied SscLPMO10B

activity in the presence of dehydroascorbic acid

(DHA), which is an oxidised derivative of the most

commonly used LPMO reductant, ascorbic acid. Since

ascorbic acid plays a role in many natural redox

Fig. 1. Monooxygenase (A) and peroxygenase (B) LPMO reaction

pathways. For both routes, initial reduction of Cu(II) to Cu(I) is

required for the enzyme to enter the catalytic cycle. The figure

was created with BioRender (www.biorender.com).
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processes, further insight into the fate and functionali-

ties of its oxidised derivatives is of general interest

[47]. DHA was recently reported to be able to fuel cel-

lulose oxidation by TaLPMO9A [48], but the mecha-

nism behind this remarkable observation remains

unknown. To gain further insight into these matters,

we carried out kinetic studies of LPMO reactions and

used NMR spectroscopy to analyse the fate of DHA.

We show that spontaneous degradation of DHA pro-

duces a complex set of redox-active derivatives that

promote generation of hydrogen peroxide and fuel

enzymatic oxidation of cellulose.

Results and discussion

Identification and cloning of putative LPMO

genes

The S. scabies genome (strain 87.22, GenBank accession

number NC_013929.1) was submitted to the dbCAN2

server for automated annotation of hypothetical LPMO

genes. The in silico mining revealed four open reading

frames encoding for putative LPMOs, all belonging to

AA10 family (Figure 2) and referred to as Ssc

LPMO10A, SscLPMO10B, SscLPMO10C and SscLP

MO10D below (GenBank accession numbers

WP_106437244.1, WP_173402964.1, WP_013003332.1

and WP_013006341.1, correspondingly). MMseqs2

searches [49] against the PDB database [50] identified

ScLPMO10C (cellulose-active C1-oxidizing LPMO) [2],

SliLPMO10E (chitin-active C1-oxidizing LPMO) [51] and

KpLPMO10A (cellulose- and chitin-active C1/C4-

oxidising LPMO) [52] as the closest structurally charac-

terised homologues of SscLPMO10B, SscLPMO10C and

SscLPMO10D (56%, 79% and 58% sequence identity

between catalytic domains), respectively. The closest

structurally characterised homologue of SscLPMO10A is

Tma12, an unusual (i.e. non-bacterial) AA10 chitinolytic

LPMO from the fern Tectaria macrodonta (47% sequence

identity between catalytic domains) [53]. SscLPMO10A

lacks a signal peptide, which, considering the crucial role

of Histidine 1 in correctly processed LPMOs, is remark-

able. This protein also contains a predicted transmem-

brane segment, localised within an extensive C-terminal

region of unknown function (Figure 2).

On the other hand, SscLPMO10B, SscLPMO10C

and SscLPMO10D have domain architectures

(Figure 2) that are common for secreted bacterial

LPMOs. The three corresponding sequences were

codon optimised for expression in Escherichia coli and

modified to encode for the SmLPMO10A signal pep-

tide instead of native periplasmic localisation signals,

after which the genes were synthesised and cloned into

the pET-26(b)+ expression vector.

Production of SscLPMO10B and characterisation

of LPMO activity

SDS-PAGE analysis of periplasmic extracts and

whole-cell samples obtained from E. coli strains

expressing LPMO candidate genes revealed that

SscLPMO10C and SscLPMO10D accumulated in the

cytoplasm in an insoluble form, while SscLPMO10B

was soluble and exported. The latter enzyme was puri-

fied from a periplasmic extract by ion-exchange and

size-exclusion chromatography (Figure S1) and sub-

jected to copper saturation and desalting. The removal

of free copper by desalting was confirmed using a pre-

viously described procedure [41] (Figure S2).

The substrate specificity of SscLPMO10B was

assessed by setting up 24-h reactions containing 0.5 µM
copper-loaded LPMO, 1 mM ascorbic acid and various

carbohydrates, including 1% (w/v) Avicel, 0.5% (w/v)

PASC, 1% (w/v) CMC, 1% (w/v) b-chitin, 0.5% (w/v)

beechwood xylan, 0.5% (w/v) konjac glucomannan,

0.5% (w/v) tamarind xyloglucan, 0.5% (w/v) wheat ara-

binoxylan and 500 lM D-(+)-cellohexaose. HPAEC-

PAD analysis of reaction mixtures showed product

formation in the reactions with cellulosic substrates

only (Avicel, PASC and the soluble cellulose derivative

CMC; Figure 3). The chromatograms showed multiple

C1-oxidised products, whereas signals corresponding to

C4-oxidised products were not observed.

MALDI-TOF MS analysis of products generated

from Avicel (Figure 4) gave a spectrum that is typical

Fig. 2. Domain architecture of putative family 10 LPMOs encoded

in the Streptomyces scabies genome. S, signal peptide; AA10,

catalytic domain; T, transmembrane segment; CBM2, family 2

cellulose-binding module. Note that the native signal peptides

(shown in the figure) were substituted by the SmLPMO10A

(CBP21) signal peptide in the enzymes produced in this study.
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for strictly C1-oxidising LPMOs, with a clear signal

for the sodium salt of the aldonic acid and absence of

signals for double oxidised products, which could have

emerged if the enzyme had been C1/C4-oxidising.

Avicel oxidation by SscLPMO10B in the presence

of various reductants

Next, we compared the capacity of various reducing

compounds to fuel Avicel solubilisation by Ssc

LPMO10B. The experiment featured three commonly

used LPMO reductants (ascorbic acid, gallic acid and

L-cysteine) as well as DHA – an oxidised derivative of

ascorbic acid, recently reported to drive cellulose oxi-

dation by a AA9 LPMO [48].

The use of ascorbic acid and gallic acid in reactions

with SscLPMO10B and Avicel, resulted in slow, but

steady oxidation of cellulose over 24 h (Figure 5A).

The rates obtained with 1 mM ascorbic acid and 1 mM

gallic acid amounted to approximately 0.12 min-1 and

0.25 min-1, respectively. Such excessively low catalytic

rates are common among AA10 bacterial LPMOs oper-

ating under ‘monooxygenase conditions’ [26,41] and it

has been claimed that they reflect the rate of hydrogen

peroxide production in the reaction mixture [41].

The reaction with 1 mM L-cysteine displayed a

much faster rate (�1.3 min-1), compared to the experi-

ments with gallic acid and ascorbic acid, but product

formation diminished early on in the reaction (after

approximately 1 h; Figure 5B). The observed decrease

in reaction rate over time can be explained by low

reductant stability or by LPMO inactivation, which

may occur if too much hydrogen peroxide is being

generated in the reaction mixture [24,54] (see below).

Importantly, the experiment with 1 mM DHA con-

firmed that this oxidised derivative of ascorbic acid

can, indeed, drive LPMO reactions with cellulose, not

only for fungal AA9s [48] but also for bacterial AA10s

(Figure 5A). The rate of DHA-fuelled substrate oxida-

tion amounted to approximately 0.32 min-1, meaning

that the reaction with DHA outperformed the reac-

tions with gallic acid and ascorbic acid. The variation

in reductant efficiency is addressed further below.

Hydrogen peroxide production in the presence of

various reductants

Our next goal was to test whether the reductant-

dependent differences in catalytic rates on Avicel could

be correlated to variation in the rate of in situ hydro-

gen peroxide production in the reactions. The results

of HRP/Amplex Red experiments (Figure 6) revealed

that the H2O2 production capacity of LPMO reactions

indeed strongly depends on the nature of the reducing

compound used to sustain the reactions. The highest

hydrogen peroxide generation rate was observed in the

presence of L-cysteine, whereas the experiment with

DHA resulted in the lowest H2O2 accumulation rate.

Fig. 3. Activity of SscLPMO10B on

cellulosic substrates. The figure shows

chromatograms of soluble oxidised

products released by 0.5 µM

SscLPMO10B from 1% (w/v) Avicel, 0.5%

(w/v) PASC or 1% (w/v) CMC after 24 h of

incubation at 30°C in 50 mM sodium

phosphate buffer, pH 6.0 containing 1 mM

ascorbic acid. C1-oxidised cello-

oligosaccharides with various degrees of

polymerisation (2-7) are designated as

dp2ox-dp7ox. Product formation was not

observed in control reactions lacking the

enzyme or lacking the reductant. Products

from the reaction with CMC could not be

identified due to unavailability of

carboxymethylated standards.
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As alluded to above, hydrogen peroxide production

in these reactions is a result of both LPMO-dependent

and LPMO-independent oxidation of the reductant.

Figure 6 shows that the LPMO contribution to the

overall hydrogen peroxide production was considerable

in the reactions with ascorbic acid and, particularly,

L-cysteine. On the other hand, the LPMO did not pro-

mote apparent H2O2 production in the reactions with

gallic acid and DHA. In the case of gallic acid, the

LPMO even, seemingly, inhibited H2O2 production,

which is likely due to a previously observed side reac-

tion in which the LPMO oxidises gallic acid (or gallic

acid derivatives) using H2O2 [41,55]. Such side reac-

tions are likely to become pronounced in the absence

of proper LPMO substrates (i.e. the conditions of

HRP/Amplex Red assay).

Taken together, the hydrogen peroxide production

data (Figure 6) and the substrate oxidation data

(Figure 5) obtained with ascorbic acid, gallic acid and

L-cysteine indicate that the SscLPMO10B catalytic rate

correlates with the rate of H2O2 production in the

reaction mixture. Very fast generation of H2O2 in the

reaction with L-cysteine may explain why the LPMO

reaction was so fast and why enzyme inactivation was

observed (Figure 5B). Comparison of the rates esti-

mated from the datasets depicted in Figures 5 and 6

shows that the product release rate (Figure 5) is 2–2.5
times lower than the hydrogen peroxide generation

rate (Figure 6). This lack of stoichiometry is not sur-

prising, considering that the presence of substrate will

reduce the degree of LPMO-dependent H2O2 genera-

tion ([28,31]; see below for more discussion). Further-

more, only solubilised oxidised products were

Fig. 4. MALDI-TOF analysis of Avicel depolymerisation by

SscLPMO10B. The figure shows MS signals corresponding to

LPMO products within the dp4–dp8 range, released after a 24-h

reaction with 1% (v/w) Avicel, 0.5 µM enzyme and 1 mM ascorbic

acid. Dp, degree of polymerization. Oxidised and native products

were observed as sodium or potassium adducts and/or as sodium

adducts of sodium and potassium salts, as indicated (Glc, glucose;

Glc1A, gluconic acid; GlcLA, lactone). Substrate degradation did not

occur in control reactions lacking the enzyme or lacking the

reductant. The experiments were conducted at 30°C in 50 mM

Bis-Tris, pH 6.0.

Fig. 5. Time course of Avicel solubilisation by SscLPMO10B in the presence of various reductants. The figure shows the release of oxidised

products in LPMO reactions (0.5 µM SscLPMO10B in 50 mM sodium phosphate buffer, pH 6.0, 30°C) with 1% (w/v) Avicel that were

carried out using 1 mM varying reductants. Error bars indicate standard deviations between triplicates and are in most cases hidden by the

markers. Product accumulation was not observed in control reactions with only substrate and reductants. Note that the reaction mixtures

with gallic acid and DHA contained 1% (v/v) DMSO.

57FEBS Letters 596 (2022) 53–70 ª 2021 The Authors. FEBS Letters published by John Wiley & Sons Ltd on behalf of

Federation of European Biochemical Societies.

A. A. Stepnov et al. The impact of reductants on efficiency of LPMO



quantified, while oxidised sites on the remaining insol-

uble substrate were not assessed. Of note, previous

studies with ScLPMO10C, which has a similar two-

domain structure as SscLPMO10B (Figure 2), suggest

that under the assay conditions used here, the majority

of the oxidised products will be soluble [18].

Strikingly, while the experiments with the other

reductants support the idea that LPMO activity under

‘monooxygenase conditions’ reflects an H2O2-limited

peroxygenase reaction, the results obtained with DHA

point in a different direction. The DHA-fuelled LPMO

reaction with Avicel resulted in a fast product release

(second only to the reaction with L-cysteine; Fig-

ure 5A), while the amount of hydrogen peroxide pro-

duced in the presence of DHA was the lowest among

the reducing compounds used in this study (Figure 6).

The impact of DHA on LPMO activity is addressed in

the detail below.

Avicel oxidation by SscLPMO10B in the presence

of exogenous hydrogen peroxide and DHA

To investigate the role of hydrogen peroxide in DHA-

driven LPMO reactions, we analysed Avicel

depolymerisation by SscLPMO10B in the presence of

exogenously supplied H2O2 and either DHA or ascor-

bic acid (Figure 7A). The addition of hydrogen

peroxide to the LPMO reaction with ascorbic acid

resulted in an (expected) drastic increase in the pro-

duct formation rate (�5.6 min-1) compared to the rate

obtained at standard aerobic conditions (�0.12 min-1).

The progress curve shows that product formation

diminished after a fast and linear initial phase. This is

indicative of enzyme inactivation, which is to be

expected in experiments with high amounts of added

H2O2 [24,56,57].

Strikingly, the impact of adding H2O2 to a reaction

with DHA was minimal, leading to a substrate oxida-

tion rate (�0.86 min-1) that was only a little higher

than the rate observed in the absence of H2O2

(�0.32 min-1) and much lower than the rate observed

in the reaction with H2O2 and ascorbic acid

(Figure 7A). This observation suggests that, in contrast

to ascorbic acid, DHA is not an efficient reductant for

the LPMO, which is a prerequisite for the peroxygenase

reaction to happen. This conclusion, however, is in

stark contrast with the observation that DHA outper-

forms ascorbic acid under ‘monooxygenase condi-

tions‘(Figure 5A). One might even wonder whether the

results with DHA indicate that SscLPMO10B is a true

monooxygenase (so, not dependent on H2O2 formation)

or whether DHA perhaps facilitates another, hitherto

unresolved catalytic mechanism. Interestingly, Brander

et al. [48] recently showed that DHA is able to promote

the oxidation of reduced phenolphthalein by an AA9

LPMO in the absence of both oxygen and hydrogen

peroxide, which could be taken to suggest that LPMOs

catalyse a hitherto unknown reaction.

Looking for possible explanations, we first consid-

ered the possibility that DHA may engage in a rapid

side reaction with H2O2, thus scavenging the co-

substrate. A control reaction with added H2O2 in the

presence of both ascorbic acid and DHA (Figure 7B)

yielded a progress curve very similar to that obtained

in the experiment with H2O2 and only ascorbic acid,

which shows that hydrogen peroxide scavenging by

DHA was negligible.

We then considered whether an unknown DHA

derivative (e.g. a product resulting from spontaneous

hydrolysis), rather than DHA itself, could reduce the

LPMO and fuel the LPMO reaction. If this would be

the case and if the hypothetical DHA derivative would

accumulate in LPMO reactions at a relatively slow

rate, then one could expect DHA to not work well in

the experiments with H2O2 (Figure 7A) due to a short

overall incubation time. On the other hand, the

SscLPMO10B reactions carried out at standard aero-

bic conditions (Figure 5A) were incubated for 24 h,

potentially allowing for significant amounts of a hypo-

thetical DHA derivative to be formed.

Fig. 6. Hydrogen peroxide production by SscLPMO10B in the

presence of various reductants. The figure shows apparent

hydrogen peroxide accumulation rates obtained in reactions with

0.5 µM LPMO and 1 mM reductant (black bars) or in reactions

lacking the enzyme (grey bars). All experiments were carried out in

50 mM sodium phosphate buffer, pH 6.0, at 30°C. Reaction

mixtures contained 5 U/ml HRP, 100 µM Amplex Red and 1% (v/v)

DMSO (experiments with ascorbic acid and L-cysteine) or 5 U/ml

HRP, 100 µM Amplex Red and 2% (v/v) DMSO (experiments with

gallic acid and DHA). The rates were derived from linear progress

curves. Error bars indicate standard deviations between triplicates.
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To test this simple but speculative explanation, the

Avicel degradation experiment was conducted again,

this time using 1 mM DHA that had been pre-

incubated with Avicel in reaction buffer at 30°C for

6 h, prior to addition of the enzyme and hydrogen

peroxide. Surprisingly, the rate of the DHA-fuelled

peroxygenase reaction dramatically increased when

using the pre-incubated reductant (Figure 7C), match-

ing the rate obtained in the reaction with H2O2 and

ascorbic acid. This observation suggests that, indeed,

an unidentified slowly accumulating DHA derivative

(or multiple derivatives) can reduce the LPMO. This

may explain why DHA works well in the 24-h stan-

dard reactions depicted in Figure 5A, whereas DHA

performs poorly in the 30-min reactions depicted in

Figure 7A.

Importantly, these observations regarding DHA sta-

bility can also explain the discrepancy between the

very low apparent rates of H2O2 production observed

in the presence of DHA (Figure 6) and the efficiency

of DHA under ‘monooxygenase conditions’ (Fig-

ure 5A). Next to the difference in time scale, complica-

tions of the HRP/Amplex Red assay may play a role.

It is well established that reductants may, to varying

extents, interfere with the HRP/Amplex Red assay sig-

nal, leading to underestimation of hydrogen peroxide

levels [29,41,58]. This can to some extent be handled

by adding reductants to the standard curves for H2O2,

as we did in this study. For unstable DHA, the situa-

tion is problematic because signal repression will

change over time and the compounds involved are

unknown (and possibly transient; see below). It is thus

possible that the H2O2 production levels observed in

the presence of DHA are underestimated.

Monitoring H2O2 production by SscLPMO10B in

the presence of DHA using selective fluorescent

probe

Given the limitations of the standard HRP/Amplex

Red assay discussed above, we evaluated Peroxy

Orange 1 (PO1, a boron-based fluorescent H2O2 probe

[59]) as a new tool to monitor the hydrogen peroxide

production in LPMO reactions. PO1 is irreversibly

activated by the nucleophilic addition of hydrogen per-

oxide to the boron atom, resulting in formation of

unstable borate ester, which undergoes spontaneous

hydrolysis to yield a highly fluorescent stable product

[60]. This approach allowed monitoring of H2O2 pro-

duction over a time scale that is comparable to that of

the reactions with cellulose. First, we carried out a

simple reaction with 25 lM PO1 and 25 lM H2O2,

confirming that the probe can be used to detect

hydrogen peroxide under LPMO reaction conditions

(Figure S3). Note that relatively low PO1 concentra-

tion was used to avoid a precipitation of the probe,

which has limited solubility in water [60]. Next, 25 lM
PO1 was introduced to the reaction mixture containing

1 mM DHA (Figure 8), leading to a significant

increase of the fluorescence over time, compared to a

Fig. 7. Time course of Avicel solubilisation by SscLPMO10B in the presence of various reductants and hydrogen peroxide. The figure

shows the accumulation of soluble oxidized products in LPMO reactions (1 µM SscLPMO10B in 50 mM sodium phosphate buffer, pH 6.0,

30°C, supplied with 100 µM H2O2) with 1% (w/v) Avicel. Panel A shows reactions fuelled by 1 mM ascorbic acid or 1 mM DHA, whereas

panels B and C show LPMO activity in the presence of a mixture of 1 mM ascorbic acid and 1 mM DHA (B) or in the presence of 1 mM

DHA that had been pre-incubated for 6 h prior to addition of the enzyme and hydrogen peroxide (C). Error bars indicate standard deviations

between triplicates. The progress curves for the reaction with 1 mM ascorbic acid (dotted lines in panels A, B and C) represent the same

experiment. Product accumulation was not observed in control reactions with substrate, reductant and H2O2. The reaction mixtures

featuring DHA contained 1% (v/v) DMSO.
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control reaction with only PO1. Importantly, when

1 lM SscLPMO10B was added to the system along-

side DHA, the fluorescence increased even further

(Figure 8).

To confirm that the observed PO1-derived fluores-

cence was indeed due to the accumulation of hydrogen

peroxide, a control experiment was carried out using

catalase, which can compete with LPMOs for H2O2

when applied at sufficiently high concentrations [28].

As expected, addition of catalase repressed H2O2 gen-

eration both in reactions with DHA alone and in reac-

tions with LPMO and DHA (Figure 8). Quantitative

interpretation of fluorescence data obtained with PO1

is complicated by the fact that the probe activation is

exceedingly slow (Figure S3), meaning that the assay

signal will be affected by potential side reactions that

can occur with H2O2 in the presence of DHA and

LPMO. Nevertheless, Figure 8 clearly shows that

hydrogen peroxide is produced in a DHA-dependent

manner.

Finally, to prove that DHA-fuelled reactions of

SscLPMO10B with cellulose depend on in situ pro-

duced H2O2 under standard aerobic conditions, an

inhibition experiment was performed in the presence

of Avicel and catalase. As shown in Figure 9, catalase

inhibited SscLPMO10B activity, confirming that the

apparent monooxygenase reaction in the presence of

DHA indeed is an H2O2-dependent peroxygenase

reaction.

The accumulation of DHA derivatives in the

presence and absence of LPMO

It has previously been demonstrated that DHA spon-

taneously converts to 2,3-diketo-L-gulonic acid (DKG)

[61–63] in aqueous solutions. DKG is known to

undergo additional transformations in solution giving

rise to various compounds, some of which are known

to be redox-active [64,65]. Importantly, one such DKG

derivative (called ‘compound 1’) has been isolated by

HPLC and shown to be capable of inducing non-

enzymatic hydrogen peroxide production, which is a

relevant feature in the context of LPMO catalysis [64].

Based on characterisation of compound 1 by electro-

spray mass spectrometry, K€ark€onen et al. proposed

the formula C6H6O5, suggesting that compound 1 has

a higher reduction state than DKG (C6H8O7) [64].

While the mechanism by which compound 1 is gener-

ated remains unclear, its formation likely results from

a redox reaction involving DKG and one of the multi-

ple potential products of spontaneous DHA hydroly-

sis. Interestingly, a hypothetical chemical structure of

compound 1 proposed by K€ark€onen et al. [64] shows

some resemblance to ascorbic acid (C6H8O6;

Figure 10). The structural similarity between these two

molecules is supported by the fact that ascorbate oxi-

dase is able to recognise compound 1 as a substrate

[64]. In view of these data, it seems feasible that, like

ascorbic acid [66], compound 1 can interact with the

LPMO active site and reduce it.

Fig. 8. H2O2 production by SscLPMO10B in the presence of DHA. The figure shows the generation of hydrogen peroxide in reactions

containing 1 mM DHA and 1 lM SscLPMO10B or 1 mM DHA alone. Note that the addition of LPMO to DHA solution significantly

promoted H2O2 formation. The experiments were carried out using 25 lM PO1 (Ex/Em = 540/560 nm) in 50 mM sodium phosphate buffer,

pH 6.0, at 30°C. Reaction mixtures supplied with DHA contained 1.5% (v/v) DMSO, whereas reaction mixtures lacking DHA contained 0.5%

(v/v) DMSO. Error bars indicate standard deviation between triplicates.
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UV-VIS spectroscopy of DHA under standard aero-

bic LPMO reaction conditions (1 mM DHA, 1% Avi-

cel, no LPMO, pH 6.0) revealed the formation of a

pronounced new peak with an absorbance maximum at

268 nm (Figure 11A). This value is very close to the

kmax (271–272 nm) previously reported for compound 1

at mildly acid conditions (pH 5.6) [64]. The peak area

increased over time with a concomitant shift in the kmax

(from 268 nm to 285 nm). This notable shift in kmax

over time suggests the formation of additional DHA

derivatives. To rule out the possibility that the observed

accumulation of DHA derivatives was driven by Avicel

or potential contaminations in the Avicel, a control

UV-VIS experiment was carried out in the absence of

cellulose, showing that the cellulose did not affect the

formation of UV-absorbing species and did not affect

the shift in kmax over time (Figure S4). A similar reac-

tion conducted in the presence of both Avicel and

LPMO (Figure 11B) gave remarkably lower UV

absorption signals after 24 h, lending support to the

notion that DHA-derived compounds (or their hypo-

thetical precursors) are involved in LPMO catalysis.

Somewhat surprisingly, a control experiment with

DHA and LPMO in the absence of substrate showed even

lower UV signals (Figure 11B). While we cannot explain

why this is the case, there are plausible explanations, one

being that in the absence of a bona fide substrate the

LPMOmay catalyse H2O2-dependent oxidation of one or

more of the DHA-derived compounds, analogous to find-

ings by Breslmayr et al. [55]. It is also possible that in the

absence of substrate, H2O2 production is elevated [28]

and that the produced H2O2 reacts directly with DHA-

derived redox active compounds. Overall, the results

described above support the idea that DHA decomposi-

tion involves the formation of reducing species that can

drive LPMO action on cellulosic substrates.

To get more insight in the chemistry of DHA and

ascorbic acid conversion, we monitored the transforma-

tion of these compounds by NMR spectroscopy. Using

Fig. 9. Inhibition of SscLPMO10B by catalase in reactions with DHA. The figure shows HPAEC-PAD chromatograms of reaction mixtures

containing 1 mM DHA, 1% (w/v) Avicel and 0.5 lM LPMO, with or without catalase. The reactions were carried out using 50 mM sodium

phosphate buffer, pH 6.0, and were incubated at 30°C for 9 h. The graphs show that the addition of 2000 U/ml catalase resulted in almost

complete suppression of SscLPMO10B activity, whereas the addition of the same amount of heat-inactivated catalase (20 min pre-

incubation at + 100°C) did not affect the LPMO reaction. The figure includes chromatograms for a control reaction mixture containing Avicel

and DHA and lacking LPMO and catalase (marked ‘DHA’), and chromatograms of GlcGlc1A (dp2ox) and GlcGlcGlc1A (dp3ox) standards.

Fig. 10. Hypothetical structure of compound 1 [64].
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NMR allowed direct observation of the main compounds

generated in situ, with high temporal resolution. This

contrasts with previous studies on the fate of ascorbic

acid and DHA, which were largely based on elec-

trophoretic separation of compounds prior to analysis

[64,67]. Firstly, partial assignment of ascorbic acid, DHA

and DKG was performed using 10 mM ascorbic acid

and DHA solutions. C-H spin pairs were assigned using
13C-HSQC spectra (Figure S5), and 13C-HSQC-[1H-1H]-

TOCSY correlations were used to establish connectivity.

Attempts to assign the quaternary carbons using HMBC

correlations were not successful. Nevertheless, the assign-

ment for ascorbic acid fits previously published assign-

ments (Biological Magnetic Resonance Data Bank entry

bmse000182; www.bmrb.io), whereas the assignments for

DHA and DKG fit the chemical shifts predicted by an

empirical neural-network algorithm provided by the

NMRShiftDB server (https://nmrshiftdb.nmr.uni-koeln.

de/nmrshiftdb/). DHA is known to exist as a single ring

or in a bicyclic form. The high chemical shift for the

methylene C6 (78.7 ppm) indicates that the bicyclic form

of DHA is the only one visible in our NMR experiments.

This is an expected observation, as bicyclic DHA is

known to be the dominant DHA form [67]. For the single

ring form of DHA, a lower chemical shift (around

62 ppm) for the methylene C6 is to be expected.

Next, based on the assigned chemical shifts, we

recorded and analysed NMR spectra of 1 mM DHA

solution in 50 mM sodium phosphate buffer, pH 6.0

supplied with 1% (w/v) Avicel in the presence or

absence of 0.5 lM LPMO. The NMR analysis clearly

showed that the conversion of DHA to DKG was

not affected by the presence of the enzyme

(Figure 12A,B), indicating that both DHA and DKG

are not directly involved in LPMO reduction.

Although the UV-VIS data (Figure 11A) clearly

showed that further conversion of DKG takes place

under these conditions, we did not detect NMR sig-

nals corresponding to compound 1 or other DHA

derivatives in any of the reactions. This is likely due

to the low sensitivity of NMR, which implies that

compounds would only be visible at concentrations

above ~0.1 mM.

For comparison, the NMR experiment was repeated

using ascorbic acid as an electron donor. In contrast

to the observations with DHA, the rate of ascorbate

consumption increased upon the addition of LPMO

(Figure 12C), which is to be expected, considering that

this compound can reduce the LPMO directly [66].

The experiment further showed that, as expected,

ascorbic acid oxidation resulted in the generation of

DHA and DKG (Figure 12D,E). It is not clear from

our data to what extent DHA derivatives contribute to

enzyme reduction and H2O2 production in typical

LPMO reactions containing ascorbic acid at high

(≥1 mM) concentration. However, it seems reasonable

to assume that DHA-related effects could have notice-

able impact in certain experiments, for example experi-

ments that involve low amounts of ascorbic acid that

will become depleted during prolonged incubation

times.

Concluding remarks

Taken together, our experiments with SscLPMO10B

and four different reductants under conditions referred

Fig. 11. UV-VIS spectroscopy of reaction mixtures containing DHA. Panel A shows UV-VIS spectra of 1 mM DHA incubated with 1% (w/v)

Avicel for 3, 6, 10 and 24 h at standard LPMO reaction conditions (50 mM sodium phosphate buffer, pH 6.0, 30°C). The dotted line is the

spectrum of DHA solution at the beginning of experiment. Panel B shows UV-VIS spectra of the same type of reaction mixtures containing

the indicated combinations of DHA, LPMO and substrate, after incubation for 24 h. All experiments were carried out in triplicates; the figure

shows average absorbance values.
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to here as ‘standard aerobic reactions’ or ‘monooxyge-

nase conditions’ show that the LPMO catalytic rate

depends on the level of in situ hydrogen peroxide pro-

duction. This study adds to a growing amount of evi-

dence in support of the notion that slow apparent

monooxygenase LPMO reactions in fact are peroxyge-

nase reactions, limited by endogenous H2O2 supply. It

seems clear by now that the impact of the reductant

on LPMO activity, which is as such remarkable since

reduction of LPMOs is much faster than the apparent

monooxygenase reaction [24,43], relates to H2O2 pro-

duction and not to LPMO reduction.

The results of the hydrogen peroxide assays should

be interpreted with caution. It is well established that

reductants interfere with the HRP/Amplex Red assay

signal, for example by reducing Amplex Red radicals

back to Amplex Red, leading to reduced resorufin for-

mation and, thus, underestimation of hydrogen

Fig. 12. Time courses of (A) DHA conversion to (B) DKG, and (C) ascorbic acid conversion to (D) DHA and (E) DKG. All experiments were

carried out at 30°C in 50 mM sodium phosphate buffer, pH 6.0 prepared in D2O (D, 99.9%) and supplied with 1% (w/v) Avicel. The

reactions containing 0.5 lM LPMO are marked with red colour, whereas the reactions lacking the enzyme are marked with black colour.

The signal intensity % in the plots corresponds to integrals in pseudo-2D NMR spectra recorded over 24 h. To facilitate comparison across

experiments, all signals were normalised to the DHA signal at the beginning of the reaction for the sample with 0.5 µM SscLPMO10B and

1% (w/v) Avicel (red curve in panel A).
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peroxide levels [29,41,58]. While the reductant-

mediated repression of the HRP/Amplex Red assay

signal can be accounted for when using a well-defined

reductant, this cannot be applied to reactions contain-

ing DHA, which, as a result of spontaneous DHA

conversion, contain unknown amounts of unknown

reductants that change over time. When it comes to

quantitatively correlating H2O2 production levels to

LPMO activity, another complication comes from the

fact that the presence of substrate at LPMO turnover

conditions will reduce LPMO-dependent H2O2 produc-

tion [28,31,35,58]. Indeed, recent data indicate that the

substrate oxidation rates of bacterial LPMOs show a

surprisingly low dependency on the LPMO concentra-

tion [28,29,41], which supports the notion that the

reaction is limited by the co-substrate and that

LPMO-dependent in situ generation of the co-

substrate is hampered by substrate binding. While we

are not able to quantitatively link H2O2 production

levels by a particular LPMO-reductant combination to

the rate of cellulose degradation, the results depicted

in Figures 5 and 6 show a clear correlation between

the two.

Ascorbic acid is an abundant compound in nature

that has been studied in multiple contexts [68,69]. In

that sense, our findings with DHA not only shed light

on an unusual LPMO-activating compound but may

also have implications for other redox processes

involving ascorbic acid. Our LPMO studies show that,

rather than reducing the enzyme directly, DHA is

spontaneously converted into a variety of derivatives

including at least one that can act as an electron donor

for LPMOs and that can promote H2O2 production.

We were not able to quantitatively assess the H2O2

production potential of this mixture due to the limita-

tions of the HRP/Amplex red assay that are discussed

above; however, our experiments with the PO1 probe

confirm that hydrogen peroxide generation is taking

place in the presence of DHA. Furthermore, it is clear

that the LPMO catalytic rate in reactions with DHA is

limited by H2O2 produced in situ, as demonstrated by

the catalase inhibition experiment. There is no reason

to assume that a DHA-driven reaction is mechanisti-

cally different from, for example an ascorbic acid-

driven reaction.

Methods

Materials

Chemicals were purchased from Sigma-Aldrich (St. Louis,

MO, USA) unless stated otherwise. Amplex Red was

obtained from Thermo Fisher Scientific (Waltham, MA,

USA). A stock solution containing 10 mM Amplex Red

was prepared in DMSO and stored at �20°C in light-

protected tubes. Ascorbic acid was stored at �20°C as

filter-sterilised (0.22-lm syringe filter) 100 mM stock solu-

tion in metal-free TraceSELECT water (Honeywell, Char-

lotte, NC, USA). Gallic acid and DHA were stored at

�20°C as filter-sterilised (0.22-lm syringe filter) 100 mM

stock solutions in DMSO. The reductant solutions were ali-

quoted and used only once. Fresh L-cysteine stock solutions

were prepared immediately prior to experiments by dissolv-

ing the compound in metal-free TraceSELECT water at

100 mM concentration. These solutions were filtered

through a 0.22-lm syringe filter and used only once. Horse-

radish peroxidase type II (HRP; Sigma-Aldrich, St. Louis,

MO, USA) was stored in 50 mM sodium phosphate buffer,

pH 6.0 at 4°C (at 100 U/ml concentration). Bovine liver

catalase (Sigma-Aldrich, St. Louis, MO, USA) was stored

in 50 mM sodium phosphate buffer, pH 6.0 at 4°C (at

9500 U/ml concentration). Peroxy Orange 1 (PO1) was

stored at �20°C as 5 mM stock solution in DMSO. Tryp-

tone and yeast extract were from Thermo Fisher Scientific

(Waltham, MA, USA). The model microcrystalline cellu-

lose used in the study was Avicel PH-101. Phosphoric acid

swollen cellulose (PASC) was produced from Avicel as

described before [70]. Carboxymethyl cellulose (CMC) was

stored as 2% (w/v) solution in 50 mM sodium phosphate

buffer, pH 6.0. Beechwood xylan, konjac glucomannan,

tamarind xyloglucan and wheat arabinoxylan were

obtained from Megazymes (Bray, Ireland). b-Chitin
extracted from squid pen was purchased from France Chi-

tin (Orange, France).

Identification and cloning of LPMO genes

The publicly available S. scabies genome (strain 87.22,

GenBank accession number NC_013929.1) was mined for

hypothetical LPMO encoding sequences using the dbCAN2

server (http://bcb.unl.edu/dbCAN2/) [71]. Putative signal

peptides and transmembrane helixes were predicted using

the SignalP-5.0 (http://www.cbs.dtu.dk/services/SignalP/)

[72] and TMpred (https://embnet.vital-it.ch/software/

TMPRED_form.html) servers, respectively. Four open

reading frames were found to encode hypothetical AA10

LPMOs (GenBank accession numbers WP_106437244.1,

WP_173402964.1, WP_013003332.1 and WP_013006341.1)

that are referred to as SscLPMO10A, SscLPMO10B,

SscLPMO10C and SscLPMO10D, respectively.

The SscLPMO10B, SscLPMO10C and SscLPMO10D

full-length sequences (including stop codons) were codon

optimised for expression in E. coli and modified to encode

for the SmLPMO10A (CBP21) [1] periplasmic localisation

signal (‘MNKTSRTLLSLGLLSAAMFGVSQQANA’)

instead of native signal peptides. Due to this set-up the

C-terminal His-tag encoded by the vector was not included

in the expressed proteins. The corresponding genes were
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synthesised and cloned into the pET-26(b)+ expression vec-

tor (Merck, Darmstadt, Germany) by GenScript (Piscat-

away, NJ, USA) using NdeI/XhoI restriction sites. Correct

synthesis and cloning of the target inserts were confirmed

by Sanger sequencing (GenScript, Piscataway, NJ, USA).

Protein expression and purification

SscLPMO10B, SscLPMO10C and SscLPMO10D expres-

sion strains were established by heat-shock transformation

of BL21 (DE3) competent cells (Invitrogen, Carlsbad,

USA) with the LPMO gene-containing pET-26(b)+ plas-

mids according to the supplier’s protocol. The transfor-

mants were incubated in LB medium at 37°C for 1 h, and

then plated on LB agar medium with 50 µg/ml kanamycin,

followed by overnight incubation at the same temperature.

A single colony was picked from the plate and used to

inoculate 500 ml of Terrific Broth (TB) medium supplied

with 50 µg/ml kanamycin. The culture was incubated for

24 h at 30°C in a LEX-24 Bioreactor (Harbinger Biotech-

nology & Engineering, Markham, Canada) using com-

pressed air for mixing and aeration. Considerable levels of

basal expression were observed when using these condi-

tions; hence, IPTG induction of the T7 promoter was not

required.

The cells were collected by centrifugation (6000 9 g for

10 min at 4°C) using a Beckman Coulter centrifuge (Brea,

CA, USA). Periplasmic extracts were produced by osmotic

shocking as described previously [73] and filter-sterilised

through 0.22-µm syringe filters (Sarstedt, N€umbrecht,

Germany).

The periplasmic extract containing soluble SscLPMO10B

was subjected to ion-exchange chromatography with a

HiTrapTM Q FF (Q Sepharose) 5-ml column (GE Health-

care, Chicago, USA). Protein elution was achieved by

applying a linear gradient of NaCl (0–500 mM, 250 ml) in

the starting buffer (25 mM Tris-HCl, pH 8.0). Chromato-

graphic fractions containing LPMO were pooled, concen-

trated (Vivaspin ultrafiltration tubes, Sartorius, G€ottingen,

Germany) and further purified by size-exclusion chro-

matography using a HiLoad 16/60 Superdex 75 column

(GE Healthcare, Chicago, USA) equilibrated with 50 mM

Tris-HCl, pH 7.5, containing 200 mM NaCl.

Enzyme purity was confirmed by SDS-PAGE (Bio-Rad,

Hercules, CA, USA) and the concentration of SscLPMO10B

was determined by UV spectroscopy at 280 nm using the

theoretical extinction coefficient predicted with the Prot-

Param tool, assuming that all pairs of cysteine residues are

involved in the formation of disulphide bridges [74].

The resulting LPMO sample was co-incubated with a

three-fold molar surplus of Cu(II)SO4 for 30 min at room

temperature to ensure complete active site loading. Copper

saturation was performed in 50 mM Tris-HCl, pH 7.5, con-

taining 200 mM NaCl. Excess copper was removed from

the enzyme preparation by desalting using a PD MidiTrap

G-25 gravity flow column (GE Healthcare, Chicago, USA),

equilibrated with 50 mM sodium phosphate buffer, pH 6.0,

using previously described protocol [41].

HRP/Amplex Red hydrogen peroxide production

assay

Hydrogen peroxide production by SscLPMO10B in the

presence of various reducing compounds was studied using

the HRP/Amplex Red assay, previously described by Kittl

et al. [31]. In brief, 90 µl of LPMO solution in 50 mM

sodium phosphate buffer, pH 6.0, containing HRP and

Amplex Red, was pre-incubated for 5 min at 30°C in a

96-well microtiter plate. To start the reactions, 10 µl of

reductant solution was added, followed by 10 s of mixing

(600 RPM) in a Varioscan LUX plate reader (Thermo

Fisher Scientific, Waltham, MA, USA). The final concen-

trations of LPMO, HRP, Amplex Red and reductant were

0.5 µM, 5 U/ml, 100 µM and 1 mM, respectively. Hydro-

gen peroxide production was detected by following the

formation of resorufin, which is the product of Amplex

Red oxidation that has strong absorbance at 563 nm.

Control reactions containing no LPMO were carried out

to assess the level of hydrogen peroxide production in the

presence of reductants and oxygen.

Hydrogen peroxide standard solutions were prepared in

50 mM sodium phosphate buffer, pH 6.0, and were sup-

plied with reductant, immediately followed by HRP and

Amplex Red, to produce calibration curves. The final con-

centrations of HRP, Amplex Red and reductants in the cal-

ibration samples were the same as in experimental samples

(see above). The apparent hydrogen peroxide production

rates were calculated from the linear part of the resorufin

accumulation curves.

Hydrogen peroxide detection using Peroxy

Orange 1

Hydrogen peroxide generation was also studied using Per-

oxy Orange 1 (PO1), a H2O2-selective fluorescent probe.

Reaction mixtures containing 1 lM LPMO, 1 mM DHA

and/or 2000 u/ml catalase were supplied with 25 lM PO1,

loaded into a 96-well non-transparent microtiter plate and

incubated at 30°C for 12 h. Fluorescence signals were

recorded every hour using 540/560 nm excitation/emission

wavelengths. Samples containing 25 lM PO1 or 25 lM
PO1 and 25 lM H2O2 were used as negative and positive

controls, respectively.

LPMO reactions with polysaccharide and

oligosaccharide substrates

Lytic polysaccharide monooxygenase reactions with various

soluble and insoluble substrates [1% (w/v) Avicel, 0.5%
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(w/v) PASC, 1% (w/v) CMC, 500 µM cellohexaose, 0.5%

(w/v) beechwood xylan, 0.5% (w/v) konjac glucomannan,

0.5% (w/v) tamarind xyloglucan, 0.5% (w/v) wheat arabi-

noxylan and 1% (w/v) b-chitin] were carried out in 50 mM

sodium phosphate buffer, pH 6.0 using an Eppendorf ther-

momixer (Eppendorf, Hamburg, Germany) set to 30°C and

900 RPM. Experiments with Avicel were set up in the

absence and in the presence of 100 lM H2O2, whereas

reactions with other substrates were performed at standard

aerobic conditions only (i.e. no exogenous hydrogen perox-

ide). The reaction mixtures were supplied with 1 mM

reductant (ascorbic acid, gallic acid, L-cysteine or DHA).

Note that the reaction mixtures featuring gallic acid and

DHA contained 1% (v/v) DMSO, introduced from the

reductant stock solutions. It has previously been shown

that 1% (v/v) DMSO does not affect LPMO activity [41].

Aliquots were taken at various time points and the reac-

tions were quenched either by filtering out insoluble sub-

strates using a 96-well filter plate (Millipore, Burlington,

MA, USA) or by adding NaOH (0.1 M final concentra-

tion) to samples containing soluble substrates.

Filtered samples obtained from reactions with Avicel

were treated with in-house produced recombinant Thermob-

ifida fusca GH6 endoglucanase (TfCel6A, [75]; 2 lM final

concentration) to convert oxidized LPMO products to a

simple, quantifiable mixture of dimers and trimers.

Product analysis by HPAEC-PAD

The LPMO products were detected and quantified by high-

performance anion-exchange chromatography with pulsed

amperometric detection (HPAEC-PAD) using a Dionex

ICS5000 system (Thermo Scientific, San Jose, CA, USA)

equipped with a CarboPac PA200 analytical column, as

previously described [41]. Data were collected and pro-

cessed using Chromeleon 7.0 software. C1-oxidised cel-

lobiose and cellotriose standards were prepared in-house

according to a previously published protocol [76].

Product analysis by MALDI-TOF MS

Products generated by SscLPMO10B in the reaction with

1% (w/v) Avicel were analysed using a matrix-assisted laser

desorption/ionization time-of-flight (MALDI-ToF) Ultra-

fleXtreme mass spectrometer (Bruker Daltonics GmbH,

Bremen, Germany). In this experiment, 50 mM Bis-Tris,

pH 6.0, was used instead of 50 mM sodium phosphate

buffer, pH 6.0, to achieve optimal co-crystallisation of the

sample with matrix solution. One microlitre of the LPMO

reaction samples was mixed with 2 ll of a matrix solution

(9 mg/ml 2,5-dihydrooxybenzoic acid in 30% acetonitrile)

on an MTP 384-ground steel target plate (Bruker Dalton-

ics). The target plate was air-dried, and the MS data were

acquired using Bruker flexControl software, as described

previously [1].

UV-VIS spectroscopy of LPMO reaction mixtures

featuring Avicel and DHA

Samples were taken from LPMO reactions at various time

points and reactions were quenched by removing the insol-

uble substrate as described above. Hundred microlitres of

filtered reaction samples were transferred to a UV-

transparent 96-well microtiter plate. UV-VIS absorbance

spectra were recorded in the 230–900 nm range using 1-nm

scanning steps in a Varioscan LUX plate reader (Thermo

Fisher Scientific, Waltham, MA, USA).

NMR spectroscopy

The following samples (500 µL) were prepared in 5-mm

LabScape Stream NMR tubes (Bruker BioSpin AG,

F€allanden, Switzerland) to monitor the kinetics of ascorbic

acid and DHA degradation by NMR spectroscopy: (a)

0.5 µM SscLPMO10B and 1% (w/v) Avicel with 1 mM

ascorbic acid in 50 mM sodium phosphate buffer (pH 6.0)

prepared in D2O (D, 99.9%), (b) 1% (w/v) Avicel with

1 mM ascorbic acid in 50 mM sodium phosphate buffer

(pH 6.0) prepared in D2O, (c) 0.5 µM SscLPMO10B and

1% (w/v) Avicel with 1 mM DHA and 1% (v/v) DMSO

(D, 99.9%; Merck) in 50 mM sodium phosphate buffer

(pH 6.0) prepared in D2O, (d) 1% (w/v) Avicel with 1 mM

DHA and 1% (v/v) DMSO (D, 99.9%; Merck, Darmstadt,

Germany) in 50 mM sodium phosphate buffer (pH 6.0)

prepared in D2O, (e) 10 mM ascorbic acid in 50 mM

sodium phosphate buffer (pH 6.0) prepared in D2O and (f)

10 mM DHA and 1% (v/v) DMSO (D, 99.9%; Merck,

Darmstadt, Germany) in 50 mM sodium phosphate buffer

(pH 6.0) prepared in D2O.

All NMR experiments were recorded at 30°C on a Bru-

ker Ascend 800 MHz spectrometer with an Avance III HD

console and equipped with a 5-mm Z-gradient CP-TCI

(H/C/N) cryogenic probe at the NV-NMR-Centre/

Norwegian NMR Platform (NNP) at the Norwegian

University of Science and Technology (NTNU). 1H chemi-

cal shifts were internally referenced to the water signal,

while 15N and 13C chemical shifts were indirectly referenced

to the water signal, based on absolute frequency ratios [77].

The spectra were recorded, processed and analysed using

TopSpin 3.6pl7 and TopSpin 4.0.7 software (Bruker BioS-

pin AG, F€allanden, Switzerland).

Time-course kinetics of the above-mentioned samples

were followed using a series of 1D Nuclear Overhauser

Effect Spectroscopy (NOESY) spectra with a 10-ms mixing

time being recorded every 12 min for 24 h, resulting in

pseudo-2D spectra with time as the second dimension. The

1D NOESY experiment was selected because it provides

excellent water suppression without causing artefacts and

signal reduction around the water resonance [78,79]. To

assign the chemical shifts of the compounds present in the

solutions, we recorded 1D-NOESY, 2D 13C-Heteronuclear

66 FEBS Letters 596 (2022) 53–70 ª 2021 The Authors. FEBS Letters published by John Wiley & Sons Ltd on behalf of

Federation of European Biochemical Societies.

The impact of reductants on efficiency of LPMO A. A. Stepnov et al.



Single Quantum Coherence (HSQC) with multiplicity edit-

ing, 2D 13C-HSQC-[1H,1H]-Total Correlation Spectroscopy

(TOCSY) with 90-ms mixing time, and two-dimensional

Heteronuclear Multibond Correlation (HMBC) with three-

fold low-pass J-filter for suppression of one-bond correla-

tions, using samples (5) and (6). The signals were recorded

immediately after preparation of these solutions and once

again after a 24-hour incubation.
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Figure S1. SDS-PAGE of SscLPMO10B after purification. The predicted molecular weight of mature 
LPMO (lacking the signal peptide) is 33.7 kDa. The gel was loaded with 1, 2 and 3 µg of the enzyme. 
 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



Figure S2. Hydrogen peroxide production by SscLPMO10B and by protein-free ultrafiltrates. The 
figure shows the HRP/Amplex Red assay signal (reflecting H2O2 production) recorded in the presence 
of 1 µM LPMO (blue curve) or in the presence of the same amounts of protein-free control samples 
(red curve) obtained by ultrafiltration of the enzyme stock solution using a 3 kDa MWCO 1.5 ml 
ultrafiltration tubes (VWR International, Radnor, PA, USA). These control samples contained the same 
amount of free copper as the LPMO preparation used in this study. The experiment indicates negligible 
level of free copper in  SscLPMO10B stock solution, since even small amounts would lead to a massive 
enzyme independent H2O2 generation (yellow curve). All the experiments were carried out at 30 °C in 
50 mM sodium phosphate buffer, pH 6.0, containing 1 mM ascorbic acid, 5 U/ml HRP, 100 µM Amplex 
Red and 1% (v/v) DMSO. The black (“background”) curve denotes the reference reaction, containing 
the reductant but lacking the LPMO. Error bars indicate standard deviations between triplicates.   

 

 
 

 

 

 

 

 

 

 

 

 

 



Figure S3. H2O2 detection using Peroxy Orange 1. The figure shows the fluorescence signal of the 
H2O2-selective probe Peroxy Orange 1 (PO1; Ex/Em = 540/560 nm) observed in the presence of 25 
μM H2O2 at 30 °C in 50 mM sodium phosphate buffer, pH 6.0. The error bars indicate standard 
deviations between triplicates.  
 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 

 



Figure S4. UV-VIS spectroscopy of DHA solutions in the presence or absence of Avicel. The figure 
shows UV-VIS spectra of 1 mM DHA incubated for 3, 9 and 24 hours at standard LPMO reaction 
conditions (50 mM sodium phosphate buffer, pH 6.0, 30 °C), in the presence (red curves) or absence 
(black curves) of 1% (w/v) Avicel. Error bars indicate standard deviations between triplicates. The 

experiment shows no significant effect of Avicel on the shift in λmax over time.  
 

 

 

 

 

 

 

 

 

 

 

 

 

 



Figure S5. Annotated 13C-HSQC spectra of (A) 10 mM ascorbate and (B) 10 mM DHA and 1% (v/v) d-

DMSO after 24 hours of incubation. The spectra show the partial assignments of ascorbic acid, DHA 

and DKG. Blue peaks (positive) indicate C-H single bond correlations for methyl (CH3) and methine (CH) 

groups, while cyan peaks (negative) indicate C-H single bond correlations for methylene (CH2) groups. 

Carbon numbers are shown for the compounds and the corresponding assigned signals; # indicate the 

carbon number for the compound, #a and #b indicate the protons in the methylene groups. Signal 

labels marked with ‘ indicate DKG signals on panel B. Chemical shift assignments for the compounds 

are the following: Ascorbate (panel A) C4 (H4): 81.2 (4.49), C5 (H5): 72.5 (3.98), C6 (H6a, H6b): 65.4 

(3.70, 3.73); DHA (panel B) C4 (H4): 90.1 (4.74), C5 (H5): 75.4 (4.57), C6 (H6a, H6b): 78.7 (4.15, 4.25); 

DKG (panel B) C4’ (H4’): 77.0 (3.71), C5’ (H5’): 71.0 (3.80), C6’ (H6’a, H6’b): 64.8 (3.74, 3.66).  Note 

that the spectral data shown in panel A were obtained using a fresh ascorbic acid solution, whereas 

the signals in panel B were recorded after 24 hours of incubation of the DHA sample at 30 °C. 
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Abstract 8 

Lytic polysaccharide monooxygenases (LPMOs) are mono-copper enzymes that 9 

catalyze oxidative depolymerization of recalcitrant substrates such as chitin or cellulose. 10 

Recent work has shown that LPMOs catalyze fast peroxygenase reactions and that, under 11 

commonly used reaction set-ups, access to in situ generated H2O2 likely limits catalysis. Based 12 

on a hypothesis that the impact of a cellulose-binding module (CBM) on LPMO activity could 13 

relate to changes in in situ H2O2 production, we have assessed the interplay between CBM-14 

containing ScLPMO10C and its truncated form comprising the catalytic domain only 15 

(ScLPMO10C-AA10). The results show that truncation of the linker and CBM leads to elevated 16 

H2O2 production and decreased enzyme stability. Most interestingly, combining the two 17 

enzyme forms yields strong synergistic effects, which are due to the combination of high H2O2 18 

generation by ScLPMO10C-AA10 and efficient productive use of H2O2 by the full-length 19 

enzyme. Thus, cellulose degradation becomes faster, while enzyme inactivation due to off-20 

pathway reactions with excess H2O2 is reduced. These results underpin the complexity of 21 

ascorbic acid-driven LPMO reactions and reveal a potential mechanism for how LPMOs may 22 

interact synergistically during cellulose degradation.   23 



2 
 

Introduction 24 

Lytic polysaccharide monooxygenases (LPMOs) are monocopper enzymes that 25 

catalyze oxidative depolymerization of polysaccharide substrates, such as chitin [1], cellulose 26 

[2-4] and xylan [5-7]. LPMOs depend on an electron source to maintain their catalytic cycle 27 

and possess a unique ability to act on crystalline surfaces of recalcitrant polysaccharides, 28 

making their targets prone to further degradation by classical hydrolytic enzymes [8]. The 29 

synergy between LPMOs, chitinases and cellulases has attracted significant attention not only 30 

in academia but also in industry [1, 9-14]. Modern commercial cellulolytic cocktails, such as 31 

Cellic CTec2 and CTec3, benefit from the inclusion of LPMOs in their formulations [10, 15]. 32 

LPMOs were previously thought to use molecular oxygen as a co-substrate, but it has 33 

recently been shown that these enzymes prefer hydrogen peroxide, thus operating as 34 

peroxygenases rather than strict monooxygenases [16]. Importantly, due to the preference 35 

for H2O2, the rates of LPMO reactions that are carried out in the absence of exogenously 36 

added hydrogen peroxide are limited by the in situ H2O2 generation [16-18] and are low 37 

compared to reactions with controlled addition of H2O2 [17, 19, 20]. 38 

Both non-enzymatic and enzyme-dependent pathways lead to hydrogen peroxide 39 

generation in typical LPMO reactions. Firstly, commonly used low-molecular-weight LPMO 40 

reductants, such as ascorbic acid, gallic acid and cysteine, are known to engage into direct 41 

reactions with dissolved molecular oxygen, yielding H2O2 [21-23]. Secondly, it is well 42 

established that reduced LPMOs have oxidase activity, which leads to hydrogen peroxide 43 

production [24] with rates that depend on the nature of the reductant that is being oxidized 44 

[17, 18, 25]. It is worth noting that, besides driving LPMO activity on carbohydrates, H2O2 may 45 

promote auto-catalytic damage to the active site of the LPMO, especially when substrate 46 
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concentrations are low [16, 26]. All in all, a detailed understanding of the factors determining 47 

the rate of in situ H2O2 generation in LPMO reactions is essential for unlocking the full 48 

potential of these enzymes.  49 

One important but rather unexplored aspect of LPMO chemistry is the interplay 50 

between enzyme-dependent H2O2 production and substrate binding. A few recent studies 51 

involving fungal (family AA9) and bacterial (family AA10) LPMOs have confirmed early 52 

suggestions by Kittl et al. [24] by showing that hydrogen peroxide generation by these 53 

enzymes is repressed in the presence of insoluble substrate [27, 28]. Such observations make 54 

sense considering the fact that binding to a crystalline surface will shield the active site from 55 

the solvent to a degree that will prevent the interaction of low-molecular reductants with the 56 

copper atom [29]. In Nature, binding of LPMOs to insoluble polysaccharides is often guided 57 

by carbohydrate-binding modules (CBMs) [30]. Compared to LPMO catalytic domains, CBMs 58 

are capable of stronger binding to substrates [31, 32], and it has been shown that CBMs have 59 

pronounced impact on LPMO activity and stability because they contribute to keeping the 60 

active site closer to the substrate [32-34]. 61 

Considering the above, it is reasonable to assume that the presence or absence of a 62 

CBM will affect hydrogen peroxide production by LPMOs in reactions with insoluble 63 

polysaccharide substrates, with potential repercussions on (H2O2-driven) LPMO activity. To 64 

study these issues, we have used CBM-containing ScLPMO10C and its truncated form lacking 65 

the CBM and the linker (ScLPMO10C-AA10) as model enzymes and studied the interplay and 66 

possible synergy between these. We show that the two enzyme forms act synergistically 67 

during cellulose degradation and, by studying H2O2 production and reductant depletion in 68 

various reaction set-ups, we show that this synergy relates to redox processes in the reaction 69 

mixture that affect co-substrate availability and oxidative enzyme inactivation. Next to 70 
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shedding light on the possible interplay between CBM-containing and CBM-free LPMOs, our 71 

results provide fundamental insights into the complexity of LPMO reactions that are fueled 72 

by ascorbic acid, the most commonly used reductant in LPMO research. 73 

Results and discussion 74 

Protein production 75 

To investigate the impact of cellulose-binding module (CBM) on LPMO performance in 76 

reactions with insoluble substrate, a well-characterized bacterial enzyme, ScLPMO10C, was 77 

selected as the model. The LPMO and its truncated form lacking the linker and the CBM2, 78 

ScLPMO10C-AA10 (Fig. 1A), were produced using previously described E. coli expression 79 

strains [35]. Both enzymes were isolated from the periplasm in soluble form and purified by 80 

ion-exchange and size-exclusion chromatography (Fig. 1B). The final yield amounted to 81 

approximately 60 mg of ScLPMO10C and 20 mg of ScLPMO10C-AA10 per liter of culture. 82 

 83 

Hydrogen peroxide generation by ScLPMO10C and ScLPMO10C-AA10 and assessment of 84 

free copper levels in the enzyme preparations 85 

 In a recent study by our group, we showed that some of the previously published 86 

activity data for ScLPMO10C likely were affected by the presence of free copper in the 87 

reaction mixture, probably as a result of incomplete desalting of the enzyme preparations 88 

after copper-saturation [28]. It is well established that the combination of free Cu(II) ions and 89 

ascorbic acid will promote enzyme-independent H2O2 generation [21], sometimes referred to 90 

as reductant autooxidation, which will boost LPMO activity and affect enzyme stability [28, 91 

36]. To ensure that the residual free copper levels in ScLPMO10C and ScLPMO10C-AA10 92 

preparations used in the present study were minimal, protein-free samples were obtained 93 
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from enzyme stock solutions by ultrafiltration through 3 kDa MWCO membranes. Analysis of 94 

these control samples with the HRP/Amplex Red assay, using 1 mM ascorbic acid as reductant, 95 

showed very low hydrogen peroxide production rates, compared to reactions with the LPMO 96 

(Fig. 2A), which demonstrates that the enzyme preparations contained negligible amounts of 97 

free copper.  98 

Surprisingly, despite a comparable very low level of free copper in both enzyme 99 

preparations, as shown by the control reactions with the ultrafiltrates, the two enzyme 100 

variants (at 3 M) showed a three-fold difference in the hydrogen peroxide generation rate 101 

(Fig. 2A). While it is reasonable to assume that these two enzymes generate different amounts 102 

of H2O2 in the presence of cellulose, due to variation in substrate binding affinity (as discussed 103 

in detail below), we expected to see equal performance of both LPMOs under the conditions 104 

of the HRP/Amplex Red assay (i.e., in the absence of any polysaccharide substrate).  105 

Given the fact that even very low amounts of free copper will lead to significant H2O2 106 

generation in this reaction set-up (Fig. 2B), one has to be extremely careful when interpreting 107 

the observed difference in H2O2 production between ScLPMO10C and ScLPMO10C-AA10. 108 

Looking for explanations, we first considered the possibility that the difference is caused by 109 

differences in the rate by which trace amounts of free copper (e.g., 0.1 μM copper, see Fig. 110 

2B) are released from the active site of the LPMOs due to different rates of auto-catalytic 111 

damage. Release of copper from the LPMO active site under reducing conditions is 112 

conceivable since it is known that auto-catalytic oxidation predominately affects copper-113 

binding histidine residues [16]. However, this scenario is incompatible with the linear shape 114 

of the H2O2-accumulation curves obtained for both LPMO variants (Fig. 2C) and thus seems 115 

not applicable.  116 
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 117 

Figure 1. Domain architecture of ScLPMO10C (panel A) and SDS-PAGE of purified 118 

ScLPMO10C and ScLPMO10C-AA10 (panel B). ScLPMO10C-AA10 is a modified form of 119 

ScLPMO10C produced by truncation of the cellulose-binding module as indicated by the blue 120 

color and the arrows. For expression, the native signal peptide was replaced by the signal 121 

peptide of SmLPMO10A (CBP21), which is shown in the figure. Domain boundaries were 122 

annotated using Pfam (http://pfam.xfam.org/), with minor manual adjustments based on 123 

inspection of the crystal structure of the catalytic domain (PDB: 4OY7) and  the NMR structure 124 

of the cellulose-binding domain (PDB: 6F7E). The schematic representation of ScLPMO10C 125 

was created with the Protter protein visualization tool (http://wlab.ethz.ch/protter).  126 

  127 

http://pfam.xfam.org/
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 128 

Figure 2. Apparent hydrogen peroxide production in reactions containing ScLPMO10C and 129 

ScLPMO10C-AA10 (panels A,C,D) or Cu(II)SO4 (panel B). All experiments were carried out 130 

using 1 mM ascorbic acid in 50 mM sodium phosphate buffer, pH 6.0, at 30°C. Reaction 131 

mixtures contained 5 U/ml HRP, 100 µM Amplex Red, 1% (v/v) DMSO and varying 132 

concentrations of LPMOs and Cu(II)SO4. The data shown in panels A and C are for LPMO 133 

concentrations of 3 M. H2O2 production rates were derived from linear progress curves (such 134 

as shown in panel C). Free copper control experiments designated as “ScLPMO10C filtrate” 135 

and “AA10 filtrate” in panel A were carried our using protein-free samples obtained from 136 

enzyme stock solutions by ultrafiltration. Such filtrates will contain the same amount of free 137 

copper ions as the LPMO preparations. The black bar in panel A denotes the background rate 138 

of hydrogen peroxide accumulation in the reaction containing reductant but lacking LPMO. 139 

Error bars indicate standard deviations between triplicates. The rates shown in panels A and 140 

D were obtained in independent experiments. Error bars in panel D are hidden behind the 141 

markers.  142 

  143 
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An additional control experiment with varying amounts of both LPMOs (0.5 – 3 μM) 144 

showed that the gap between the H2O2-generation rates is constant across all tested 145 

concentrations (Fig. 2D), which would not be the case if free copper is indeed released under 146 

the assay conditions at  rates that differ between the two enzymes. Thus, it would seem that 147 

the observed difference in H2O2 production between ScLPMO10C and ScLPMO10C-AA10 148 

relates to an intrinsic enzyme property, i.e., a difference in oxidase activity. A possible, 149 

although highly speculative, explanation is that the CBM weakly interacts with the substrate-150 

binding surface of the catalytic domain, which could reduce oxidase activity by shielding the 151 

active site Cu(II) from the solvent and the reductant. 152 

 153 

Cellulose solubilization by ScLPMO10C and ScLPMO10C-AA10 154 

 Our next goal was to compare the performance of ScLPMO10C and ScLPMO10C-AA10 155 

during Avicel depolymerization. The hydrogen peroxide production gap between the full-156 

length and truncated LPMO observed in the HRP/Amplex Red assay is likely to become more 157 

pronounced in the presence of cellulose. As alluded to above, existing data indicate that 158 

binding to polysaccharide substrates prevents LPMOs from producing hydrogen peroxide [27, 159 

28]. Furthermore, it is well established that the cellulose-binding module of ScLPMO10C is 160 

capable of much stronger interaction with substrate than the catalytic domain of the enzyme, 161 

and is thus important for keeping the enzyme active site closer to its substrate [31, 33]. Hence, 162 

it is sensible to expect enhanced in situ hydrogen peroxide generation by weak-binding 163 

ScLPMO10C-AA10 compared to the stronger binding full-length LPMO during Avicel 164 

degradation.  165 

Interestingly, if one accepts the premise that LPMO action is limited by access to H2O2, 166 

and if the above considerations about expected H2O2 production levels in the presence of 167 
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substrate are true, it is conceivable that weak binding ScLPMO10C-AA10 and stronger binding 168 

full-length ScLPMO10C may act synergistically during Avicel degradation. The truncated LPMO 169 

will spent most of its time in solution, generating hydrogen peroxide to boost the oxidative 170 

activity of the wild-type enzyme that is anchored on a crystalline surface by its CBM. On the 171 

other hand, the truncated enzyme, which is prone to damaging off-pathway reactions [33], 172 

may be protected by the full-length enzyme that removes H2O2 from the solution in 173 

productive reactions. To test this hypothesis, we carried out Avicel degradation experiments 174 

with ScLPMO10C, ScLPMO10C-AA10 or a combination of both LPMOs in the presence of 175 

ascorbic acid (Fig. 3).  176 

 177 

 178 

Figure 3. Cellulose oxidation by ScLPMO10C and ScLPMO10C-AA10. The graph shows soluble 179 

oxidized products released from 1% (w/v) Avicel by ScLPMO10C, ScLPMO10C-AA10 or 180 

mixtures of these LPMOs in the presence of 1 mM ascorbic acid. The reactions were carried 181 

out in 50 mM sodium phosphate buffer, pH 6.0, supplied with 1 mM ascorbic acid, at 30°C. 182 

Error bars indicate standard deviations between triplicates. 183 

 184 
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 Cellulose depolymerization by 1 μM or 2 μM ScLPMO10C resulted in a slow (0.05  185 

min-1) but steady release of oxidized products over 24 hours. Such low catalytic rates are 186 

common among bacterial LPMOs operating in the absence of exogenously added hydrogen 187 

peroxide [1, 18, 28]. In contrast to the full-length enzyme, the reactions with 1 μM or 2 μM 188 

ScLPMO10C-AA10 were much (approximately 4-fold) faster. In these reactions, product 189 

release diminished early during the course of the experiment. This is indicative of LPMO auto-190 

catalytic inactivation. It is well known that LPMO instability is promoted by reduced binding 191 

to the substrate [37] and high levels of H2O2 [16], and both apply to ScLPMO10C-AA10 relative 192 

to the full-length enzyme.  193 

Strikingly, reactions with 1 μM ScLPMO10C + 1 μM ScLPMO10C-AA10 or 1 μM 194 

ScLPMO10C + 2 μM ScLPMO10C-AA10 did not show signs of enzyme inactivation and 195 

generated higher product levels compared to reactions with the individual LPMOs (Fig. 3). The 196 

amount of oxidized products released after 24 hours was 1.3-fold (1 μM ScLPMO10C + 1 μM 197 

ScLPMO10C-AA10) and 2.6-fold (1 μM ScLPMO10C + 2 μM ScLPMO10C-AA10) higher 198 

compared to the sum of the products generated by these enzymes in individual reactions, 199 

indicative of strong synergistic action. The reaction with 1 μM ScLPMO10C + 2 μM 200 

ScLPMO10C-AA10 is remarkable, showing a much higher rate than ScLPMO10C alone, no signs 201 

of enzyme inactivation and high product levels. Considering the observed (Fig. 2) and 202 

expected H2O2 production levels, the increased rate of the reaction may be explained by 203 

increased levels of available H2O2, which is produced by the truncated enzyme. At the same 204 

time, the truncated enzyme is protected from damaging off-pathway reactions with H2O2 205 

because the oxidant is used in productive reactions by the full-length enzyme. There are 206 

indications, from modelling [38] and experiments [39], that binding of H2O2 by an LPMO is 207 

promoted by the presence of substrate. Thus, it is plausible that the full-length enzyme, with 208 
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high substrate affinity, outcompetes the truncated enzyme, with low substrate affinity, for 209 

binding (and reacting with) H2O2.  210 

Paradoxically, the initial rate of the most efficient reaction (1 μM ScLPMO10C + 2 μM 211 

ScLPMO10C-AA10) was still considerably lower than the initial rate of the reaction with 1 μM 212 

or 2 M ScLPMO10C-AA10 alone (Fig. 3, first three hours). Looking for possible explanations, 213 

it is important to take into account the expected instability of ScLPMO10C-AA10, which may 214 

lead to gradual release of copper into solution, which will boost the activity of still intact 215 

LPMOs because free copper promotes LPMO-independent H2O2 generation in the presence 216 

of ascorbic acid (Fig. 2B). In other words, the decreased initial rate of product release 217 

observed upon adding ScLPMO10C to a reaction with ScLPMO10C-AA10, may be a direct 218 

consequence of the above-mentioned stabilization of the truncated enzyme. This 219 

complicated scenario is further explained and experimentally verified below.  220 

 221 

Reductant consumption in reactions with ScLPMO10C and ScLPMO10C-AA10 222 

 If copper is indeed released from the active site of unstable LPMOs then this effect 223 

should be carefully accounted for while interpreting the data shown on Fig. 3. Thus, our next 224 

goal was to evaluate whether spectroscopic quantification of ascorbic acid in LPMO reactions 225 

can be used as a tool to detect a leakage of copper ions from the oxidatively damaged 226 

histidine brace. At standard aerobic conditions, the depletion of reductant is driven by LPMO-227 

dependent H2O2 production (oxidase activity), LPMO-dependent substrate oxidation 228 

(peroxygenase activity), reactions between hydrogen peroxide and ascorbic acid [25] and 229 

enzyme-independent H2O2 generation (i.e., oxidation of the reductant by O2). For some 230 

reductants, including ascorbic acid, the latter reaction is strongly promoted by free copper 231 

[28]. Indeed, under the reaction conditions used here, major effects of free copper will occur 232 
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at concentrations (e.g., 0.1 M; (Fig. 2B) that are well below the LPMO concentrations (1-3 233 

M) used in this study. Thus, copper release caused by oxidative damage to the active site of 234 

only a fraction of the LPMOs could strongly affect the activity (and exposure to H2O2) of the 235 

remaining intact enzymes. 236 

Fig. 4A shows the impact of free copper on reductant depletion under the conditions 237 

used for the reactions shown in Figs 2 & 3. In accordance with Fig. 2B, showing increased H2O2 238 

production upon addition of 0.1 μM Cu(II), Fig. 4A shows that the presence of 0.1 μM Cu(II) 239 

drastically speeds up the turnover of ascorbic acid. Thus, there is no doubt that under the 240 

conditions used here, which are often applied in the field, release of copper from damaged 241 

LPMOs will lead to increased H2O2 production and, thus, fueling of the remaining intact 242 

LPMOs. 243 

 Quantification of ascorbic acid in reactions with substrate (i.e., the reactions displayed 244 

in Fig. 3) revealed slow and steady reductant depletion in the reactions with 1 μM 245 

ScLPMO10C, 2 μM ScLPMO10C or 1 μM ScLPMO10C + ScLPMO10C-AA10 (Fig. 4B), which 246 

coincides with the close to linear product formation progress curves of Fig. 3. In stark contrast, 247 

the reactions with 1 μM or 2 μM ScLPMO10C-AA10 showed rapid and complete ascorbic acid 248 

consumption within first 6 or 3 hours of the experiment, respectively (Fig. 4B). Notably, this 249 

high consumption is nowhere near to being proportional to the low amounts of oxidized 250 

LPMO products released in these reactions (Fig. 3), showing that reducing power is used in 251 

another process, for example reduction of O2 to H2O2. The reductant depletion rates observed 252 

with 1 μM or 2 μM ScLPMO10C-AA10 are comparable to the results of the control 253 

experiments with free Cu(II) (Fig. 4A) and strongly suggest that copper indeed leaves the 254 

LPMO active site, which will increase H2O2 production in the presence of ascorbic acid.  255 
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 256 

Figure 4. Ascorbic acid consumption in reactions containing Cu(II)SO4 (panel A) or LPMOs 257 

(panel B). The reactions were carried out at 30 °C in 50 mM sodium phosphate buffer, pH 6.0, 258 

supplied with 1% (w/v) Avicel, and were initiated by the addition of 1 mM ascorbic acid at t = 259 

0. The reductant concentration was determined by UV spectroscopy immediately after 260 

removing the insoluble LPMO substrate by filtration. Note that the reductant depletion curves 261 

in panel B were obtained using the same samples as shown in Fig. 3. Error bars indicate 262 

standard deviations between triplicates. 263 

 264 

 Thus, we propose, that the high initial rate and fast enzyme inactivation observed in 265 

reactions with 1 μM or 2 μM ScLPMO10C-AA10 (Fig. 3) are the result of a self-reinforcing 266 

process: The LPMO binds weakly to the substrate and produces lots of H2O2; this leads to 267 

higher LPMO activity and higher LPMO inactivation, where the latter leads to the release of 268 

free copper, which, by promoting H2O2 production, further increases LPMO activity and LPMO 269 
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inactivation. The result is a high initial rate of reaction and fast cessation of the reaction, in 270 

accordance with the progress curves shown in Fig. 3. This self-reinforcing process will be 271 

hindered upon addition of the full-length LPMO that uses the H2O2 in productive LPMO 272 

reactions, which explains the paradox drawn up in the previous section. 273 

 274 

 275 

Figure 5. Release of oxidized products and reductant depletion in the reaction with 1 µM 276 

ScLPMO10C + 2 µM ScLPMO10C-AA10. The reactions were carried out at 30 °C in 50 mM 277 

sodium phosphate buffer, pH 6.0, supplied with 1% (w/v) Avicel and were initiated by adding 278 

1 mM ascorbic acid. The data shown in blue and green color represent two independent 279 

experiments. The blue progress curves (“experiment 1”) are the same as shown in Fig. 3 and 280 

Fig. 4B. In the second identical experiment (green) only later time points were monitored. The 281 

black lines connect the blue curves with the green curves. Error bars indicate standard 282 

deviations for triplicates.  283 

 284 

Importantly, while cessation of product formation in LPMO reactions is usually 285 

ascribed to enzyme inactivation, the data in Fig. 4 illustrate, that, due to the self-reinforcing 286 

nature of the LPMO inactivation process, fast depletion of ascorbic acid may occur, which will 287 
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also stop the LPMO reaction. In the reactions shown here, both factors may have played a 288 

role. However, the progress curves for the reaction with 1 μM ScLPMO10C-AA10 indicate that 289 

product formation stopped at or before 3 h (Fig. 3), while the reductant had not yet been 290 

completely depleted (Fig. 4B). Hence, in this experiment, oxidative inactivation of the LPMO 291 

was the dominating process leading to cessation of the reaction. 292 

More insight into this matter may be derived from the ascorbic acid depletion curve 293 

for the reaction with 1 μM ScLPMO10C + 2 μM ScLPMO10C-AA10, which displayed an 294 

apparent biphasic behavior (Fig. 4B). A slow (i.e., enzyme-dependent) reductant consumption 295 

phase was followed by a phase with a faster decrease in the ascorbic acid concentration. 296 

Expansion of the progress curves shown in Fig. 3 and Fig. 4 with additional data points 297 

confirmed the biphasic nature of the process. Fig. 5 shows that the phase with steady ascorbic 298 

acid consumption was followed by a phase of rapid reductant consumption and cessation of 299 

product formation that reflects a collapse of the reaction system, similar to what was seen 300 

for the reactions with ScLPMO10C-AA10 only, where this collapse happened earlier during 301 

the reaction due to the absence of the H2O2-consuming full-length enzyme (Fig. 4B).  302 

The only plausible explanation for the collapse observed in this biphasic reaction is the 303 

release of copper by damaged LPMOs. Under turnover conditions gradual LPMO inactivation 304 

and copper-release from damaged LPMOs are to be expected due to off-pathway reactions, 305 

even though, in well controlled reaction systems, off-pathway reactions may be infrequent 306 

and not necessarily always destructive for the LPMO [40]. It is conceivable that at about 15 h 307 

in the biphasic reaction accumulated copper reached levels that triggered the self-reinforcing 308 

enzyme inactivation process described above. This process could initially speed up the 309 

reaction rate (as is visible in Fig. 5, showing a vaguely sigmoidal curve for product formation) 310 

but will lead to system collapse and rapid ascorbic acid depletion. Product formation (Fig. 3) 311 
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and ascorbic acid depletion (Fig. 4B) remained constant for the full 24 h of the reaction 312 

containing 50 % less of the truncated LPMO (1 μM ScLPMO10C + 1 μM ScLPMO10C-AA10 313 

reaction). So, in this reaction, where one would expect less H2O2 production and less enzyme 314 

inactivation, the turning point leading to rapid ascorbic acid depletion and biphasic behavior 315 

was never reached because there was less release of free copper into solution. 316 

 317 

Stability of ScLPMO10C and ScLPMO10C-AA10 in the absence of substrate 318 

 In line with previously published data, the above is based on the assumption that 319 

inactivation of an LPMO in the absence of substrate will relate to the oxidase activity of that 320 

LPMO (i.e., H2O2 production). To verify this assumption, we assessed the stability of the full-321 

length and truncated enzymes under reducing conditions in the absence of substrate. 2 μM 322 

ScLPMO10C or 2 μM ScLPMO10C-AA10 were pre-incubated with 1 mM ascorbic acid for 2 323 

hours to promote inactivation. Aliquots were taken at various time points and then supplied 324 

with Avicel and another (the same) dose of ascorbic acid to assess the residual activity. This 325 

approach is not without limitations because free copper ions that have left the histidine brace 326 

as a result of enzyme inactivation will affect the subsequent LPMO reaction with Avicel where 327 

free copper will affect both activity and stability. Nevertheless, the results, depicted in Fig. 6, 328 

show a clear difference: the full-length LPMO retained most of its catalytic potential during 329 

the pre-incubation, whereas the truncated enzyme was rapidly inactivated. This difference is 330 

expected in light of the difference in H2O2 production by the two enzymes (Fig. 2A). Taken 331 

together, the results shown in Fig. 2 and Fig. 6 suggest that truncation of the CBM significantly 332 

impairs the oxidative stability of ScLPMO10C in the absence of substrate, which is remarkable.  333 

  334 
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 335 

Figure 6. Oxidative stability of ScLPMO10C and ScLPMO10C-AA10. The figure shows the 336 

residual activity of 1 µM ScLPMO10C and 1 µM ScLPMO10C-AA10 in a reaction with 1% (w/v) 337 

Avicel after various periods of pre-incubation with 1 mM ascorbic acid in the absence of 338 

substrate (i.e., under conditions that promote auto-catalytic inactivation). The cellulose 339 

degradation reaction was carried out for 24 hours at 30 °C in 50 mM sodium phosphate buffer, 340 

pH 6.0, supplied with fresh 1 mM ascorbic acid. Error bars indicate standard deviations 341 

between triplicates. 342 

 343 

Concluding remarks 344 

 This study provides insight into the interplay between LPMOs with different H2O2 345 

generation and consumption capabilities. Being a much better hydrogen peroxide producer, 346 

ScLPMO10C-AA10 is able to enhance cellulose oxidation by ScLPMO10C. At the same time, 347 

ScLPMO10C protects ScLPMO10C-AA10 from fast auto-catalytic inactivation by removing 348 

excessive H2O2. The synergistic action of the two LPMOs allowed for steady cellulose 349 

depolymerization over 24 hours, with an efficiency that clearly surpassed the efficiencies of 350 

the individual enzymes. 351 

 While these results shed light on the complexity of LPMO reactions, especially when 352 

using “copper-sensitive” reductants, it remains to be seen whether the synergy observed here 353 
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also occurs in Nature. LPMOs are abundant and many organisms contain multiple LPMOs, 354 

some with and some without CBMs. These CBM-free LPMOs could help fueling other LPMOs 355 

with H2O2 as shown above, and could also fuel other H2O2-dependent enzymes such as lignin 356 

peroxidases [41]. On the other hand, in contrast to the catalytic domain of CBM-containing 357 

ScLPMO10C, these natural single domain LPMOs may very well have evolved to bind their 358 

substrates strongly, as observed for, e.g., the archetypal single domain LPMO SmLPMO10A 359 

(or CBP21; [39]), and may thus be less efficient H2O2-producers. 360 

 While we expected relatively fast H2O2 generation by ScLPMO10C-AA10 in reactions 361 

with cellulose because of low binding, the truncated LPMO was found to produce more 362 

hydrogen peroxide than the full-length enzyme even in the absence of substrate. As we show 363 

and discuss above, this surprising result is not driven by free copper and thus seems related 364 

to hitherto unknown effects of the CBM on LPMO oxidase activity. It is possible that the higher 365 

H2O2 production rate of ScLPMO10C-AA10 in the absence of substrate is an artifact of LPMO 366 

truncation, which, in principle could lead to minor changes in the enzyme structure that could 367 

make the reduced copper more prone to oxidation by O2. However, this seems unlikely, given 368 

the fact that the truncation point is >35 Å away from the active site and that the X-ray 369 

structure of ScLPMO10C-AA10 shows no anomalies [35] (PDB: 4OY7). Another possible 370 

explanation is that the catalytic and cellulose-binding domains of ScLPMO10C interact in an 371 

inter-molecular or intra-molecular fashion. It is tempting, although highly speculative, to 372 

propose that the CBM may protect the LPMO from auto-catalytic damage in the absence of 373 

substrate by shielding the active site from the reductant (preventing reduction), or from 374 

reacting with O2, thus keeping the fraction of H2O2-producing enzyme molecules low. Further 375 

studies are needed to explore this scenario. 376 
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 In addition to providing insights into the possible impact of CBMs on LPMO 377 

functionality and generating more insight into the crucial role of H2O2 in LPMO catalysis, the 378 

present data shed light on the complexity of interpreting ascorbic acid-driven LPMO 379 

reactions. Ascorbic acid was, somewhat fortuitously, used in research leading to the discovery 380 

of LPMO activity [1] and has been used by many researchers since. This “copper-sensitive” 381 

reductant may engage in multiple reactions that are difficult to control and assess. One of 382 

these reactions, the scavenging of excess H2O2 (i.e., further reduction to water) was not 383 

considered in the above because there is ample data showing that this reaction is slow relative 384 

to the other possible reactions [17, 40]. 385 

Progress curves for LPMO reactions with ascorbic acid often show apparent enzyme 386 

inactivation and the present study reveals, to the best of our knowledge for the first time, a 387 

plausible underlying mechanism. We show that release of copper ions as a consequence of 388 

(well known; [16, 37]) oxidative damage to the LPMO active site triggers a self-reinforcing 389 

chain reaction leading to increased enzyme-independent H2O2 generation, rapid enzyme 390 

inactivation and reductant depletion. Similar processes may occur in reactions with other 391 

reductants whose ability to reduce O2 is copper-dependent, such as L-cysteine [23] and 392 

reduced glutathione [42]. While fully controlling and understanding all these processes 393 

remains challenging, the present study underpins that optimization of LPMO activity and 394 

stability requires control of H2O2 levels and that, in many commonly used experimental 395 

settings, these levels are affected not only by LPMO oxidase activity but also by LPMO 396 

inactivation. Since oxidase activity varies between LPMOs [17, 43] optimal conditions for 397 

LPMO reactions, and the relative impact of free copper, will vary. 398 

  399 
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Methods 400 

Materials 401 

 Chemicals were obtained from Sigma-Aldrich (St. Louis, MO, USA) unless specified 402 

otherwise. The model microcrystalline cellulose substrate used in the study was Avicel PH-403 

101 with particle size of approximately 50 µm. 100 mM ascorbic acid stock solutions were 404 

prepared in metal-free TraceSELECT water (Honeywell, Charlotte, NC, USA) and then filter-405 

sterilized using 0.22 µm syringe filters. Amplex Red was purchased from Thermo Fisher 406 

Scientific (Waltham, MA, USA) and dissolved in DMSO at 10 mM final concentration. The 407 

reductant and Amplex Red solutions were aliquoted, stored at -20 °C in light-protected tubes 408 

and used only once after thawing. Horseradish peroxidase type II (HRP; Sigma-Aldrich, St. 409 

Louis, MO, USA) was kept at 100 U/ml concentration in 50 mM sodium phosphate buffer, pH 410 

6.0 at 4°C. Tryptone and yeast extract were obtained from Thermo Fisher Scientific. 411 

 412 

Protein production and purification 413 

Previously generated ScLPMO10C and ScLPMO10C-AA10 expressing E. coli BL21 DE3 414 

strains [35] were used to inoculate Terrific Broth (TB) medium supplied with 100 µg/ml 415 

ampicillin. The cultures (2 × 500 ml for each LPMO-expressing strain) were incubated for 24 h 416 

at 30°C in a LEX-24 Bioreactor (Harbinger Biotechnology & Engineering, Markham, Canada) 417 

using compressed air for aeration. The cells were harvested by centrifugation (6000 × g for 418 

10 min at 4°C) using a Beckman Coulter centrifuge (Brea, CA, USA). Periplasmic extracts were 419 

produced by applying osmotic shock as described previously [44] and were filter-sterilized 420 

through 0.22-µm syringe filters prior to further purification. These extracts were then 421 

subjected to ion-exchange chromatography using HiTrap Q FF (Q Sepharose) 5-ml columns 422 
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(GE Healthcare, Chicago, USA). Proteins were eluted at 2.5 ml/min flow rate with a linear 423 

gradient of NaCl (0–500 mM, 250 ml) in the starting buffer (50 mM Tris-HCl, pH 7.5). LPMO-424 

containing fractions were pooled, concentrated to approximately 1 ml volume (Vivaspin 425 

ultrafiltration tubes, 10 kDa MWCO, Sartorius, Göttingen, Germany) and loaded onto a 426 

ProteoSEC Dynamic 16/60 3-70 HR preparative size-exclusion column (Protein Ark, Sheffield, 427 

UK) operating at 1 ml/min flow rate and equilibrated with 50 mM Tris-HCl, pH 7.5, containing 428 

200 mM NaCl. Purity of resulting ScLPMO10C and ScLPMO10C-AA10 preparations was 429 

confirmed by SDS-PAGE. The LPMO concertation was determined using UV spectroscopy at 430 

280 nm. The theoretical extinction coefficients were predicted using the Expasy ProtParam 431 

tool [45]. 432 

 433 

Copper saturation 434 

 Purified LPMO solutions were concentrated to 0.5 ml volume using Vivaspin 435 

ultrafiltration tubes (10 kDa MWCO, Sartorius, Göttingen, Germany) and incubated with two-436 

fold molar surplus of Cu(II)SO4 at room temperature for 30 minutes. The excess (unbound) 437 

copper was removed by desalting with a PD MidiTrap G-25 gravity flow column (GE 438 

Healthcare, Chicago, USA), equilibrated with 50 mM sodium phosphate buffer, pH 6.0. To 439 

ensure effective free copper removal, the ScLPMO10C and ScLPMO10C-AA10 samples were 440 

then subjected to multiple consecutive rounds of dilution and concertation using 50 mM 441 

sodium phosphate buffer, pH 6.0 and Vivaspin ultrafiltration tubes. The resulting total dilution 442 

factors for solutions of copper-saturated LPMOs amounted to at least 160 000. 443 

  444 
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Hydrogen peroxide detection 445 

 In situ hydrogen peroxide generation in LPMO reactions was assessed using a modified 446 

HRP/Amplex Red assay protocol [18], originally proposed by Kittl et al. [24]. In brief, 90 µl of 447 

LPMO solution in 50 mM sodium phosphate buffer, pH 6.0, supplied with HRP and Amplex 448 

Red, was pre-incubated for 5 min at 30°C in a 96-well microtiter plate. Next, 10 µl of 10 mM 449 

ascorbic acid was added to start the reaction, followed by 10 s of mixing at 600 RPM inside a 450 

Varioscan LUX plate reader (Thermo Fisher Scientific, Waltham, MA, USA). Hydrogen peroxide 451 

was detected by monitoring the formation of resorufin at 563 nm. The final concentrations of 452 

LPMOs, HRP, Amplex Red and ascorbic acid were 0.5-3 µM, 5 U/ml, 100 µM and 1 mM, 453 

respectively. H2O2 standard solutions were prepared in 50 mM sodium phosphate buffer, pH 454 

6.0, and supplied with 1 mM ascorbic acid prior to the addition of HRP and Amplex Red. The 455 

background non-enzymatic H2O2 production was assessed in a control experiment with 1 mM 456 

ascorbic acid and no LPMO. 457 

To ensure that the observed LPMO-dependent hydrogen peroxide generation is not 458 

biased by residual free copper ions in enzyme preparations, protein-free samples were 459 

obtained from the LPMO stock solutions using 3 kDa MWCO 1.5 ml ultrafiltration tubes (VWR 460 

International, Radnor, PA, USA) and were used to set up control experiments by substituting 461 

LPMOs with the same amount of filtrates, as previously described [28]. 462 

 463 

LPMO reactions with microcrystalline cellulose 464 

 LPMO reactions with insoluble substrate (1% w/v Avicel) were carried out in 50 mM 465 

sodium-phosphate buffer, pH 6.0 using an Eppendorf thermomixer (Eppendorf, Hamburg, 466 

Germany) set to 30°C and 950 RPM. The reactions were started by supplying 1 mM ascorbic 467 

acid (final concentration).  468 
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 Aliquots were taken at various time points, and the reactions were quenched by 469 

removing the insoluble substrate using a 96-well filter plate (Millipore, Burlington, MA, USA). 470 

The concentration of ascorbic acid in filtered solutions was determined by UV spectrometry 471 

at 255 nm wavelength. Standard solutions of the reductant were prepared in metal-free 472 

TraceSELECT water. The samples were then treated with 2 µM of recombinant Thermobifida 473 

fusca GH6 endoglucanase (TfCel6A; produced in-house) [46] at 37°C overnight to convert 474 

soluble C1-oxidized oligosaccharides to a simple mixture of oxidized dimers and trimers (i.e. 475 

GlcGlc1A and Glc2Glc1A). 476 

 477 

LPMO oxidative stability assay 478 

 The oxidative stability of ScLPMO10C and ScLPMO10C-AA10 was assessed by pre-479 

incubating 2 μM enzyme in 50 mM sodium phosphate buffer, pH 6.0, containing 1 mM 480 

ascorbic acid, for two hours at 30°C. Aliquots were taken at various time points and supplied 481 

with 1% (w/v) Avicel and another (the same) dose of ascorbic acid. LPMO reactions with Avicel 482 

were carried out for 24 hours and then stopped by filtering out the insoluble substrate. These 483 

samples were treated with TfCel6A as described above and used to quantify the residual 484 

LPMO activity. The final concentration of both LPMOs in the reactions with Avicel was 1 µM. 485 

 486 

Quantification of LPMO products 487 

 C1-oxidized soluble LPMO products were detected and quantified by high-488 

performance anion-exchange chromatography with pulsed amperometric detection (HPAEC-489 

PAD) using a Dionex ICS6000 system (Thermo Scientific, San Jose, CA, USA) equipped with a 490 

CarboPac PA200 analytical column, as recently described [47]. In brief, a concave gradient 491 

from 1 mM to 100 mM potassium methanesulfonate (KMSA) was applied over 14 min with 492 
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63 μl/min flow rate to separate native and C1-oxidized oligosaccharides, followed by a 3 min 493 

washing step (100 mM KMSA) and a 9 min column reconditioning step (1 mM KMSA). LPMO 494 

products were quantified using standard mixtures of C1-oxidized cellobiose and cellotriose, 495 

which were produced in-house using cellobiose dehydrogenase [48], according to a previously 496 

published protocol [49]. 497 

  498 
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ABSTRACT: The copper-dependent lytic polysaccharide monooxyge-
nases (LPMOs) are receiving attention because of their role in the
degradation of recalcitrant biomass and their intriguing catalytic
properties. The fundamentals of LPMO catalysis remain somewhat
enigmatic as the LPMO reaction is affected by a multitude of LPMO-
and co-substrate-mediated (side) reactions that result in a complex
reaction network. We have performed kinetic studies with two LPMOs
that are active on soluble substrates, NcAA9C and LsAA9A, using
various reductants typically employed for LPMO activation. Studies
with NcAA9C under “monooxygenase” conditions showed that the
impact of the reductant on catalytic activity is correlated with the
hydrogen peroxide-generating ability of the LPMO-reductant combina-
tion, supporting the idea that a peroxygenase reaction is taking place. Indeed, the apparent monooxygenase reaction could be
inhibited by a competing H2O2-consuming enzyme. Interestingly, these fungal AA9-type LPMOs were found to have higher oxidase
activity than bacterial AA10-type LPMOs. Kinetic analysis of the peroxygenase activity of NcAA9C on cellopentaose revealed a fast
stoichiometric conversion of high amounts of H2O2 to oxidized carbohydrate products. A kcat value of 124 ± 27 s−1 at 4 °C is 20
times higher than a previously described kcat for peroxygenase activity on an insoluble substrate (at 25 °C) and some 4 orders of
magnitude higher than typical “monooxygenase” rates. Similar studies with LsAA9A revealed differences between the two enzymes
but confirmed fast and specific peroxygenase activity. These results show that the catalytic site arrangement of LPMOs provides a
unique scaffold for highly efficient copper redox catalysis.

■ INTRODUCTION
Enzymes currently known as lytic polysaccharide monoox-
ygenases (LPMOs) catalyze the oxidative scission of glycosidic
bonds and by doing so they boost the activity of classical
polysaccharide-degrading hydrolytic enzymes such as chiti-
nases and cellulases.1−10 LPMO catalytic sites contain a single
copper-ion cofactor11,12 that upon reduction reacts with either
O2 or H2O2 to generate oxygen species that is capable of
abstracting a hydrogen atom from the C1 or the C4 carbon
atom in glycosidic bonds.9,13−16

Initially, LPMOs were thought to be monooxygenases3

(Figure 1A), but recent studies have shown that LPMOs can
also act as peroxygenases15 (Figure 1B) and that this reaction
is faster than the monooxygenase reaction.15−20 The
peroxygenase reaction tends to lead to more enzyme damage
compared to the monooxygenase reaction and may also lead to
reduced catalytic specificity.21 Relatively rapid enzyme
inactivation under peroxygenase conditions may be taken to
indicate that the peroxygenase reaction is not a true LPMO
reaction21 but could also have other explanations, such as sub-
saturating substrate concentrations that leave the enzyme
prone to damaging off pathway reactions with H2O2.

16,20,22

Importantly, under the conditions typically used in LPMO
“monooxygenase” reactions, H2O2 will be generated in situ and

there are indications that the observed reaction rates in such
reactions, typically in the range of a few per minute,17 reflect

Received: June 16, 2021
Revised: October 27, 2021
Published: November 5, 2021

Figure 1. Reaction schemes for monooxygenase (A) and
peroxygenase (B) reaction. The substrate is indicated by R.
Hydroxylation of one of the carbons destabilizes the glycosidic
bond, which, once oxidized, undergoes an elimination reaction leading
to bond breakage.12 Note the potential difference in reductant
consumption between the two reaction schemes. In the peroxygenase
scheme, a once reduced LPMO can carry out multiple reac-
tions,20,36,37 meaning that reductant consumption will be low if
H2O2 is provided externally. If, however, H2O2 is generated in situ
through the reduction of O2, also the peroxygenase reaction will
require two electrons per cycle (O2 + 2e− + 2H+ → H2O2).
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the rate of in situ generation of H2O2, rather than the rate of a
true monooxygenase reaction.23−25 In situ generation of H2O2
may result from LPMO-independent oxidation of the
reductant by O2 and may also involve the LPMO because
LPMOs have oxidase activity.26−28 These two routes toward
H2O2 generation are intertwined in a manner that depends on
both the reductant and the LPMO, whereas the impact of
substrate binding on O2 activation28−30 adds an additional
level of complexity. For example, Stepnov et al.24 showed that
the generation of H2O2 in standard reactions with an AA10
type (bacterial) LPMO (i.e., LPMO + 1 mM reductant) was
almost independent of the LPMO in reactions with gallic acid
(GA), whereas the LPMO increased H2O2 production in
reactions with ascorbic acid (AscA). It is not known whether
the same would apply for the AA9 LPMOs that are abundant
in biomass-degrading fungi.
Understanding LPMOs, which requires the robust assess-

ment of LPMO kinetics, is complicated due to the many
interconnected redox phenomena and catalytic pathways. In
the presence of the substrate, LPMOs catalyze the oxidation of
glycosidic bonds using O2 or H2O2 [mono-oxygenase or
peroxygenase reaction; Figure 1].9,14,15,30 In the absence of a
carbohydrate substrate, LPMOs catalyze the formation of
H2O2 from molecular oxygen (oxidase reaction)24,26 and may
also catalyze reactions of H2O2 with the reducing agent.24,31

The inhibitory effect of the substrate on H2O2 accumulation
may reflect the inhibition of the oxidase reaction,25 as
originally proposed by Kittl et al.,26 but may also reflect the
consumption of the generated H2O2 in a productive LPMO
reaction.15 Next to engaging in oxidase reactions, reduced
LPMOs may act as an H2O2 scavenger in peroxidase-like
reactions.31 Both these non-productive (per)oxidase reactions
may lead to auto-catalytic enzyme inactivation.15,20,22,32

The substrate of most LPMOs is polymeric and insoluble,
which complicates the determination of true substrate
concentrations (i.e., the concentration of productive binding
sites) and generates kinetic complications related to potentially
slow substrate association/dissociation. Slow substrate associ-
ation is of particular importance because a reduced LPMO that
is not bound to the substrate is prone to side reactions that
may consume reactants and lead to enzyme damage, as
outlined above.15,32,33 Interestingly, Hangasky et al.21 showed
that H2O2-consuming horse radish peroxidase (HRP), which
has a soluble substrate, inhibited an LPMO acting on an
insoluble substrate, while having only a minor inhibitory effect
on an LPMO acting on a soluble substrate. This observation
underpins the impact of the substrate on LPMO behavior,
likely including impact on the activation of O2 and/or
H2O2.

25,28−30

In recent years, fungal AA9-type LPMOs active on soluble
substrates have been discovered, including NcAA9C from
Neurospora crassa34,35 and LsAA9A from Lentinus similis.29

These enzymes, acting on a diffusible and easy to analyze
substrate, provide a unique opportunity to kinetically assess the
various LPMO reactions. Here, we present an in-depth kinetic
analysis of NcAA9C acting on cellopentaose, showing that this
enzyme is a fast and specific peroxygenase, capable of reaching
unprecedented high catalytic rates. Similar studies with
LsAA9A revealed differences between the two enzymes but
confirmed that these AA9 type LPMOs are indeed competent
peroxygenases. These results demonstrate the catalytic
potential of the LPMO scaffold, which is higher than what

could be anticipated when the first slow LPMO reactions were
described.

■ MATERIALS AND METHODS

Chemicals. All chemicals were, if not stated otherwise,
purchased from Sigma-Aldrich, Thermo Fisher Scientific or
VWR.

Expression, Purification and Copper Saturation.
Recombinant LPMO expression was done as previously
described by Rieder et al.38 In summary: the genes encoding
LsAA9A (UniProtKB: A0A0S2GKZ1) and NcAA9C (Uni-
ProtKB: Q7SHI8) were codon optimized for Pichia pastoris,
using the online tool provided by Thermo Fisher Scientific and
cloned into the pBSYPGCW14Z plasmid, which facilitates
constitutive expression and employs the native LPMO signal
peptides for secretion. After SmiI linearization, the
pBSYPGCW14Z-LPMO constructs were used for the trans-
formation of killer plasmid-free P. pastoris BSYBG11 (ΔAOX1,
MutS) one-shot ready competent cells (Bisy GmbH,
Hofstaẗten a.d. Raab, Austria) following the manual provided
by the supplier.
For enzyme production, a single yeast colony was used to

inoculate 500 mL of YPD [1% (w/v) Bacto yeast extract (BD
Bioscience, San Jose, CA, USA), 2% (w/v) peptone from
casein (tryptone) (Merck Millipore, Burlington, MA, USA)
and 2% (w/v) glucose]. Incubation was performed over 60 h in
a 2 l baffled shake flask at 120 rpm and 28 °C. The LPMO-
containing supernatant was separated from the cells by
centrifugation at 10,000g for 15 min at 4 °C and filtered
using a 0.22 μm Steritop bottle-top filter (Merck Millipore,
Burlington, MA, USA) prior to the concentration using a
VivaFlow 200 tangential crossflow concentrator (molecular
weight cutoff, MWCO, 10 kDa, Sartorius Stedim Biotech
Gmbh, Germany) and Amicon Ultra centrifugal filters
(MWCO 10 kDa, Merck Millipore, Burlington, MA, USA).
The LPMOs were purified using an Äkta purifier system

(GE Healthcare Life Sciences, Uppsala, Sweden) equipped
with a HiLoad 16/60 Superdex 75 size exclusion column (GE
Healthcare Life Sciences, Uppsala, Sweden) that was
equilibrated in 50 mM BisTris-HCl (pH 6.5), 150 mM
NaCl. The single step size exclusion purification was
performed at a flow rate of 1 mL/min. The protein content
of the fractions was assessed by sodium dodecyl sulfate-
polyacrylamide gel electrophoresis and fractions containing
pure LPMO were pooled.
To ensure the copper saturation of the active site, the

enzyme preparation was incubated for 1 h with a 3-fold molar
excess of CuSO4 at 4 °C in 50 mM BisTris-HCl (pH 6.5) with
150 mM NaCl. Unbound copper was removed by three
repetitions of buffer exchange to 50 mM BisTris-HCl (pH 6.5)
using Amicon Ultra centrifugal filters (MWCO 10 kDa, Merck
Millipore, Burlington, MA, USA). LPMO concentrations were
determined using the Bradford protein assay with a bovine
serum albumin as the standard. The copper saturated and
purified proteins were stored in 50 mM BisTris-HCl (pH 6.5)
at 4 °C until use.
AfAA11B, a chitin-active LPMO from Aspergillus fumigatus

(UniProtKB: Q4WEH3), which will be described in detail
elsewhere, was produced, purified, and copper saturated as
described above for LsAA9A and NcAA9C.38 Copper-saturated
chitin-active bacterial SmAA10A (CBP21) was prepared as
described previously.39
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LPMO Reactions with Soluble Substrates. All solutions
used in activity assays were normal air-saturated solutions.
LPMO reactions typically had a volume of 200 μL and were
prepared in a 1.5 mL reaction tube with a conical bottom.
Standard reactions contained 1 μL LPMO, 1 mM reductant,
and 1 mM cellopentaose (95% purity; Megazyme, Wicklow,
Ireland) in 50 mM BisTris-HCl (pH 6.5). Reactions
supplemented with H2O2 contained typically 0.25 μM enzyme,
300 μM H2O2, 100 μM reductant, and 1 mM of the soluble
substrate. Deviations from standard conditions were required
for some experiments, as indicated in the appropriate figure
legends. Stock solutions of 50 mM AscA (L-ascorbic acid, 99%,
Simga-Aldrich), 10 mM GA (GA monohydrate ≥99%, Sigma-
Aldrich), and 100 mM cysteine (L-cysteine ≥98%, Sigma-
Aldrich) were prepared in ddH2O, aliquoted, and stored at
−20 °C until use. 10 mM stock solutions of H2O2 (37%
Merck) were prepared in pure water (TraceSELECT, Fluka)
and stored at −20 °C until use. The H2O2 concentration was
assessed by measuring the absorbance at 240 nm and using a
molar extinction coefficient of 43.6 M−1 cm−1.
Because the order of mixing the various components of

LPMO reactions matters, we started by mixing H2O, buffer
stock solution, and the substrate followed by the LPMO. After
incubation for 1 min at the desired temperature and rpm, the
reaction was initiated by the addition of the reductant (time
point zero). In case the reaction was supplemented with H2O2
or HRP (Sigma-Aldrich), these were added after the LPMO
but before the pre-incubation step and before the addition of
the reductant. Reactions were incubated either at 37 or 4 °C
and at 750 rpm (ThermoMixer C, Eppendorf, Hamburg,
Germany). For sampling, 25 μL of aliquots were withdrawn
from the main reaction at regular time points. To quench the
reaction and to achieve an appropriate dilution factor for
subsequent HPAEC-PAD analysis of products (see below),
175 μL of 200 mM NaOH were added to each sample. For
quantification with the Dionex ICS6000 system, the dilution
factor was 1:40, due to a higher sensitivity of this system.
Reactions with mannopentaose and xylopentaose (95% purity;
Megazyme, Wicklow, Ireland) were set up and sampled in the
same manner but were diluted 1:4 prior to HPAEC-PAD
analysis.
The presented data points are the average values of at least

three individual replicates and include the standard deviation,
which is shown as a vertical line. Negative control reactions
were performed by leaving out the reductant.

Product Detection and Quantification. Reaction
products were detected using high-performance anion
exchange chromatography with pulsed amperometric detection
(HPAEC-PAD). HPAEC was performed on a Dionex ICS5000
or ICS6000 system. The ICS5000 was equipped with a 3 ×
250 mm CarboPac PA200 analytical column and a CarboPac
PA200 guard column, and cello-oligomer containing samples
were analyzed using a 26 min gradient, as described
previously.24 For analysis with the ICS6000, we used a 1 ×
250 mm CarboPac PA200 analytical column and a guard
column of the same type. The flow rate during analysis was 63
μL*min−1 and the applied gradient was as follows: 1−14 min,
from 1 to 100 mM potassium methanesulfonate (KMSA),
concave; 14−17 min, washing step at 100 mM KMSA; 17−26
min, re-conditioning at 1 mM KMSA.
To assess the LPMO activity on cellopentaose, the

generation of native cellobiose and cellotriose, which would
proportionally increase with the C4-oxidized products, was
quantified. Products from reactions with mannopentaose and
xylopentaose were analyzed using a Dionex ICS5000 system in
the configuration described above. For analysis of manno-
pentaose-containing samples, we used a 26 min gradient for
the cellopentaose-containing samples. In case the reactions
were set up with xylopentaose, we used a 39 min gradient as
described elsewhere.40 Chromatograms were recorded and
analyzed with Chromeleon 7, and plots were made using
Microsoft Excel.

H2O2 Production Assay. Hydrogen peroxide formation
assays were performed as previously described by Kittl et al.26

The reactions were performed in 96-well microplates with 100
μL of 50 mM BisTris/HCl buffer (pH 6.5) containing 1 μM
LPMO, 100 μM Amplex Red (AR), 1% (v/v) DMSO, and
0.025 mg/mL HRP (final concentrations). After 5 min pre-
incubation at 30 °C, the reactions were started by the addition
of the 1 mM reductant (final concentration). The formation of
resorufin was monitored over 30 min at 540 nm using a
Multiskan FC microplate photometer (Thermo Fisher
Scientific, Bremen Germany). Standard solutions for H2O2

quantification were supplemented with the reductant and if
appropriate with 1 mM Glc5 to capture potential side reactions,
as recently explained.19,24 The reductant and Glc5 were added
prior the addition of HRP.

Figure 2. Progress curves showing the apparent monooxygenase (A) and oxidase (B) activity of NcAA9C. Reactions were performed with 1 μM
enzyme and 1 mM of either AscA (blue), cysteine (gray), or GA (orange) in the presence (A) or absence (B) of 1 mM Glc5. The empty symbols in
A (at 240 min only) show the product levels (∼10 μM) found in the control reactions without a reductant. Panel (C) shows control reactions, that
is, LPMO-independent H2O2 accumulation, in reactions with only reductant (dashed lines), or with reductant and 1 mM Glc5 (solid lines).
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■ RESULTS AND DISCUSSION

Reductant Influences the Apparent Monooxygenase
Reaction. It is well known from earlier works that the
reductant has a large impact on the efficiency of O2-driven
LPMO reactions.23,24,41,42 In keeping with the monooxygenase
paradigm, this dependency has been attributed to variation in
the reductant’s ability to deliver electrons to the LPMO. As
outlined above, considering the peroxygenase activity of
LPMOs, it is conceivable that the observed variation also, or
even primarily, reflects the reductant-dependent variation in
the in situ synthesis of H2O2 during the reaction.

23,24 Here, we
addressed the impact of the reductant on NcAA9C by studying
the degradation of cellopentaose in the presence of AscA,
cysteine, or GA. The reactions were performed using classical
aerobic “monooxygenase” conditions with 1 μM enzyme, 1
mM Glc5, and 1 mM reductant.
Figure 2A shows that stable reaction rates were obtained

with AscA and GA, with apparent rate constants (kobs), derived
from the linear part of the progress curves, of 0.05 ± 0.01 and
0.011 ± 0.02 s−1, respectively (Table 1). It is worth noting that
the reaction with 1 mM AscA gave a linear progress curve up
to at least the 800 μM oxidized product, which shows that the
reaction was not O2 limited. The reaction with cysteine
showed the highest initial rate (kobs = 0.06 ± 0.01 s−1), but in
this case product formation halted after approximately half of
the substrate had been degraded. This is not surprising
because, while AscA and GA can donate two electrons per
molecule, cysteine can donate only one, meaning that two
molecules of cysteine are needed per LPMO reaction and that
1 mM of cysteine can only fuel cleavage of 0.5 mM (i.e., half)
of the substrate.
To gain insights into the oxidase activity of NcAA9C and a

possible connection between this activity and the enzyme’s
apparent mono-oxygenase activity, we measured H2O2
production in the absence of the substrate using the AR/
HRP assay, as described previously.24,26 Of note, while this
assay is very useful, it suffers from multiple complications
(discussed in, e.g., refs 19 and 24) that prevent extrapolation of
apparent H2O2 production levels in a reaction without the
substrate (Figure 2B) with expected H2O2 production levels in
a reaction with the substrate (Figure 2A). First, the reductant
suppresses the signal of the HRP assay and this will vary
between reductants. Although the reductant is included in the
standard curve for H2O2, this effect cannot be fully
compensated for.19,24 Second, H2O2 may react with the
reductant (meaning that H2O2 levels will be underestimated)
and this reaction may be promoted by HRP to an extent that
differs between the reductants; this situation will be entirely
different in a reaction with the substrate, where the productive
LPMO reaction will outcompete slower background reactions

with the reductant. Finally, as alluded to above, the presence of
the substrate inhibits the oxidase activity of the LPMO.25,26,34

Figure 2B and the derived reaction rates (Table 1) show that
apparent H2O2-production rates vary between the reductants,
showing trends that align well with apparent mono-oxygenase
reaction rates (Figure 2A; Table 1). The apparent mono-
oxygenase activity is about 5 times higher with AscA and
cysteine than with GA. The variation in the apparent oxidase
rates shows a similar trend, but in this case, the rate difference
between AscA/cysteine and GA is about 10-fold. For all
reductants, the apparent mono-oxygenase activity is 3 to 5
times higher than the apparent oxidase activity, which could
indicate that we indeed are observing mono-oxygenase activity
in a reaction that is not limited by the generation of H2O2.
However, this phenomenon could also be due to the
underestimation of H2O2 production for reasons described
above, and addressed further below, or be caused by an
additional source of H2O2 in reactions with the substrate, Glc5,
as discussed below.
Intrigued by the difference between the apparent mono-

oxygenase and oxidase activities, we investigated a possible
effect of 1 mM Glc5 on H2O2 production in reactions with
standard amounts of all three reductants. The obtained results
show that, for reactions with AscA and cysteine, incubation of
Glc5 with the reductant led to strongly increased H2O2
production, relative to reactions with only reductant (Figure
2C). The apparent H2O2 production rates in these reactions
were not unlike the rates obtained in reactions with the
reductant and LPMO (Figure 2B) and are thus quite
significant (Table 1). This unexpected effect of Glc5 could
be due to the presence of transition metals, likely copper,
which would enhance H2O2 production through the oxidation
of AscA24,43 and cysteine,44 but not necessarily of GA24

because GA is more likely to form complexes with Cu(II)
rather than reducing it.45 This additional source of H2O2 helps
to close the gap observed between the rates of the apparent
mono-oxygenase and oxidase activities.
Of note, the results depicted in Figure 2 show that the

combination of NcAA9C and GA is not suitable for the
assessment of LPMO oxidase activity by the AR/HRP assay as
the apparent rate of H2O2 production in reactions with GA
alone (Figure 2C, Table 1) is higher that the apparent oxidase
activity in reactions with GA and the LPMO (Figure 2B; Table
1). In this case, the assay is flawed due to the ability of
NcAA9C to engage in a H2O2-consuming side reaction with
GA, as described by Breslmayr et al.31 Of note, in a LPMO
reaction mixture containing Glc5, side reactions with GA will
be outcompeted by the peroxygenase reaction with Glc5, which
is faster, as shown below.
A recent study on a cellulose-active AA10-type LPMO with

AscA and GA as reductants showed that the LPMO had little

Table 1. Apparent Rate Constants (s−1) for Reactions Catalyzed by NcAA9C, with Three Different Reductantsa

mono-oxygenase
(Figure 2A; 1 mM

reductant, 1 mM Glc5,
O2)

oxidase (Figure 2B;
1 mM reductant, O2,

no substrate)

O2 reduction, reductant only, with
substrate (Figure 2C; 1 mM reductant,

1 mM Glc5, O2, no LPMO)

O2 reduction, reductant
only (Figure 2C; 1 mM
reductant, O2, no LPMO)

peroxygenase (Figure 4A;
0.1 mM reductant, 1 mM
Glc5, 300 μM H2O2, O2)

AscA 0.05 ± 0.01 0.017 ± 0.001 0.016 ± 0.000 0.0004 ± 0.0001 ∼70b

GA 0.011 ± 0.002 0.002 ± 0.001 0.004 ± 0.000 0.0040 ± 0.0009 ∼25b

cysteine 0.06 ± 0.01 0.019 ± 0.000 0.017 ± 0.000 0.0026 ± 0.0002 ∼6
aThe values presented are derived from the progress curves shown in Figures 2 and 4 and are either estimates based on the first time point
(peroxygenase reaction) or represent the average of three individual replicates (mono-oxygenase and oxidase reaction). bThe shape of the progress
curve in Figure 4A shows that this rate is underestimated.
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effect on H2O2 production, which was dominated by the
LPMO-independent oxidation of the reductant.24 Table 1
shows that the situation for NcAA9C is different. In this case,
the LPMO may contribute considerably to apparent H2O2
production in reactions with cysteine and AscA (compare
“oxidase” with “O2 reduction, reductant only”). In the case of
AscA, the LPMO speeds up the H2O2 production rate by some
40-fold, whereas the increase is some 7-fold for cysteine.
Similar comparisons for GA could not be made due to the
technical issues discussed above.
If it is the in situ generation of H2O2 that is limiting the

apparent mono-oxygenase reaction in the presence of GA, it
should be possible to inhibit the LPMO reaction with another
H2O2-consuming enzyme. Indeed, both Bissaro et al.15 and
Hangasky et al.21 have shown that LPMO reactions with
insoluble substrates under “mono-oxygenase conditions” are
inhibited when adding HRP and its substrate, AR. While
Hangasky et al. did not observe similarly strong inhibition in a
reaction with a soluble substrate, Figure 3 shows that HRP

strongly inhibits the GA-driven activity of NcAA9C on Glc5. A
similar degree of inhibition was observed in the reaction-
containing HRP but lacking AR, indicating that HRP can
oxidize GA, which is not surprising considering the literature
data.46 Of note, it is highly unlikely that the LPMO inhibition
in the presence of HRP is driven by reductant depletion rather
than by competition for H2O2, given the high (1 mM)
reductant concentration used in the experiment. Note that the
observed side reaction between HRP and GA will also occur in
the AR/HRP assay, contributing to the underestimation of the
apparent H2O2 production rates derived from Figure 2.
Peroxygenase Reaction Is Dependent on the Reduc-

tant. To assess the influence of AscA, GA, and cysteine on the
peroxygenase activity of NcAA9C, we monitored the
consumption of Glc5 in reactions that contained 300 μM
H2O2 (Figure 4A). In the presence of the 100 μM reductant,
we observed apparent rate constants of ∼70, ∼25, and ∼6 s−1

for AscA, GA, and cysteine, respectively, where the first and the
second values are underestimated as a major part of H2O2 was
consumed at the first time point. These rates are 100−2300
times higher than the apparent monooxygenase rates (Table
1). The progress curve for the reaction with AscA shows that

the reaction is limited by the availability of H2O2 as product
formation levels of at about 300 μM of the product, reflecting a
1:1 ratio with the added H2O2. It is worth noting that these
reactions were monitored by measuring the generation of
cellobiose and cellotriose, which means that uncertainties
related to the instability of C4-oxidized products40 were
avoided. It is also worth noting that reactions with a starting
concentration of 300 μM H2O2 would lead to rapid LPMO
inactivation in reactions with an insoluble substrate15 but that
in the present case, with a rapidly diffusing soluble substrate,
stoichiometric catalytic conversion of the H2O2 was achieved.
To investigate if the availability of the reductant is rate

limiting, the experiments depicted in Figure 4A are redone
with 1 mM (i.e., 10-fold more) reductant concentrations. By
doing so, the already high and most certainly underestimated
rate for the reaction with AscA increased slightly, whereas the
reaction with GA became approximately twice as fast. While
this clearly shows that the reductant to some extent limits, the
very high rates of these peroxygenase reactions (note the
difference in time scale with the mono-oxygenase reactions of
Figure 2), increasing the amount of the reductant had no effect
on the (lower) rate of the reaction with cysteine (results not
shown). The lower activity with cysteine was not due to H2O2
scavenging by the reductant, as an addition of 0.1 mM cysteine
to a reaction with 0.1 mM AscA did not affect product
formation (Figure 4B), which shows that all the added H2O2
was used by the LPMO. This result is in line with the literature
data showing that, while cysteine can react with H2O2, the rate
of this reaction is orders of magnitude lower47 than the rate of
the peroxygenase reaction of NcAA9C. Possibly, the reduction
of copper by cysteine leads to the formation of a relatively
stable cuprous thiolate complex48 that limits LPMO reactivity
under “fast” peroxygenase conditions, whereas this inhibitory
effect could remain unnoticed under much slower mono-
oxygenase conditions. Of note, even with cysteine, a kobs of ∼6
s−1 is still much higher than typical kobs values for mono-
oxygenase reactions.
These results show that the peroxygenase reaction of

NcAA9C is much faster than the apparent mono-oxygenase
reaction (Table 1), which implies that minor variations in the

Figure 3. HRP inhibition for reactions with NcAA9C and GA.
Progress curves showing product formation by 1 μM LPMO in the
presence of 1 mM GA and 1 mM Glc5 with no supplementation
(orange) or supplemented with 100 μM AR (yellow) or 2 μM HRP
(green) or both (purple). Note that the HRP reaction does not
depend on AR because GA is a substrate for HRP (see text). Dashed
lines connect points with values that were close to the limit of
detection.

Figure 4. Peroxygenase reactions with NcAA9C. (A) Time course
experiments showing the impact of AscA (blue), cysteine (gray), and
GA (orange) on the peroxygenase reaction catalyzed by NcAA9C.
Reaction mixtures containing 0.25 μM enzyme, 300 μM H2O2, 100 or
1000 μM reductant and 1 mM Glc5 were incubated at 37 °C and
reactions were started by adding the reductant. No products were
detected in control reactions without an added reductant. (B)
Product formation in a reaction with 0.25 μM NcAA9C, 300 μM
H2O2, 1 mM Glc5, 0.1 mM AscA, and 0.1 mM cysteine. Note that this
reaction was incubated at 4 °C, hence the slower rate compared to
panel A.

Biochemistry pubs.acs.org/biochemistry Article

https://doi.org/10.1021/acs.biochem.1c00407
Biochemistry 2021, 60, 3633−3643

3637

https://pubs.acs.org/doi/10.1021/acs.biochem.1c00407?fig=fig3&ref=pdf
https://pubs.acs.org/doi/10.1021/acs.biochem.1c00407?fig=fig3&ref=pdf
https://pubs.acs.org/doi/10.1021/acs.biochem.1c00407?fig=fig3&ref=pdf
https://pubs.acs.org/doi/10.1021/acs.biochem.1c00407?fig=fig3&ref=pdf
https://pubs.acs.org/doi/10.1021/acs.biochem.1c00407?fig=fig4&ref=pdf
https://pubs.acs.org/doi/10.1021/acs.biochem.1c00407?fig=fig4&ref=pdf
https://pubs.acs.org/doi/10.1021/acs.biochem.1c00407?fig=fig4&ref=pdf
https://pubs.acs.org/doi/10.1021/acs.biochem.1c00407?fig=fig4&ref=pdf
pubs.acs.org/biochemistry?ref=pdf
https://doi.org/10.1021/acs.biochem.1c00407?urlappend=%3Fref%3DPDF&jav=VoR&rel=cite-as


levels of in situ H2O2 generation will have dramatic effects on
the low rates of the latter reaction. Within the time scale of the
peroxygenase reaction, the main contribution of the reductant
is to keep the LPMO reduced (i.e., catalytically competent)
and our data reveal differences between the reductants in this
respect. While the experiments with polymeric substrates have
shown that once reduced LPMOs may catalyze 15−20
peroxygenase reactions before being re-oxidized,20,36,37 the
re-oxidation frequency, and, thus, the reductant dependency
may be higher in the case of a soluble substrate, which will
bind less strongly and, upon binding, create less confinement
of the copper site, thus increasing the chances for side
reactions that involve copper reoxidation and the loss of
electrons.
Kinetics of the LPMO-Catalyzed Peroxygenase Re-

action. To gain more insights into the peroxygenase reaction,
we performed Michaelis−Menten kinetics (Figure 5A). The

underlying linear progress curves covered Glc5 concentrations
ranging from 75 to 2500 μM and reactions were run at 4 °C to
obtain manageable product formation rates. This setup
resulted in a hyperbolic curve, yielding a Km (for Glc5) of
2.1 ± 0.3 mM, a kcat of 124 ± 27 s−1, and a kcat/Km of 5.9*104

M−1 s−1 (Figure 5A). This kcat value, determined at 4 °C, is 2.5
× 103-fold higher than the kobs value for the apparent mono-
oxygenase reaction with AscA described above (37 °C), 1.1 ×
103-fold higher than the kcat value reported for LsAA9A acting
on an analogue of Glc4 in a mono-oxygenase setup with AscA
(37 °C),29 and 19-fold higher than the kcat reported for a
peroxygenase action on chitin nanowhiskers by a bacterial
AA10-type LPMO at 25 °C.18 The Km measured for NcAA9C
of ∼2 mM is comparable to a Kd of 0.81 ± 0.08 mM that
Borisova et al.35 measured for the same enzyme binding to Glc6
under non-turnover conditions.
To further substantiate the strikingly high catalytic rate of

NcAA9C, we then conducted additional initial rate measure-
ments to obtain kobs values that would be more reliable than
those obtained from the non-linear progress curves shown in
Figure 4A. To do so, we decreased the reaction temperature to
4 °C and increased the H2O2 concentration to 600 μM to
ensure that the oxygen-donating substrate would not become
limiting within seconds. The resulting progress curve for the
reaction with AscA (Figure 5B) showed the formation of 600
μM products within 30 s showing that the reaction was limited
by the availability of H2O2. Based on the first 20 s of the
experiment (R2 = 0.95), we calculated a kobs of 90.8 ± 3.6 s−1.
As expected, based on Figure 4A, the reaction with GA was
slower. This reaction showed a linear increase in the product
level and gave a kobs of 10.7 ± 0.3 s−1 (Figure 5B). Of note,
these rates were obtained using sub-saturating substrate
conditions as the used Glc5 concentration was just about
50% of the measured Km. Still the obtained kobs of ∼90 and
∼11 s−1 for NcAA9C in combination with AscA and GA,
respectively, represent the two highest rates ever measured for
the LPMO-catalyzed oxidation of a carbohydrate substrate.

AA9 LPMOs Acting on Soluble Substrates Have
Different Properties. One of the other AA9 LPMOs
known to act on soluble substrates is LsAA9A.29 A previous
kinetic characterization of this enzyme using a Förster-
resonance energy-transfer (FRET) substrate analogue of Glc4
as a substrate and mono-oxygenase conditions (5 mM AscA,

Figure 5. Kinetics of the NcAA9C-catalyzed peroxygenase reaction
with Glc5. (A) Michealis−Menten kinetics showing the dependency
of the catalytic activity on the Glc5 concentration. The rates were
derived from linear progress curves and the dashed line shows the fit
to the Michalis−Menten equation. Reactions were set up with a 0.25
μM enzyme and 600 μM H2O2 at 4 °C and were started by adding 0.1
mM AscA (note that the Km for H2O2 is expected to be below 10
μM18). (B) Progress curves for the peroxygenase reaction at 4 °C.
The data points show product formation in a reaction with 0.25 μM
NcAA9C, 600 μMH2O2, 1 mM Glc5, and either 1 mM AscA (blue) or
GA (orange) that was incubated at 4 °C.

Figure 6.Mono-oxygenase, peroxygenase, and oxidase activity for LsAA9A. Mono-oxygenase (A) and oxidase (B) reactions were performed with 1
μM LPMO and either 1 mM AscA (blue), cysteine (gray), or GA (orange) in presence (A) and absence (B) of 1 mM Glc5. The empty symbols in
A (at 360 min only) show the product levels found in the control reactions without a reductant. For the peroxygenase reactions shown in panel
(C), we lowered the enzyme concentration to 0.25 μM and added 300 μMH2O2 with the same reductants as used for the mono-oxygenase reaction
at concentrations of either 100 or 1000 μM at 37 °C. In panel C, the points for the reaction with 100 μM GA and cysteine, respectively, are hidden
by the points for the reaction with 1000 μM GA; the reaction with 1000 μM cysteine yielded the same curve as the reaction with 100 μM and is not
shown, for clarity.
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no added H2O2) yielded a kcat = 0.11 ± 0.01 s−1, that is, a
typical value for LPMOs acting in the “mono-oxygenase
mode”, and in the same range as apparent oxidase and mono-
oxygenase rates reported here for reactions with AscA (Table
1). The obtained Km value of 43 ± 9 μM is remarkably low,
compared to, for example, the Km for Glc5 cleavage by
NcAA9C reported above and suggests high substrate affinity,
which could perhaps be due in part to the presence of aromatic
groups that appear at the reducing and non-reducing ends of
the FRET substrate analogue.
Our studies confirmed high substrate affinity, albeit not

necessarily specific, as we observed increasing substrate
inhibition (i.e., an increasing reduction of LPMO activity) at
Glc5 concentrations above 0.1 mM (results not shown). Due to
this substrate inhibition, a quantitative comparison of the
catalytic properties of the two LPMOs is not straightforward.
Assays identical to those described above for NcAA9C showed
apparent mono-oxygenase and oxidase rates in the same order
of magnitude and confirmed the considerable impact of the
reductant of LPMO activity (Figure 6; Table 2). The most
notable difference is that H2O2 production by LsAA9A in the
presence of AscA is less efficient compared to NcAA9C
(Figures 2B and 6B). Accordingly, the AscA-driven apparent
mono-oxygenase reaction is slower, making cysteine the clearly
most efficient reductant for this LPMO in a “mono-oxygenase”
setup (Figure 6A).
The peroxygenase reactions were slower than for NcAA9C,

possibly due to substrate inhibition (Figure 6C). Still, the
apparent rates recorded for reactions with two concentrations
of AscA (Table 2) are 35−141 times higher than the previously
determined kcat for an apparent mono-oxygenase reaction29

and 280−1100 times higher than the apparent mono-
oxygenase reaction rates determined here. For this LPMO,
peroxygenase reactions with both cysteine and GA were
relatively slow and not or hardly dependent on the reductant
concentration. Still, these rates were some 10 and 100 times
higher than the determined apparent mono-oxygenase rates
(Table 2).
It is interesting to note that the efficient peroxygenase

reaction catalyzed by LsAA9A in the presence of AscA was
much more dependent on the reductant concentration (Figure
6C; Table 2) compared to NcAA9C (Figure 2). This reflects
that, compared to NcAA9C, LsAA9A is more prone to
oxidation and a subsequent need for re-reduction. Substrate
binding and the resulting confinement of the reduced catalytic
copper form a major determinant of the degree of non-
productive LPMO oxidation. The data could thus indicate that
LsAA9A binds the substrate less for firmy or less precisely,
where the first option is in conflict with the previously reported
low Km value. A more oxidation-prone copper site in the
enzyme−substrate complex would also translate into decreased
enzyme stability at higher H2O2 concentrations, as non-

productive reactions between the reduced enzyme and H2O2
may lead to oxidative damage.15 Indeed, Figure 7 shows that

LsAA9A is more sensitive to H2O2-induced damage than
NcAA9C. While product formation by NcAA9C first started
decreasing at 1000 μM, the highest tested H2O2 concentration,
LsAA9A, showed signs of enzyme inactivation already at 250
μM (Figure 7).
As a cautionary note, we cannot exclude that the non-natural

glycosylation of the Pichia-produced LPMOs may affect their
properties. Considering the predicted location of glycosylation
sites and the crystal structure of the Pichia-produced protein,35

such an effect of glycosylation can be excluded for NcAA9C.
Based on the predicted glycosylation sites, glycosylation effects
on the interaction between LsAA9A and Glc5 seem unlikely
but cannot be excluded. Assuming that glycosylation effects do
not play a role, the comparison of the results obtained for
NcAA9C and LsAA9A show two important things. First, the
data reveal functional differences between these two C4-
oxidizing cellulose-active LPMOs, which are reductant depend-
ent. Because soluble cello-oligomers can easily be degraded by
hydrolytic enzymes, it is not likely that nature has evolved
LPMOs for the purpose of cleaving these compounds (as also
suggested by the high Km value for NcAA9C). Therefore, we
hypothesize that the functional differences between NcAA9C
and LsAA9A should be considered as a proxy for hitherto
undescribed differences in substrate preferences that relate to
the structural and compositional complexity of the true
biomass. Second, while our studies show quite different
peroxygenase reaction rates and reductant dependencies for

Table 2. Apparent Rate Constants (s−1) for the Oxidation of 1 mM Glc5 by LsAA9A under Various Conditionsa

mono-oxygenase (Figure
6A; 1 mM reductant,
1 mM Glc5, O2)

oxidase (Figure 6B;
1 mM reductant, O2, no

substrate)

O2 reduction, reductant only
(Figure 2C; 1 mMreductant,

O2, no LPMO)

peroxygenase (Figure 6C;
0.1 mM reductant, 1 mM Glc5,

300 μM H2O2, O2)

peroxygenase (Figure 6C;
1 mM reductant, 1 mM Glc5,

300 μM H2O2, O2)

AscA 0.014 ± 0.002 0.006 ± 0.000 (35%) 0.0004 ± 0.0001 5.8 ± 2.3 23.4 ± 4.2
GA 0.006 ± 0.001 0.002 ± 0.000 (100%) 0.0040 ± 0.0009 0.1 ± 0.0 0.4 ± 0.1
cysteine 0.029 ± 0.001 0.018 ± 0.000 (95%) 0.0026 ± 0.0002 0.3 ± 0.1 0.2 ± 0.1

aThe values presented are estimates derived from the progress curves shown in Figure 6. The oxidase values are also expressed as a percentage of
the oxidase value observed for NcAA9C (Table 1). Other quantitative comparisons between the two LPMOs are not straightforward due to the
occurrence of substrate inhibition in the reactions with LsAA9A.

Figure 7. Sensitivity of NcAA9C and LsAA9A for oxidative damage.
The graph shows product levels obtained after a 2 min reaction
containing 1 mM AscA and various amounts of H2O2. Reaction
mixtures containing 1 μM LsAA9A (purple) or 1 μM NcAA9C (blue),
1 mM Glc5, and varying H2O2 concentrations (25−1000 μM) were
pre-incubated for 1 min, after which the reaction was started by
adding the reductant. In reactions not showing signs of enzyme
inactivation, product levels were slightly higher than the amount of
added H2O2 due to the combination of AscA-mediated H2O2
generation and a small systematic error in the concentration of the
H2O2 stock solution.
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NcAA9C and LsAA9A and they suggest that Glc5 is not an
optimal substrate for LsAA9A, all the observed peroxygenase
rates are much higher than any reported apparent rate for
apparent mono-oxygenase reactions.
LPMO-Catalyzed Peroxygenase Reaction Is Specific.

Previously, it has been claimed that the addition of H2O2 to
LPMO reactions results in a loss in specificity21 and some
argue that this shows that H2O2 is not a bonafide co-substrate
for LPMOs and that, thus, LPMOs are not bonafide
peroxygenases. In the present study, we used high H2O2
amounts that were stoichiometrically used to convert
cellopentaose to cellobiose and cellotriose. This shows that
there is little, if any, random oxidation of the substrate and that
the reaction is specific (Figure 8).
To further assess specificity, we set up aerobic reactions with

1 μM LsAA9A or 1 μM NcAA9C with either 1 mM
xylopentaose (Xyl5) or 1 mM mannopentaose (Man5) as a
substrate (Figure S1; Figure S2). The conditions used were as

follows: (i) 1 mM AscA (“mono-oxygenase” conditions), (ii)
20 μM H2O2 and 20 μM AscA, or (iii) 300 μM H2O2 and 100
μM AscA. Note that the latter reaction conditions would lead
to very fast (within < 1 min) conversion of Glc5 by NcAA9C
(Figure 4A). Additionally, we tested well-characterized chitin-
active SmAA10A3 and a recently described chitin-active AA11,
called AfAA11B38 for their ability to oxidize 1 mM Glc5 using
the same reaction conditions (Figure S3).
None of these reactions yielded a detectable turnover of the

substrate, except the positive control reactions with NcAA9C
or LsAA9A and Glc5 (Figure S3). We were not able to detect
any degradation products by MALDI-TOF MS, whereas the
HPAEC-PAD chromatograms only showed a few minimal
signals that could indicate a low level of an oxidative cleavage
of xylopentaose, which, for LsAA9A, would be in accordance
with a previously observed weak xylan-degrading ability.49

Crystallographic studies have shown that xylopentaose binds
atypically to LsAA9A, leaving a not properly confined copper

Figure 8. HPAEC-PAD chromatograms showing product formation in reactions with NcAA9C and Glc5, using mono-oxygenase (A) or
peroxygenase (B) setup. Chromatograms for the mono-oxygenase reaction (1 μM LPMO, 1 mM AscA, and 1 mM Glc5 at 37 °C) and peroxygenase
reaction (0.25 μM LPMO, 600 μM H2O2, 1 mM AscA, and 1 mM Glc5 at 4 °C) are shown as lines in gradations of gray and black. The
chromatograms correspond to the time course experiments shown in Figures 2A and 5B, respectively. The red lines show the chromatograms of the
appropriate control reaction without a reductant, after incubation for 240 min (A) or 60 s (B). The blue chromatograms show the Glc2 + Glc3
standard.
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site prone to engaging in potentially enzyme-inactivating side
reactions.10,49 One would thus expect rapid enzyme
inactivation in reactions with large amounts of H2O2, which
could explain why, if at all present, only trace amounts of
LPMO products were observed.
The main take home message of these experiments is that

the addition of H2O2 at low or high concentration, in
combination with different concentrations of AscA, does not
result in a loss of substrate specificity. The chromatograms and
mass spectra for the peroxygenase reactions did not show any
conspicuous features compared to the negative controls or the
chromatograms for the apparent mono-oxygenase reactions.

■ CONCLUDING REMARKS
The experiments described above show two important aspects
of LPMO enzymology. First, they illustrate that it is
complicated to properly assess LPMO catalysis experimentally,
due to the plethora of interconnected (side) reactions. Many of
these complications emerged in our experiments and by
studying multiple reductants, each with its own peculiarities,
we were able to overcome most of these complications and
generate insights into LPMO catalysis. Second, we show that
LPMOs, when acting on rapidly diffusing soluble substrates
and provided with H2O2, indeed are very efficient perox-
ygenases. We observed a stoichiometric conversion of high
starting amounts of H2O2 that would lead to rapid LPMO
inactivation in reactions with an insoluble substrate. Our data
for reactions with soluble substrates show that the
peroxygenase reaction is stable and specific.
We observed a correlation between the H2O2-producing

potential of an LPMO-reductant combination and the
observed apparent monooxygenase activity, which supports
the idea that, under these conditions, the rate of the apparent
monooxygenase reaction may reflect the rate of an H2O2-
limited peroxygenase reaction, as originally suggested by
Bissaro et al.15 This is supported by the strong inhibitory
effect of HRP on the LPMO reaction. We cannot exclude that
a monooxygenase reaction also occurs, and it is well known
that reduced LPMOs react with O2.

13,26 It is also known that
this reaction may be influenced by substrate binding.29,30 The
rates of the two reactions vary a lot for both soluble and
insoluble substrates (refs 16−19; this study) and here, we
show that peroxygenase reactions with a soluble substrate may
reach rates in an order of 100 s−1.
Notably, our data indicate that the oxidase activity of the

AA9 type LPMOs studied here is higher that the oxidase
activity of a previously studied AA10 type LPMO.24 This could
imply that, compared to AA10 LPMOs, the AA9 LPMOs are
more active under monooxygenase conditions than AA10
LPMOs because they generate more H2O2. However, the
extrapolation of oxidase activities measured in the absence of
the substrate to oxidase activities under turnover conditions is
not straightforward because of the impact of substrate binding
on oxidase activity.25 Further studies are warranted to study
whether the observed difference in oxidase activity is general
and to identify its structural determinants. It is also worth
noting that in systems where the LPMO peroxygenase reaction
is driven by the oxidase activity of the LPMO itself, the nature
of the reductant will have a decisive impact on LPMO
efficiency.
Our study revealed differences between NcAA9C and

LsAA9A, which suggests that these enzymes have different
substrate specificities and biological roles. It is important to

realize that laboratory experiments with substrates such as Glc5
or pure cellulose only give limited insights into the true role of
an LPMO during fungal biomass conversion.
The most important and novel findings of the present study

is that the unique LPMO scaffold enables highly efficient
copper-catalyzed peroxygenase reactions with a soluble
substrate. This high efficiency may in part be due to the
copper site being exposed and rather rigid, with an open
coordination position for co-substrate binding.50 Thus, as
originally pointed out by Kjaergaard et al.,13 catalysis requires
little reorganization energy, which may contribute to efficiency.
It is encouraging that high specificity and high catalytic rates
were achieved with what seems to be a low affinity substrate. It
may be possible to engineer similar or better affinities for
other, perhaps non-carbohydrate, substrates, which eventually
could endow these powerful enzymes with the ability to
catalyze efficient peroxygenation of such substrates. Further-
more, the unique peroxygenase chemistry of these mono-
copper enzymes may open new avenues for the future design
of enzyme-inspired synthetic copper catalysts.
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